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Abstract

:

Fungi are increasingly recognised as being able to inhabit extreme environments. The deep sea is considered an extreme environment because of its low temperatures, high hydrostatic and lithostatic pressures, 3.5% salinity, and low oxygen, nutrient and light availability. Fungi inhabiting the deep sea may have evolved to produce proteins that allow them to survive these conditions. Investigation and characterisation of fungal lignocellulolytic enzymes from extreme environments like the deep sea is needed, as they may have unusual adaptations that would be useful in industry. This work, therefore, aimed to profile in detail the lignocellulolytic capabilities of fungi isolated from deep-sea sediments in the Atlantic Ocean, and a comparative lignocellulolytic terrestrial isolate. The isolates were strains of Emericellopsis maritima, Penicillium chrysogenum, P. antarcticum and Talaromyces stollii. Lignocellulolytic enzyme induction was achieved using liquid-state fermentation (LSF) with wheat bran as the main carbon source, while enzyme characteristics were evaluated using biochemical assays and gel-based proteomics. This study revealed that the isolates were halotolerant, produced xylanase over wide pH and temperature ranges, and produced a variety of glycoside hydrolase and feruloyl esterase activities. The T. stollii secretome demonstrated remarkable levels of exo-glycoside hydrolase activity, with xylanase activity optimum between pH 1.5–6.0 and temperatures between 1–60 °C, making this isolate an ideal candidate for biotechnological applications. This study is the first to quantitatively characterise xylanase activities and exo-glycoside hydrolase activities secreted by E. maritima, P. antarcticum and a marine T. stollii strain. This study is also the first to quantitatively characterise xylanase activities by a marine strain of P. chrysogenum during LSF.






Keywords:


lignocellulose-degrading enzymes; enzyme induction; marine fungi; proteomics; xylanase; Penicillium chrysogenum; Penicillium antarcticum; Talaromyces stollii; Emericellopsis maritima; CAZymes












1. Introduction


In recent years, interest in the discovery and characterisation of novel bioactive compounds and enzymes from microorganisms inhabiting extreme environments has increased. Extreme environments such as the desert, the Antarctic and Arctic poles, and the deep sea have been explored to this end [1]. While bacteria and archaea from extreme environments have been investigated extensively, fungi are now gaining more attention, as they are increasingly recognised as being able to inhabit severely inhospitable conditions, showing resilience and adaptability that may surpass that of prokaryotes [2,3,4].



The deep sea is considered an extreme environment because temperatures go below 5 °C, the water column pressure is high (increase in 105 Pascal for every 10 m increase in depth) and the salinity is at 3.5%. Additionally, the availability of oxygen, nutrients and light is low. These conditions place extreme physiological pressure on microbial growth and metabolism.



Due to the nature of these environments, it is likely that fungi inhabiting the deep sea have evolved to produce proteins that allow them to survive in these extreme conditions, thus having a biological advantage over terrestrial fungi [5,6,7]. Furthermore, it has been shown that cultured isolates from the deep sea do not have any practical disadvantage to their terrestrial counterparts in terms of their ability to grow and be cultured (no special conditions are required), and, therefore, if the strains prove to be useful, for example, in industrial applications, there would be no practical issues when compared to terrestrial strains [7].



Fungi from the deep sea have been found in many studies to produce novel bioactive compounds of medical interest such as polyketides [8], terpenoids [9], alkaloids and steroids [10]. Less attention, however, has been given to their ability to produce lignocellulose-degrading enzymes.



Fungi are well established as excellent producers of lignocellulolytic enzymes [11]. The most abundant source of biomass on the planet is lignocellulose [12], which is made up of cellulose, hemicellulose and lignin and forms a recalcitrant matrix [13,14]. With the increase in demand for more efficient, powerful and diverse lignocellulose-degrading enzymes in industry, investigation and characterisation of fungal lignocellulolytic enzymes from extreme environments like the deep sea is needed, as they may prove to have unusual adaptations that would be useful in biotechnological applications [7]. For example, if the lignocellulose matrix could be degraded in a cost- and energy-efficient and environmentally friendly manner, it would make it possible to use abundant lignocellulosic wastes as feedstocks for the production of biofuels like methane or ethanol on a far wider scale than they are at present [15,16].



Other applications for novel lignocellulolytic enzymes from the deep sea could be in the preparation of paper pulp, which is carried out under alkaline conditions. The ocean has an average pH of 8.1 and enzymes functioning in alkaline conditions from deep-sea fungi have been discovered and characterised [17,18,19]. Lignocellulolytic and proteolytic enzymes from deep-sea fungi have also been reported with functionality at low temperatures [7,18], which could reduce the cost of heating during bioprocesses in the industry. However, it appears that we have just uncovered ‘the tip of the iceberg’, with relatively few studies of fungal deep-sea lignocellulolytic enzymes having been carried out to date.



The five marine fungal isolates characterised in this study were isolated from sediments sampled from Porcupine Bank, at the edge of the West European Continental Shelf in the North Atlantic Ocean [3], and were identified as strains of P. chrysogenum, E. maritima, T. stollii and P. antarcticum.



Emericellopsis sp. from the marine environment is of interest in relation to biomass degradation because they have been shown using DNA sequencing methods to possess a large arsenal of CAZyme (carbohydrate-active enzyme)-encoding genes. For example, the genome of E. atlantica which was recently sequenced has been shown to possess a large repertoire of CAZymes [20]. Emericellopsis sp. TS7 has also been shown using solid-state fermentation to produce xylanase and CMCase activities functional over wide temperature and pH ranges [7]. However, to date, no secretome from E. maritima has been quantitatively characterised for its xylanase and exo-glycoside hydrolase activities.



P. chrysogenum is well established as being an efficient degrader of lignocellulosic biomass [21,22,23,24,25]. However, marine P. chrysogenum strains have not been well studied to date for this application. To the best of the authors’ knowledge, no secretome from a marine strain of P. chrysogenum has been quantitatively characterised for its xylanase activities during LSF.



Research published relating to P. antarcticum has been limited in general and has focused previously on meroterpenoid discovery, molecules that have been shown to have anticancer activities [26,27]. To date, there has been no research carried out on the lignocellulolytic enzymes secreted by a strain of P. antarcticum, to the best of the authors’ knowledge.



Strains of T. stollii are of interest in relation to biomass degradation. The recently sequenced genome of the terrestrial T. stollii strain CLY-6 is reported to encode a large repertoire of glycoside hydrolases, totalling 358 [28]. However, strains of T. stollii from extreme environments have not previously been studied, and these may have adaptations to their harsh environments that could benefit industrial processes, making it worthwhile to study such strains.



This work, therefore, aims to profile in detail the lignocellulolytic capabilities of selected fungi from the deep sea, including xylanase, cellulase and phenol oxidase/peroxidase activities. Here, we report the induction and characterisation of an array of lignocellulolytic enzymes secreted by marine fungi isolated from deep-sea sediments in the Atlantic Ocean, and a comparative novel terrestrial P. chrysogenum isolate. Lignocellulolytic enzyme induction was achieved using liquid-state fermentation (LSF) on wheat bran (WB), a cheap agricultural by-product, while the profile of secreted lignocellulolytic enzymes was characterised using biochemical approaches and gel-based proteomics.




2. Materials and Methods


2.1. Fungal Isolates Used


Culturable fungal isolates were isolated and purified from deep-sea sediments 900–2000 metres (m) in depth in the Atlantic Ocean off the northwest Irish coast, and the processes of sample collection, isolation and identification of the fungal isolates from deep-sea sediments were described in the Materials and Methods section from reference [3]. The isolates used in this study from the deep sea were E. maritima strains SFI-F16 and SFI-D6 (GenBank accession codes MT535805 and MT535802), P. chrysogenum strain SFI-D13 (GenBank accession code MT535821), P. antarcticum strain SFI-F25 (GenBank accession code MT535816) and T. stollii strain SFI-F17 (GenBank accession code MT535842). The comparative novel lignocellulolytic terrestrial isolate was an in-house isolate of P. chrysogenum denoted strain BBW2.




2.2. Cultivation of Fungi and Supernatant Harvesting


The isolates were cultivated as described in [29], with modifications. The isolates were first grown and maintained on either Sabouraud Dextrose agar (Neogen, Lansing, MI, USA, product code NCM2012A) or Malt Extract agar (Neogen, Lansing, MI, USA, product #NCM0093A) supplemented with 3% (w/v) marine salts (Tetra). To initiate LSF, three 1 cm3 pieces of mycelia from each agar plate were used to inoculate 250 mL Erlenmeyer flasks containing sterilised 100 mL of 0.5% (w/v) mycological peptone (Neogen, Lansing, MI, USA, product #NCM0258), 3% (w/v) marine salts and 2% (w/v) glucose (GLC) (Sigma, St. Louis, MO, USA, product #G8270) in distilled water (dH2O). Cultures were grown for 48 h (h) in an Innova 44 Incubator Shaker (New Brunswick Scientific, Edison, NJ, USA) at 25 °C, with shaking at 180 rpm. One mL of each isolate culture was then transferred aseptically to duplicate flasks containing sterilised lignocellulolytic enzyme-inducing medium, which was the same as above but with 2% (w/v) WB (Odlums, Portlaoise, Ireland) as the inducer instead of GLC. The induction control flask for each isolate contained 2% (w/v) GLC instead of WB. LSF was carried out over 144 h at 25 °C, 180 rpm with samples being harvested at specific time points for further analysis.



Cell-free culture supernatants (crude secretomes) were obtained by centrifugation at 3000 rpm for 2 h, at 4 °C in a Beckman Avanti centrifuge (Beckman Coulter, Brea, CA, USA) equipped with a JS5.3 rotor, to separate the solid (mycelia; cells) and liquid fraction of each sample. The liquid fraction from each sample was then transferred carefully to 500 µL microcentrifuge tubes and stored at −80 °C until further analysis. The solid (mycelial) fractions were also stored at −80 °C.




2.3. Xylanase Activity Measurements


The xylanase activity measurements were carried out as described in [29], with modifications. Isolate supernatants (time points taken during 144 h growth time) were tested for their hydrolytic activity against 1% (w/v) rye arabinoxylan (Megazyme, Wicklow, Ireland, product #P-RAXY) at pH 5 and 50 °C. Reducing sugars (RS) released in a 10 min (min) reaction was measured using the dinitrosalicylic acid (DNS) method described in [30]. Activity at pH and temperature values between pH 1.5 and 8.0 and 1 and 60 °C was also measured. The buffer used was 50 mM citric acid-phosphate; temperature range and growth time point measurements were assayed at pH 5.0. Absorbance values were read at 550 nm. Enzymatic activity was calculated by reference to a xylose standard curve and values were expressed as international units per millilitre of the enzyme (IU·mL−1; μmoles RS·min−1·mL−1).




2.4. Qualitative Plate-Based Assays for Ligninolytic Enzyme Activity


Polyphenol-Oxidase/Peroxidase-like Activity


The isolates were grown on Lignin-Modifying Enzyme Basal Media (LBM) and tested using the syringaldazine well test [31]. Briefly, for the syringaldazine well test, 0.1% syringaldazine in 95% ethanol was added to each duplicate 5 mm well in the agar to test for laccase activity. A second set of triplicate wells contained 0.1% syringaldazine in 95% ethanol and 0.5% (w/v) aqueous H2O2 to test for peroxidase activity. Ethanol (95% (v/v)) was added to a third set of wells to act as a control. The wells for peroxidase activity were only considered positive if there was no colour change in the laccase well or if the laccase well colour was much weaker.



The isolates were also grown on LBM with 20% (w/v) GLC and 1% (w/v) aqueous tannic acid [31]. This was used to test for general polyphenol oxidase activity, which would show a brown oxidation zone around fungal colonies.





2.5. Exo-Glycoside Hydrolase and Feruloyl Esterase Activity Measurements


The exo-glycoside hydrolase and feruloyl esterase activity measurements were carried out as described in [29], with modifications. Exo-glycoside hydrolase activity measurements were carried out using 4-nitrophenyl (NP)-glycoside substrates, while feruloyl esterase activity was assayed with 4-NP-trans ferulate (Carbosynth, Compton, Berkshire, UK). The detection of hydrolytic activity was based on the release of 4-nitrophenol from the 4-NP substrate. Activity was calculated by reference to a 0.2 mM 4-nitrophenol standard and was expressed in IU·mL−1 (μmoles 4-NP released·min−1·mL−1). The substrates used were 4-NP-α-L-arabinofuranoside, 4-NP-β-D-cellobioside, 4-NP-α-L-fucopyranoside, 4-NP-β-D-galactopyranoside, 4-NP-β-D-glucopyranoside, 4-NP-β-D-lactopyranoside, 4-NP-β-D-mannopyranoside, 4-NP-α-L-rhamnopyranoside, 4-NP-β-D-xylopyranoside and 4-NP-trans-ferulate. The activities assayed were α-L-arabinofuranosidase, β-xylosidase, cellobiohydrolase (with 4-NP-β-cellobioside and 4-NP-β-lactopyranoside as substrates), β-glucosidase, β-galactosidase, α-rhamnosidase, β-mannosidase, α-fucosidase and feruloyl esterase.



Exo-glycosidase assays were carried out as follows: 10 µL of suitably diluted sample supernatant was added to a 96-well microplate in triplicate. The plate was covered and incubated at 50 °C for 2 min before the addition of 100 µL of 1 mM 4-NP-glycoside, in 50 mM citric acid phosphate buffer, pH 5.0, to test and substrate blank (no enzyme) wells. The reaction mixture was incubated at 50 °C for 10 min. Then, 100 μL of 1 M Na2CO3 was added to stop the reaction and develop the colour of enzymatically released 4-NP at alkaline pH. This assay produced a strong yellow colour when there was enzymatic activity; absorbance was read at 410 nm using a microspectrophotometer (BioTek PowerWave XS2, Winooski, VE, USA). There were two modifications to this protocol in relation to two assays: (a) to measure cellobiohydrolase activity and inhibit β-D-glucosidase activity, glucono-1,4-δ-lactone (Sigma, St. Louis, MO, USA, #G4750) was added to assays with 4-NP-cellobioside and 4-NP-lactoside substrates 2 min before assaying for activity, and (b) as 1 M Na2CO3 (and NaOH) resulted in saponification (hydrolysis) of the ester link in the 4-NP-trans-ferulate substrate, 1 M Tris-HCl, pH 8.5 was used to as the stopping reagent instead. Activity was quantified by reference to a 0.0–0.2 mM 4-nitrophenol standard curve and the values were converted to IU·mL−1 of enzyme activity.




2.6. Electrophoresis and Zymography


Semi-denaturing SDS-PAGE was carried out using 8% and 10% polyacrylamide gels with 0.1% (w/v) birchwood xylan (Sigma, St. Louis, MO, USA) to test for proteins with xylanolytic activity. The protocol used was a modification of methods from [7,32,33]. Next, 5 to 20 µg of protein (not boiled and no addition of 2-mercaptoethanol) were added to each well of the gel. PageRuler ladders (Thermo Fisher Scientific, Waltham, MA, USA, product codes 11802134, 11852124 and 11892124) were used as molecular weight markers. A commercial Bioglucanase™ enzyme cocktail (Kerry Group, Tralee, Ireland) with xylanolytic activity was used as the positive control. The negative control contained a running buffer only. The gel contained no SDS, but the running buffer and tank buffer contained 0.05% SDS. The gel was run at 200 V for approximately (approx.) 30 min.



After electrophoresis, the gel was washed twice for 15 min with 50 mM sodium citrate buffer, pH 5.0, containing 2.5% (v/v) Triton-X-100 or Tween-20 to remove the SDS from the gel (Triton-X-100 was used for P. antarcticum zymograms; Tween-20 was used in all other zymogram renaturation procedures). Both are mild non-ionic detergents that carry out the function of removing SDS from proteins and have been used for this purpose in zymography in the work of others [7,32,34]. The gel was then washed twice more for 15 min (per wash) in 50 mM sodium citrate buffer, pH 5.0, to renature the proteins. The gel was then incubated at 50 °C for one hour to allow the reaction to occur. Following this incubation period, the gel was stained with 0.1% (w/v) Congo Red (Sigma) solution containing 5% (v/v) ethanol for 15 min. The gel was then washed multiple times with 1 M NaCl until clear hydrolysis zones appeared as bands on the gel against a red background. In some cases, the gel was immersed in 1 M HCl for improved contrast of the bands against the background. Gels were illuminated on a visible light box and images were captured using a 25 MP camera (Tristar Electronics, Yeongtong-gu, Suwon, Republic of Korea).



Zymography to test for β-D-xylosidase-active proteins was carried out by running the semi-denaturing SDS-PAGE same as above, without the addition of xylan to the gel. The same washing/renaturing method detailed above was used, along with the same controls. The quantity of protein loaded per well was 40 µg. After electrophoresis, the gels were washed with 50 mM sodium citrate buffer with and without Triton-X-100 or Tween-20 same as described above. The gels were then incubated at 4 °C with 1 mM 4-methylumbelliferyl-β-xylopyranoside (4MUX) (Carbosynth, Compton, Berkshire, UK) in 50 mM sodium citrate buffer, pH 5.0, for 30 min. The gels were then incubated at 50 °C for a further 30 min. Gel images were captured at UV302 using the Azure c300 gel imaging system.



A replica gel was run, in parallel with gels stained for β-xylosidase-active proteins and stained for protein using the Pierce Silver Stain Kit (Thermo Scientific, Waltham, MA, USA, product no. 24612). Gels were imaged using the Azure c300 gel imaging system and used to estimate the size of enzyme-active protein bands.




2.7. Statistics


Statistical analysis of the data was carried out using the arithmetic mean, standard deviation, Student’s t-test and one-way ANOVA. Analysis was carried out using Microsoft Excel 2016 (Microsoft, Washington, DC, USA). Detailed statistical analysis is available in Supplementary File S1.





3. Results and Discussion


3.1. Xylanase Induction by WB during LSF, and the Qualitative Assessment of Lignin-Degrading Activities


Xylanases play a key role in the degradation of hemicellulose in plant cell walls [35]. Therefore, the isolates in this study were grown on WB during LSF as an inducer of xylanolytic enzyme secretion. WB has been shown in many studies to be a suitable inducer of xylanase production by fungi [29,36,37,38,39]. During LSF, enzyme synthesis is repressed and de-repressed/induced by the presence or absence of certain repressors [40]. In the case of xylanase, the repression and de-repression/induction may occur in response to glucose, xylose and xylan levels in the culture medium [41,42,43]. Also, secreted enzymes can undergo hydrolysis or degradation during the fermentation process [44]. Therefore, the xylanase activities recorded in the secretome may peak and drop over time.



Xylanase activity against rye arabinoxylan was assessed over a 144 h growth period for each isolate in this study in order to establish the effect of time on xylanase production during the LSF process. Each isolate was also grown on GLC as the carbon source, as a basal carbon source and as induction control. Production of activity on GLC would provide evidence for constitutive activity (and/or derepression of activity later in the growth period when GLC was depleted in the medium). For statistical calculations, refer to Supplementary File S1.



From Figure 1A,B, it is clear that WB induced xylanase production by both strains of E. maritima. The highest xylanase activity was recorded at 108 h for SFI-F16 and at 96 h for SFI-D6, with 45 ± 2.34 IU·mL−1 and 51 ± 0.37 IU·mL−1 of xylanase activity detected in the respective cell-free culture supernatants. These activities were 10.7- and 10.9-fold higher than xylanase present in the secretomes produced on the GLC control for each isolate, respectively. Not only were the peak activities similar between isolates (p > 0.05), but the pattern of xylanase activity over time between the two isolates was also similar. Firstly, there was a sharp increase in activity from the 48 h time point until the activity had its first peak at 84 h or 96 h, depending on the strain, followed by a drop in activity 12 h later and the production of a second peak in activity at 108 h or 120 h. The final peak was broad and relatively stable until 132 h but decreased noticeably by the 144 h time point.



To the authors’ best knowledge, this is the first time quantitative analysis of xylanase activity has been reported by the E. maritima species. To date, only two studies have reported quantitative values for xylanase activity produced by Emericellopsis sp. isolates in general. Emericellopsis sp. MM FP1.2, isolated from a saline lake in Romania, was reported to produce 5.2 IU·mL−1 xylanase activity after 5 days LSF on xylan-containing medium [21]. Marine Emericellopsis sp. TS11 produced 26.63 IU·mg−1 protein when tested against oat xylan after LSF for 9 days on xylan-containing medium [7]. This is in comparison to the 7.3 IU·mg−1 and 50.5 IU·mg−1 protein produced by E. maritima SFI-F16 and SFI-D6 in this study. The xylanase activity reported by MM FP1.2 was not directly comparable to the activities reported in this study, due to differences in experimental conditions reported.



In relation to the P. chrysogenum isolates, it was evident that WB markedly induced xylanase production by both the marine (Figure 1C) and terrestrial isolates (Figure 1D). The peak of activity was recorded for both at the 84 h time point and the respective levels were 152 ± 3.11 and 181 ± 4.73 IU·mL−1. This represented a 54- and 79-fold increase in xylanase activity when compared to the activity produced in the GLC control flask for each isolate. In fact, of all six fungal isolates, the two P. chrysogenum isolates yielded the highest level of xylanase (against rye arabinoxylan) (Figure 1G), with BBW2 producing significantly higher peak xylanase activity (p < 0.05) than SFI-D13. The two P. chrysogenum isolates shared a distinct pattern of xylanase activity over the 144 h time period. There was a sharp increase in activity at the 72 h time point observed for both isolates, with peak activity occurring at the 84 h time point. Activity decreased sharply at the 96 h time point, with activity remaining low but stable for the remaining time (a slight increase was noted at 120 h, in both culture secretomes).



Xylanase production by P. antarcticum SFI-F25 was also induced by WB, albeit at significantly lower levels (p < 0.05) than for the E. maritima and P. chrysogenum isolates (Figure 1E,G). A total of three peaks of xylanase activity were observed in the P. antarcticum WB timecourse growth profile, with the highest activity detected at the 96 h time point (20.5 ± 2.68 IU·mL−1), which was 8.2-fold higher than levels in the GLC control. The first peak (shoulder of activity) occurred at 48 h, with a second broader and higher peak from 84–108 h (highest at 96 h) and the third peak at 132 h, after a sharp drop in activity between 108 and 120 h. The third peak was similar in amplitude (p > 0.05) to the highest activity peak (18.12 ± 0.99 IU·mL−1). Interestingly, the pattern of activity produced bore no resemblance to the P. chrysogenum isolates’ activity patterns.



To the authors’ best knowledge, prior to this study, no quantitative data on xylanase activity from P. antarcticum has been published. However, there have been numerous studies reporting the xylanase activities of Penicillium isolates after LSF on different substrates. A study of the terrestrial P. chrysogenum PCL501 reported a xylanase production pattern over time during LSF on a WB-containing medium similar to both P. chrysogenum isolates in this study. However, the peak activity of 6.47 IU·mL−1 at the 96 h time point was lower than for the Penicillium isolates reported here [45]. A study on a terrestrial P. sclerotiorum strain showed this species produced a peak (13.82 IU·mL−1) of xylanase activity (against birchwood xylan) after 84 h during LSF on a xylan-containing medium, while terrestrial Penicillium sp. SS1 yielded peak xylanase activity (43.84 IU·mL−1) after 96 h LSF in a WB-containing medium [46]. Overall, peak xylanase production by both of the Penicillium isolates in these latter studies occurred around the 84–96 h growth time point, similar to the P. chrysogenum isolates from this study.



To the best of the authors’ knowledge, this study is the first to quantitatively characterise the xylanase activity (IU·mL−1) secreted by a marine P. chrysogenum during LSF [47]. Prior to this study, only marine P. chrysogenum FS010 had been studied for its xylanase activity. The study recorded xylanase activity produced by P. chrysogenum FS010 by measuring the diameters of hydrolytic halos on minimum medium agar with 0.5% (w/v) xylan. The xylanase enzyme was also overexpressed in E. coli BL21, with specific xylanase activity measured at 10,210 U·mg−1 against birchwood xylan.



T. stollii SFI-F17 also produced xylanase at significantly lower peak levels than E. maritima and P. chrysogenum isolates (p < 0.05), but at similar peak levels as P. antarcticum SFI-F25 (p > 0.05). An initial peak of xylanase was produced at 48 h (5.8 IU·ml−1) on WB, followed by a drop in activity levels by 72 h. Xylanase production increased from 84 h onwards reaching a maximum at 132 h (13.2 ± 0.88 IU·mL−1). When grown on GLC, growing peaks in xylanase activity were also observed over time. This suggested that T. stollii SFI-F17 produced xylanase constitutively, and also suggested derepression of xylanase production, as higher activity was produced after 72 h when GLC levels are likely to be depleted in the medium. Overall, it was concluded that WB improved xylanase production by T. stollii SFI-F17, by making levels more consistent over time in contrast to growth on GLC.



To the best of the authors’ knowledge, this study is the first to characterise xylanase activity by a marine isolate of T. stollii. Many studies have been conducted on the xylanase activity of Talaromyces sp. isolates. A terrestrial T. amestolkiae was recently reported to produce 13.02 IU·mL−1 xylanase activity against larchwood xylan after a 168 h LSF on a WB-containing medium [39]. This was similar to the activity produced by the T. stollii isolate in this study after 132 h of LSF. A study of terrestrial T. stollii LV186 showed that 5 days of LSF on a GLC and corn stover-containing medium yielded xylanase activity of approx. 7.5 IU·mL−1, with this activity remaining stable for the remaining ten days of the experiment [48]. The increase in activity and stability from day 5 onwards in the aforementioned study was similar to the activity pattern observed in this study.



In general, it was challenging to directly compare activity values between studies due to methodology variations. However, in the aforementioned studies on Talaromyces sp. xylanase activity, the production patterns were similar between all, even though the culture conditions varied. Therefore, xylanase activity profiles over time during LSF on WB-containing medium may be quite predictable, even with variations in culture conditions, for some closely related strains of the Talaromyces sp.



To screen for lignin-degrading activities, all isolates were tested qualitatively using a plate-based assay for polyphenol oxidase/peroxidase-like activities. However, none of the isolates showed this type of activity.



Some Emericellopsis sp. have been shown to produce polyphenol oxidase activity, while others have been shown to not produce this type of activity. E. maritima CBS 491.71, as well as five other Emercellopsis isolates, were shown to not possess polyphenol oxidase activity, while the remaining nine Emericellopsis isolates studied had polyphenol oxidase activity [49].



There were reports of peroxidase/polyhenol oxidase activities by some P. chrysogenum isolates, while no peroxidase/polyhenol oxidase activities were reported for others [50,51]. To the authors’ best knowledge, there have been no reports on these activities from P. antarcticum. T. stollii was previously reported to produce laccase activity [51], while no other polyphenol oxidase/peroxidase activities have so far been recorded for this species.



Overall, it is suggested that polyhenol oxidase/peroxidase activities as reported across these studies are highly strain-specific, rather than species-specific.




3.2. Exo-Acting Glycoside Hydrolase and Feruloyl Esterase Induction by WB during LSF


After LSF on WB and GLC, the isolate supernatant samples were screened quantitatively for a variety of exo-acting glycoside hydrolase activities and feruloyl esterase. Specifically, production of α-L-arabinofuranosidase, β-D-xylosidase, β-D-glucosidase, cellobiohydrolase (against β-D-cellobioside and β-D-lactoside), β-D-mannosidase, α-L-fucosidase, α-L-rhamnosidase and β-D-galactosidase activities were investigated. These enzymes are important in the degradation of lignocellulosic biomass, and fungi producing these in abundance may be useful for bioconversion of biomass prior to biofuel production. Figure 2 demonstrates the relative levels of these enzymes produced by each isolate during LSF on WB and GLC for 144 h. For statistical calculations, refer to Supplementary File S1.



Figure 2A,B shows that both E. maritima strains secreted all of the tested enzymes. It was evident that WB induced greater levels of the enzymes assessed compared to GLC, except for β-D-galactosidase and β-D-mannosidase, where there was no notable difference between WB and GLC secretomes.



For E. maritima SFI-F16, β-D-glucosidase activity increased until 120 h and then decreased slightly at the 132 h and 144 h time points. For E. maritima SFI-D6, β-D-glucosidase activity continuously increased over the time period assessed. SFI-D6 produced similar peak β-D-glucosidase activities (1.33 ± 0.05 IU·mL−1) to SFI-F16 (1.24 ± 0.12 IU·mL−1) (p < 0.05). The β-D-cellobiosidase activity detected in the SFI-F16 secretome was observed from 48 h onwards, with the peak activity occurring at 72 h, and less of this enzyme was produced from 84–144 h. For SFI-D6, β-D-cellobiosidase activity was first detected at 36 h, while from 72–144 h, there was a relatively stable amount of this activity produced. Interestingly, at the peak production point for both isolates, SFI-F16 produced significantly (4.8 fold) more β-D-cellobiosidase than SFI-D6, with SFI-F16 producing 0.56 ± 0.05 IU·mL−1 and SFI-D6 producing 0.12 ± 0.01 IU·mL−1 (p < 0.05).



SFI-F16 also produced significantly (3.7-fold) more α-L-arabinofuranosidase than SFI-D6, with SFI-F16 producing 1.4 ± 0.08 IU·mL−1 and SFI-D6 producing 0.38 ± 0.07 IU·mL−1 at their respective optimum activity time points (p < 0.05). The most significant difference was noted for the β-D-lactopyranoside activities, with SFI-F16 producing significantly (11.2 fold) more of this activity (0.2 ± 0.03 IU·mL−1) than SFI-D6 (0.03 ± 0.01 IU·mL−1) (p < 0.05). Activity against this substrate can represent cellobiohydrolase type 1 activity (GH7) and/or endoglucanase activity.



Feruloyl esterase was produced by SFI-F16 only at the 120 h and 132 h time points, with the highest activity being produced at 132 h. In contrast, SFI-D6 produced feruloyl esterase activity mostly at the 36 h time point, while also producing it at the later (132 h and 144 h) time points. The remaining exo-acting glycoside hydrolase activities were produced by both isolates in very low amounts when compared to the abovementioned activities. Overall, SFI-F16 produced significantly more (p < 0.05) β-D-cellobiosidase than the other isolates assessed in this study, except for T. stollii SFI-F17 (p > 0.05), and significantly more α-L-arabinofuranosidase than all other isolates assessed (p < 0.05).



Genomic and metabolomic studies of two marine strains, E. cladophorae MUM 19.33 and E. cladophorae TS7, showed evidence for the presence of diverse glycoside hydrolases as well as carbohydrate esterase-encoding genes [20,49], while Emericellopsis sp. TS11 demonstrated xylanase and CMCase activities [7]. The existence of exo-acting glycoside hydrolase and feruloyl esterase activities in secretomes produced by deep-sea Emericellopsis sp., such as the E. maritima strains reported here and E. cladophorae TS7, are interesting, as the environment which they were isolated from does not have an abundance of plant biomass/matter, with our oceans containing less than 0.2% of global plant biomass [52]. To the best of the authors’ knowledge, this is the first time exo-glycoside hydrolase and feruloyl esterase activities have been reported in E. maritima.



In Figure 2C,D, it was observed that both P. chrysogenum strains assessed secreted all of the tested accessory enzyme activities. It was evident that WB induced much greater production of the enzymes assessed when compared to GLC, with the exception of β-D-mannosidase, feruloyl esterase and α-L-fucosidase, where there was no significant difference in activity between WB and GLC cultures. In both P. chrysogenum isolates, the highest exo-acting glycoside hydrolase activity levels were recorded for β-D-glucosidase, β-D-galactosidase and β-D-xylosidase.



For SFI-D13, β-D-glucosidase activity increased up to the 144 h time point, where it reached 1.54 ± 0.1 IU·mL−1. For BBW2, the β-D-glucosidase activity was similar (p > 0.05) to that of SFI-D13 and increased until the 132 h time point, where it reached 2.2 ± 0.01 IU·mL−1, then decreased by the 144 h time point. The β-D-galactosidase activity for both isolates increased until the 132 h time point, where SFI-D13 produced significantly more (1.9 fold) activity (0.83 ± 0.04 IU·mL−1) than BBW2 (0.43 ± 0.01 IU·mL−1) (p < 0.05), with activity decreasing by the 144 h time point. For the β-D-xylosidase, the activity of SFI-D13 and BBW2 increased until the 132 h and 120 h time points, reaching similar peak activities of 0.28 ± 0.02 IU·mL−1 and 0.26 ± 0.005 IU·mL−1, respectively (p > 0.05). Both isolates also produce relatively stable α-L-arabinofuranosidase activities after 48 h, with both isolates’ activities peaking at 0.23 ± 0.02 IU·mL−1.



The largest difference between the two isolates is between β-D-cellobiosidase activities, which have the highest activities of 0.03 ± 0.01 IU·mL−1 and 0.12 ± 0.01 IU·mL−1 for SFI-D13 and strain BBW2, respectively. This represents a significant (4 fold) difference in this activity between the isolates (p < 0.05). The other exo-acting glycoside hydrolase activities assessed were all present in secretomes from both P. chrysogenum isolates, but in much smaller amounts than the activities detailed above. Overall, both P. chrysogenum exo-acting glycoside hydrolase profiles are remarkably similar. BBW2 also produced the most α-L-rhamnosidase activity out of all isolates studied (p < 0.05).



In Figure 2E, the exo-acting glycoside hydrolase and feruloyl esterase activities secreted by P. antarcticum SFI-F25 are presented. All enzyme activities assessed were induced by WB, except for α-L-rhamnosidase and feruloyl esterase activities, where there was no significant difference in activity noted between WB and GLC secretomes.



In contrast to the other isolates, the main activity produced by this isolate between 48–144 h was β-D-xylosidase, with the highest activity of 0.44 ± 0.01 IU·mL−1 at 144 h. This was followed by α-L-arabinofuranosidase, β-D-glucosidase and β-D-galactosidase which also peaked at the 144 h time point with activity levels of 0.21 ± 0.001 IU·mL−1, 0.18 ± 0.001 IU·mL−1 and 0.13 ± 0.005 IU·mL−1, respectively. Notably, there was a large induction of β-D-mannosidase at 132 h of 0.33 IU·mL−1, making this isolate the best producer of β-D-mannosidase activity when compared to all of the other isolates investigated in this study (p < 0.05). However, under the assay conditions used, it has the lowest combined exo-glycosidic activity (maximum combined total of 1 IU·mL−1) when compared to the other isolates. To the best of the authors’ knowledge, this is the first time that exo-glycoside hydrolase and feruloyl esterase activities have been reported in P. antarcticum.



T.stollii SFI-F17 secreted all of the tested enzyme activities (Figure 2F). WB induced greater production of all of the enzymes assessed when compared to GLC. The highest exo-acting glycoside hydrolase activities for this isolate were recorded for β-D-galactosidase, β-D-glucosidase, β-D-xylosidase, α-L-arabinofuranosidase and β-D-lactopyranosidase. The average activities for these enzymes at their peak production time points on WB were 2.3 ± 0.09 IU·mL−1, 2.3 ± 0.23 IU·mL−1, 1.38 ± 0.08 IU·mL−1, 0.76 ± 0.05 IU·mL−1 and 0.63 ± 0.07 IU·mL−1, respectively. β-D-Cellobiosidase activity was reported as 0.26 ± 0.02 IU·mL−1.



Compared to all other isolates in this study, T. stollii SFI-F17 produced the most exo-acting glycoside hydrolase activities over the assessed time period on WB, with a combined total of 8.02 IU·mL−1 at the peak-production time point, across the exo-glycoside hydrolase and feruloyl esterase activities investigated and under the assay conditions used. E. maritima SFI-F16 and SFI-D6 produced combined totals of 3.58 IU·mL−1 and 1.99 IU·mL−1, while P. chrysogenum SFI-D13 and BBW2 produced combined totals of 3.07 IU·mL−1 and 3.38 IU·mL−1. For individual activities, T. stollii produced the most β-D-galactosidase, β-D-xylosidase and β-D-lactopyranosidase activities when compared to the other isolates studied (p < 0.05).



To the best of the authors’ knowledge, this study is the first to characterise lignocellulolytic activities in a marine isolate of T. stollii. In terms of T. stollii in general, this study is the first to report α-L-arabinofuranosidase, β-D-galactosidase, β-D-lactosidase, α-L-fucosidase, β-D-mannosidase and feruloyl esterase activities.



In another study, T. stollii LV186 was shown to produce β-D-xylosidase and β-D-glucosidase activities of approx. 2.5 IU·mL−1 and 0.13 IU·mL−1 after 5 days of LSF on GLC and corn stover, respectively [48]. A further study observed both α-L-rhamnosidase and β-D-glucosidase activity production by T. stollii CLY-6 [28,53]. The closely related T. amestolkiae had β-D-glucosidase activity of 1.9 IU·mL−1 under similar LSF conditions as were used in this study [28]. A remarkably similar activity for cellobiosidase was also reported for T. amestolkiae at approx. 0.3 IU·mL−1 after 5 days of LSF on xylan-containing medium, as well as a lower β-D-glucosidase value of approx. 1 IU·mL−1 [54]. Furthermore, a substantially lower level of β-D-xylosidase activity of 0.8 IU·mL−1 was reported for T. amestolkiae [55].



Overall, T. stollii SFI-F17 produced the largest amount of exo-glycoside hydrolase activities when compared to the Penicillium sp. and E. maritima isolates studied. This finding was supported by the fact that the sequenced genome of terrestrial T. stollii CLY-6 was reported to encode 358 glycoside hydrolases [28], while P. rubens (also known as P. chrysogenum) was reported to encode 222 CAZymes (CAZy database) and Emericellopsis sp. TS7 was reported to encode 217 CAZymes [20].



Furthermore, a terrestrial strain of T. stollii was shown to produce crude enzymes that degraded over 30% of cellulose to glucose in sorghum and corn stover agri-wastes, while the commercial cocktail Celluclast, containing enzymes from the industrial workhorse Trichoderma reesei degraded less than 20% of cellulose to glucose on the same agri-wastes [48]. Therefore, it is possible that enzyme cocktails from strains of T. stollii, such as those reported in this study and in [48], could eventually be adapted for commercial use.




3.3. Effect of Temperature and pH on Xylanase Activity in the Fungal Secretomes


Fungal xylanases usually have a pH optima of between 4 and 6 [7,23,39,56,57]. Therefore, the measurement of temperature optima for each isolate was carried out at pH 5. The profile of secreted xylanase activity for each isolate at temperatures between 1–60 °C is represented in Figure S1 (Supplementary File S2). For statistical calculations, also refer to Supplementary File S1.



E. maritima isolate xylanase activities showed very different responses over the temperature range assessed when compared with each other. Xylanase from E. maritima SFI-F16 showed 87.6% and 90.7% of its maximum activity at 30 °C and 40 °C, and 55.9% at 60 °C, with optimal activity at 50 °C (Supplementary File S2, Figure S1A). The xylanase activity at 30 °C, 40 °C and 50 °C were not significantly different (p > 0.05), indicating the stability of the xylanase activity in this temperature range.



E. maritima SFI-D6, on the other hand, exhibited 34.3% of its optimal xylanase activity at 20 °C, 68.7% at 30 °C and 32.4% at 50 °C, with its optimal xylanase activity at 40 °C (Supplementary File S2, Figure S1B), which indicated a narrower range of near-optimal xylanase activity for xylanase from E. maritima SFI-D6 than SFI-F16. While there was no significant difference in activity at 30 °C and 40 °C (p > 0.05), there was a significant difference in activity between 40 °C and 50 °C (p < 0.05). Marine Emericellopsis sp. strain TS11 also produced xylanase with optimum activity at 50 °C, similar to E. maritima strain SFI-F16 in this study [7].



Marine P. chrysogenum SFI-D13 showed relative xylanase activities of 12.2% and 31.6% at 1 °C and 10 °C (Supplementary File S2, Figure S1C), while terrestrial BBW2 had xylanase activity, relative to the optimum, of 7.9% and 19.9% at 1 °C and 10 °C (Supplementary File S2, Figure S1D), with optimum xylanase activity recorded at 40 °C for both isolates. While the P. chrysogenum isolates had similar relative activities at 20 °C and 30 °C (p > 0.05), SFI-D13 retained 80.2% of its optimum xylanase activity at 50 °C, while BBW2 only retained 31.4% of its optimum at this temperature. Overall, the marine P. chrysogenum had xylanase activity that did not vary significantly between 1–10 °C, 10–20 °C and 40–50 °C (p > 0.05), while it varied significantly at each temperature tested for the terrestrial isolate (p < 0.05). Temperature optima for other P. chrysogenum and Penicillium sp. isolates have also been reported at 40 °C [24,58].



The P. antarcticum isolate xylanase retained activity relative to the optimum of at least 25.7% at all temperatures assessed (Supplementary File S2, Figure S1E), while the T. stollii isolate xylanase retained a relative activity of at least 35.6% at all temperatures (Supplementary File S2, Figure S1F). For both isolates, there was no statistically significant difference in xylanase activity between 1–10 °C, 1–20 °C, 10–20 °C, 20–30 °C and 50–60 °C (p > 0.05). A similarly wide xylanase activity range between temperatures of 30–80 °C was reported for T. amestolkiae [39].



For all isolates, except for E. maritima SFI-F16 which had a temperature optimum for xylanase activity of 50 °C, the temperature optimum for secreted xylanase was 40 °C. Additionally, all isolates produced cold-active xylanases that had at least some activity at each of the temperatures tested, indicating a wide range of temperature functionality amongst the isolates. The terrestrial P. chrysogenum BBW2 crude xylanase activity appeared to have the poorest versatility over the assessed temperature range, with significant differences in activity between temperatures (p < 0.05), while xylanase activities produced by P. antarcticum SFI-F25, T. stollii SFI-F17 and E. maritima SFI-F16 appeared to be the most versatile, with their xylanase activities not varying significantly over a wide temperature range.



The pH optimum for each isolate xylanase activity was determined over a pH range of 3.0–8.0 (Supplementary File S2, Figure S2), while the activity for T. stollii was also determined at pH 1.5, 2.0 and 3.5 due to its acidophilic nature (Supplementary File S2, Figure S2F). The pH measurements were carried out at 50 °C, as the optimal temperature for fungal xylanases, apart from enzymes from thermotolerant and thermophilic species, is usually between 40–60 °C [59].



The pH optimum for xylanase activity from E. maritima SFI-F16 (Supplementary File S2, Figure S2A) was pH 6.0. Crude xylanase from this source retained 55% of its optimum xylanase activity at pH 5.0, 66% at pH 7.0 and 31.2% at pH 8.0, showing a wide pH range of functionality for the xylanases from this isolate. However, this isolate did not produce any xylanase active at pH 3.0, and only 5% of the optimum activity was present at pH 4.0.



In relation to xylanase activity from E. maritima SFI-D6 (Supplementary File S2, Figure S2B), the pH optimum for xylanase activity was pH 5.0. Unlike E. maritima SFI-F16, xylanase activity from this isolate did not have high activity relative to the optimum across the pH range assessed, and the differences in activities between the optimum and all other pH values assayed varied significantly (p < 0.05). The crude xylanase displayed 36.2% and 36.6% of its optimum xylanase activity at pH 6.0 and 7.0, while xylanase activity was not detected at pH 3.0, 4.0 and 8.0, respectively.



In a different study, crude xylanase from Emericellopsis sp. was found to have a profile of activity over a range of pH values similar to that of E. maritima SFI-F16 reported in this study. This isolate also had a xylanase activity pH optimum of pH 6.0, while retaining activity between pH 4.0 and 10.0. This could potentially reflect an adaptation by these fungal isolates to the pH range present in their natural environment, the Atlantic Ocean, the waters of which are currently pH 8.1 [19,60].



The two P. chrysogenum isolates studied had quite different xylanase activity profiles over the pH range assessed, similar to the two E. maritima isolates. P. chrysogenum SFI-D13 (Supplementary File S2, Figure S2C) showed a versatile xylanase activity profile, with activity between pH 4.0 and 7.0. The optimum xylanase activity was observed at pH 5.0. The relative xylanase activities at pH 4.0, 6.0, and 7.0 were 80.5%, 95.2% and 36.5% of the optimum, with activity at pH 3.0 and 8.0 being 8.4% and 5.3% of the optimum. The activities at pH 5.0 and 6.0 did not vary significantly (p > 0.05), demonstrating xylanase activity stability at these pH values.



P. chrysogenum BBW2 was less versatile than SFI-D13. The optimum pH for xylanase activity was at pH 6.0. The activities recorded at pH 4.0, 5.0 and 7.0 were 31%, 42.2% and 39% of the optimum, respectively. Furthermore, the xylanase activities recorded at pH 3.0 and 8.0 were 9.8% and 3.6% of the optimum. The xylanase activity varied significantly between each pH value measured (p < 0.05), indicating that the xylanase activity in this case was unstable except at pH 6.0. In other studies, the pH optima for crude xylanases from P. chrysogenum were reported to be pH 5.0 and 6.0 [23,24,25].



P. antarcticum SFI-F25 (Supplementary File S2, Figure S2E) produced xylanase that had optimal activity at pH 5.0. It also had activity that was functional between pH 3.0 and 7.0, but not at pH 8.0. Xylanase activity at pH 3.0, 4.0, 6.0 and 7.0 were 28.6%, 30.7%, 49.8% and 31.8% of the optimum activity. Activites at pH 4.0 and 6.0 also varied significantly from that at pH 5.0 (p < 0.05), indicating that the xylanase activity produced by SFI-F25 became relatively unstable when not at the optimum pH.



T. stollii SFI-F17 (Supplementary File S2, Figure S2F) produced acidophilic xylanase activity, which functioned optimally at pH 3.5 and retained 6.8%, 56.4%, 61.6%, 88.8%, 49.9%, 13.2%, 6.6% and 2.4% of its optimal activity at pH 1.5, 2.0, 3.0, 4.0, 5.0, 6.0, 7.0 and 8.0. Between pH 2.0–3.0 and 3.0–4.0, there was no significant difference in activity (p > 0.05), indicating xylanase activity was stable at these pH values.



A similar xylanase activity profile from pH 3.0–8.0 was reported for T. amestolkiae, which had a pH optimum of 4.0 and activity gradually decreased to its lowest activity at pH 8.0 [39]. A different study of T. amestolkiae showed maximal activity for its xylanase at pH 3.0 that gradually decreased as pH increased, similar to observations for the T. stollii crude xylanase activity reported in this study [55]. Acidophilic xylanases may be useful in the production of bioethanol [61], for example as part of a combined pre-treatment strategy by pre-treating lignocellulosic biomass with acidophilic xylanases at an acidic pH.




3.4. Electrophoretic Separation of Proteins in the Crude Secretomes and Zymogram Analysis


Electrophoretic separation of proteins in the crude fungal secretomes, under mildly denaturing conditions, was combined with zymograms analysis to investigate the presence and number of enzyme-active bands, to determine the approx. molecular weights of the xylan-degrading enzymes in each WB secretome and to analyse the changes in the xylan-degrading proteins over time. The exo-xylan degrading activity (β-D-xylosidase) was analysed using the fluorescent 4MUX substrate, while xylanase active proteins (endo-β-1,4-D-xylanase) were determined using an in-gel xylan substrate method. Proteins present in the crude 48 h, 96 h and 144 h secretomes were analysed, to represent early, mid and late secretion profiles. Two samples were analysed for each time point, representing each of the duplicate lignocellulolytic-inducing cultures. Specifically in relation to the β-D-xylosidase activity gels for the E. maritima isolates, it was difficult to determine the molecular weight of these activity bands when compared to the silver-stained gels, because of the large number of protein bands with similar molecular weights present on the corresponding silver-stained gels (Figure 3A,C). Therefore, the molecular weights of the activity bands from the E. maritima β-D-xylosidase gels have been given as rough estimates.



The xylan-degrading enzyme secretome profiles of E. maritima SFI-F16 and SFI-D6 when grown on WB during LSF are presented in Figure 3. When the zymogram testing for β-D-xylosidase activity from SFI-F16 was carried out, three activity bands were observed at approx. 35, 50 and 65 kDa at the 48 h time point when enzyme active bands were compared with the silver-stained protein gel (Figure 3A,B, lanes 1 and 2). At the 96 h and 144 h time points, a band was observed at approx. 160 kDa when compared to the silver-stained gel (Figure 3A,B; lanes 3–6). These results showed that the isolate produced four β-D-xylosidase activity bands. This isolate, therefore, may have favoured the secretion of smaller β-D-xylosidases at the 48 h time point during the LSF on WB, while a larger one may have been secreted at the later time points. However, it has been shown that β-D-xylosidases can have more than one subunit that can exist and function in equilibrium between monomeric and oligomeric forms in solution [62]. So, it may instead be the case that multiple subunits of the same β-D-xylosidase complex are being visualised on the gel.



When zymograms testing for β-D-xylanase activities by SFI-F16 were carried out, twelve xylanase isoforms were observed at approx. 16, 19, 25, 31, 35, 41, 46, 50, 55, 96, 117 and 160 kDa. At the 48 h time point, all bands except for the 31 kDa band were observed. At the 96 h and 144 h time points, all bands except for the 50 kDa band were observed (Figure 3E–G). Overall, at least twelve xylan-degrading protein isoforms could be observed in these zymograms of approx. sizes 16, 19, 25, 31, 35, 41, 46, 50, 55, 96, 117 and 160 kDa at the 48, 96 and 144 h time points (Figure 3E–G), with a potential thirteenth band of approx. 65 kDa present on the β-D-xylosidase gel (Figure 3A,B). Furthermore, twelve bands were observed to have β-D-xylanase activity (Figure 3E–G), while four bands were observed to have β-D-xylosidase activity (Figure 3B).



E. maritima SFI-D6’s xylan-degrading enzyme secretome profile when grown on WB during LSF is represented in Figure 3. In the zymogram testing for β-D-xylosidase activity, in the 48 h time point lanes, four active bands were visible at approx. 35, 46, 55 and 70 kDa when compared to the silver-stained gel (Figure 3C,D, lanes 1 and 2). In the lanes containing the protein samples from the 96 h and 144 h time points, these bands were also present, along with three other bands of approx. sizes 65, 160 and >250 kDa when compared to the silver-stained gel (Figure 3C,D, lanes 3–6). The bands of approx. 35, 46, 55, 65 and 70 kDa were the most concentrated in the 96 h time-point sample lanes, when compared to the 48 h and 144 h time-point lanes, while the activity bands of approx. 160 and >250 kDa were the most concentrated in the 144 h time-point lanes (Figure 3C,D, lanes 1–6). This zymogram, therefore, showed that during LSF on WB, this fungal isolate produced seven β-D-xylosidase activity bands. It either favoured the secretion of lower molecular weight β-D-xylosidases at the 48 h and 96 h time points and the production of larger β-D-xylosidase proteins at the 144 h time point, or it may instead be the case that multiple subunits of the same β-D-xylosidase complex are being visualised on the gel, as mentioned previously.



When testing for β-D-xylanase activity, ten activity bands at approx. 16, 19, 25, 31, 46, 55, 96, 117, 160 and >250 kDa were visible. All bands except for those of approx. sizes 19, 31, 46 and 55 kDa were visible in all lanes, and therefore were produced at all of the three time points analysed (Figure 3H, lanes 1–6). The 19, 31, 46 and 55 kDa bands were visible only in the 96 h and 144 h time-point lanes (Figure 3H, lanes 3–6). All bands visible in the gel increased in intensity over time, and therefore it was concluded that the concentration of the xylanolytic proteins being produced by the isolate increased over time.



Overall, it appeared that at least ten xylan-degrading proteins were secreted by E. maritima SFI-D6 at the 48 h, 96 h and 144 h time points. They were approx. 16, 19, 25, 31, 46, 55, 96, 117, 160 and >250 kDa in size (Figure 3H). There were three bands of approx. sizes 35, 65 and 70 kDa present on the β-D-xylosidase gel, which, if confirmed to be independent of those present on the β-D-xylanase gel, would bring the total of xylan-active protein bands to thirteen (Figure 3C,D). Overall, it was observed that ten bands had β-D-xylanase activity (Figure 3H), and seven bands had β-D-xylosidase activity (Figure 3C,D).



Both E. maritima isolates characterised in this study produced xylan-degrading proteins of approx. 16, 19, 25, 31, 35, 46, 55, 65, 96, 117 and 160 kDa (Figure 3). To date, studies with Emericellopsis sp. have focused on the production of novel antimicrobial and cytotoxic compounds [63,64,65,66,67,68].



Relatively little research has been carried out to describe the biomass-degrading activities of Emericellopsis sp. A previous study of the secretome of a marine Emericellopsis sp. TS11 showed xylanase-active bands of approx. 10 and 100 kDa via zymogram analysis when grown on wheat straw and corn stover [7], while other studies have determined that Emericellopsis sp. produce extracellular xylan- or biomass-degrading enzymes using media-based qualitative techniques and genomic and metabolomic techniques [20,49,69,70]. The novel marine strain E. cladophorae TS7 had its full genome sequenced, and this showed that it encoded genes for fourteen β-D-xylosidases from the GH43 family, two xylanases from the GH11 and four xylanases from the GH10 families [20], while the genome sequence of E. cladorphorae showed that some of the most abundant GH family-encoding genes were for β-D-xylosidases [71].



Overall, the strains of E. maritima produced at least twelve (SFI-F16) or ten (SFI-D6) xylan-degrading proteins each active against birchwood xylan or 4MUX (Figure 3). Similar numbers of xylanolytic enzyme isoforms were reportedly produced for P. oxalicum GZ-2 (14 isoforms), T. emersonii CBS814.70 (14 isoforms) and Aspergillus fumigatus SK1 (10 isoforms), respectively [72,73,74]. Other xylanolytic fungi have been shown to produce far fewer xylan-degrading isoforms using zymogram identification [75,76,77,78,79,80,81].



In order to effectively degrade the heteropolymeric D-xylan in nature, xylanases with similar but different substrate specificities are required [82,83]. Therefore, the E. maritima strains investigated in this study may be considered valuable sources of xylanolytic enzymes due to the amount of xylan-degrading isoforms produced over a wide size range. In particular, the number of β-D-xylosidases produced by Emericellopsis sp. was relatively large in comparison to other fungi [84], including all of the other isolates characterised in this paper.



P. chrysogenum SFI-D13’s xylan-degrading secretome profile when grown on WB during LSF is represented in Figure 4A–C. When testing for β-D-xylosidase activity, one band of approx. 130 kDa was observed. It was clear that the concentration of this protein increased over time as the intensity of the band increased, with the most β-D-xylosidase being produced at the 144 h time point when compared to the silver-stained gel (Figure 4A,B). When testing for β-D-xylanase activity, four bands of approx. 35, 45, 60 and 64 kDa were observed. There was also a zone of clearance >70 kDa (Figure 4C, lanes 1–12). The 35 kDa band was present across all three time points, while the bands of size 45, 60 and 64 kDa were visible at the 96 h and 144 h time points only. The bands of size 45 and 60 kDa also showed a spread-out clearance zone, with the intensity of the clearance being largest at the 96 h time point (Figure 4C, lanes 9–12). This showed that the production of β-D-xylanase was most concentrated at the 96 h time point. Overall, five active xylanolytic enzymes appeared to be secreted by this isolate, with activity against xylan and 4MUX over the time points analysed, with β-D-xylanase being secreted the most at 96 h, and β-D-xylosidase at 144 h time point.



P. chrysogenum BBW2’s xylan-degrading secretome profile when grown on WB during LSF is represented in Figure 4D–F. When testing for β-D-xylosidase activity, two bands of approx. 130 and ≥250 kDa were present when compared to the silver-stained gel (Figure 4D,E). When testing for β-D-xylanase activity, three bands of approx. sizes 35, 45 and 60 kDa were observed. There was also a zone of clearance visible >70 kDa. For this isolate, both the β-D-xylanase and β-D-xylosidase activities were the strongest at the 96 h and 144 h time points, with the least activity being observed at the 48 h time point (Figure 4D–F).



P. antarcticum SFI-F25’s xylan-degrading enzyme secretome profile when grown on WB during LSF is represented in Figure 4G–I. When testing for β-D-xylosidase activity, a band of approx. 130 kDa was observed at the 144 h time point, when compared to the silver-stained gel (Figure 4G,H). This showed that this isolate favoured the secretion of β-D-xylosidase later at the 144 h time point during LSF on WB. When testing for β-D-xylanase, a band of approx. 45 kDa was observed. The band intensity appeared similar across all time points measured, indicating that the concentration of this enzyme secreted remained stable throughout the LSF. There was also a zone of clearance present >130 kDa, indicating β-D-xylanase activity in a protein of higher relative molecular size (Figure 4I).



In relation to β-D-xylosidase activity (Figure 4B,E,H), all three of the Penicillium isolates possessed an activity band at approx. 130 kDa when compared to their respective silver-stained gels. In addition to this, SFI-D13 produced a further β-D-xylosidase band ≥250 kDa. When comparing β-D-xylanase activity, all three isolates produced an activity band of approx. 45 kDa. In addition, P. chrysogenum SFI-D13 and BBW2 both produced activity bands at approx. 35 and 60 kDa, which were not produced by the P. antarcticum isolate. Only P. chrysogenum SFI-D13 produced an activity band at approx. 64 kDa.



P. chrysogenum has previously been reported to produce between one and three endo-β-D-xylanases when grown on inducing substrates, and up to three exo-β-D-xylosidases, similar to the three Penicillium isolates reported in this study [22,23,57,84,85,86]. Research published relating to P. antarcticum, however, has been limited [26,27]. To the best of the authors’ knowledge, the β-D-xylanase proteins from P. antarcticum have not been studied previously, so, therefore, an intra-isolate comparison for this isolate was not possible.



T. stollii SFI-F17’s xylan-degrading secretome profile when grown on WB during LSF is represented in Figure 5. When testing for β-D-xylosidase activity, three activity bands were present over the three time points when compared to the silver-stained gel, with the concentration of each band increasing from 48 h to 144 h. The bands were approx. 80, 130 and 250 kDa (Figure 5A,B). Notably, much less protein (10 µg/well) was required for band visibility on the β-D-xylosidase activity gel than was required for all of the other isolates studied in this paper, which supported the fact that the T. stollii isolate showed much greater levels of β-D-xylosidase activity against the 4-NP-β-D-xylopyranoside substrate (see Section 3.2).



When testing for β-D-xylanase activity, four bands of approx. 17, 23, 29 and 50 kDa were observed across the three time points. All four bands were observed at the 96 h and 144 h time points, with the 96 h time point showing the most intensely active bands, suggesting the most active β-D-xylanase enzymes were produced at this time point. At the 48 h time point, the 17 and 29 kDa bands were observed, but not the 23 or 50 kDa bands. Overall, this isolate appeared to produce four β-D-xylanase bands and three β-D-xylosidase bands.



To date, few studies have described any enzymatic activities or specifically the production of cellulases and/or hemicellulases by T. stollii. T. stollii LV186 was isolated from corn stover treated with acid [48] and was shown to produce xylanase, β-D-xylosidase, β-D-glucosidase and glucanase activity. Studies of T. emersonii reported β-D xylanases of 17.5, 30.1, 35.7, 36.6, 45, 47.9, 48.6, 52.8, 54, 54.3, 58.5, 59 and 131 kDa and a β-D-xylosidase of 181 kDa [72,87]. T. thermophilus was reported to produce a β-D-xylanase of 25 kDa [48] and a β-D-xylosidase of 97 kDa [88], while a β-D-xylosidase of 200 kDa and a β-D- of 19.8 kDa was reportedly produced by T. amestolkiae [25,88].



Further characterization of the xylanolytic enzymes produced by T. stollii SFI-F17 would be beneficial to more clearly define its xylanase secretion profile, such as, for example, by de novo sequencing of the isolate’s secretome, or purification of specific enzymes using chromatographic methods like those reported in [72] and [55].



It is important to note that three of the limitations of these experiments were (a) the fact that a high concentration of protein was needed for the β-D-xylosidase activity zymogram and, therefore, it is possible that not all β-D-xylosidase-active proteins may have been detected if they were in low concentrations; (b) the fact that the sizes of the proteins are approximations, so the proteins may, in reality, be slightly different sizes than what was reported here; and (c) there may be more than one xylanolytic enzyme of the same size produced by the same isolate. These enzymes would not be separated using this gel format (2D-PAGE would be required) [89]. To know the exact sizes and specificities of xylanolytic enzymes produced by these two isolates, 2D-PAGE or de novo sequencing of their secretomes would be the next logical step [90,91].





4. Conclusions


In this study, five deep-sea fungi and one terrestrial fungus were analysed in detail for their lignocellulolytic capabilities. This study is the first to quantitatively characterise xylanase activities and exo-glycoside hydrolase activities secreted by E. maritima, P. antarcticum and a marine T. stollii strain. This study is also the first to quantitatively characterise xylanase activities by a marine strain of P. chrysogenum during LSF.



The secretomes of E. maritima SFI-F16 and SFI-D6, P. chrysogenum SFI-D13 and BBW2, P. antarcticum SFI-F25 and T. stollii SFI-F17 had xylanase volumetric activities of 49, 51, 152, 181, 20 and 13.2 IU·mL−1. The xylanases functioned over a range of pH and temperatures, the most notable being those secreted by E. maritima SFI-F16 (alkalitolerant) and T. stollii SFI-F17 (acidophilic). The least versatile xylanase secretome in terms of temperature and pH was the terrestrial P. chrysogenum BBW2. Improved xylanase flexibility of P. chrysogenum was demonstrated in response to environmental stressors (pH and temperature variations) when produced by the marine strain compared to the terrestrial strain, making the xylanases produced by the marine strain more robust and potentially more suitable for biomass degradation purposes in industry. All isolates studied produced cold-active xylanases.



The isolates produced at least twelve, ten, five, five, three and seven bands exhibiting xylanase activity when zymogram analysis was carried out to test for exo- and endo-acting xylanase activities. The greatest number of xylanase active protein bands was produced by the E. maritima SFI-F16 and SFI-D6. Notably, strain SFI-D6 produced seven exo-acting β-D-xylosidase activity bands, far more than all of the other isolates in this study. The E. maritima strains produced a number of xylanase and β-xylosidase isomers comparable to those produced by P. oxalicum and T. emersonii, both of which are commercially used to produce lignocellulolytic enzyme cocktails.



The deep-sea E. maritima isolates produced a large number of xylanase and exo-glycoside hydrolase activities and produced more β-D-glucosidase, α-L-arabinofuranosidase and β-D-cellobiosidase activity than any other exo-activity.



The P. chrysogenum strains produced more β-D-glucosidase, β-D-galactosidase and β-D-xylosidase than any other exo-activity.



The P. antarcticum strain produced more β-D-xylosidase than any other exo-activity, with a relatively large β-D-mannosidase activity also being produced at 132 h.



T. stollii produced far higher combined levels of exo-acting glycoside hydrolase activities than all of the other isolates in this study, with a combined total of 8.02 IU·mL−1 at the peak-production time point. E. maritima SFI-F16 and SFI-D6 produced combined totals of 3.58 IU·mL−1 and 1.99 IU·mL−1, while P. chrysogenum SFI-D13 and BBW2 produced combined totals of 3.07 IU·mL−1 and 3.38 IU·mL−1.



Exo-glycoside hydrolase levels produced by natural strains of filamentous fungi under unoptimised conditions are typically low, and in many cases lower than levels produced by T. stollii and reported in this study. Although the levels of these activities may seem to be low, their combined effect in synergistic interaction could greatly enhance lignocellulose bioconversion. T. stollii SFI-F17 may therefore be an excellent candidate for industrial uses, such as lignocellulose waste hydrolysis prior to biofuel production.
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Figure 1. Effect of time point on (A) E. maritima SFI-F16; (B) E. maritima SFI-D6; (C) P. chrysogenum SFI-D13; (D) P. chrysogenum BBW2; (E) P. antarcticum SFI-F25; and (F) T. stollii SFI-F17 xylanase volumetric activity (IU·mL−1) against rye arabinoxylan at 50 °C and pH 5. (G) Comparison of the effect of time on xylanase volumetric activities (IU·mL−1) between isolates on WB against rye arabinoxylan at 50 °C and pH 5. EM_SFI16 = E. maritima SFI-F16; E. maritima SFI-D6 = EM_SFID6; P. chrysogenum SFI-D13—PC_SFID13; P. chrysogenum BBW2 = PC_BBW2; P. antarcticum SFI-F25 = PA_SFIF25; T. stollii SFI-F17 = TS_SFIF17. Samples tested were harvested during LSF on WB and GLC substrates at 25 °C and 180 RPM. Error bars represent standard deviation of measurements from duplicate flasks. Statistical differences between samples and isolates are available in Supplementary File S1. 
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Figure 2. Relative levels of exo-acting glycoside hydrolases and feruloyl esterase (IU·mL−1) produced by (A) E. maritima SFI-F16; (B) E. maritima SFI-D6; (C) P. chrysogenum SFI-D13; (D) P. chrysogenum BBW2; (E) P. antarcticum SFI-F25; and (F) T. stollii SFI-F17. (G) shows the time points with the highest cumulative exo-enzyme production for each isolate at the same scale. Activities shown are for α-L-arabinofuranosidase (a-araf), β-D-xylosidase (b-xyl), β-D-glucosidase (b-glc), cellobiohydrolase (against β-D-cellobioside (cellobiosidase) and β-D-lactoside (lactopyranosidase)), β-D-mannosidase (b-mann), α-L-fucosidase (a-fuc), α-L-rhamnosidase (a-rham), β-D-galactosidase (b-gal) and the carbohydrate esterase feruloyl esterase. WB and GLC denote WB-containing duplicate flasks (mean value) and the GLC-containing flask at each time point. Statistical differences between samples and isolates are available in Supplementary File S1. 
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Figure 3. Electrophoretic and zymogram analysis of secretome profiles of E. maritima SFI-F16 (A,B,E–G) and SFI-D6 (C,D,H), when grown on WB during LSF, is represented in this figure. (A) and (C) are 8% silver stained gels of the isolate secretomes of strains SFI-F16 (A) and SFI-D6 (C) at the sampled time points (1 and 2 = 48 h; 3 and 4 = 96 h; 5 and 6 = 144 h; M = molecular weight marker), each with 10 µg of protein loaded/well; (B) and (D) are 8% zymograms of isolate SFI-F16 (B) and SFI-D6 (D) supernatants incubated with the fluorescent 4MUX substrate and 40 µg of protein/well (1 and 2 = 48 h; 3 and 4 = 96 h; 5 and 6 = 144 h; M = molecular weight marker); (E) is an 8% zymogram of strain SFI-F16 with in-gel xylan substrate and 20 µg of protein loaded/well (1 and 2 = 48 h; 3 and 4 = 96 h; 5 and 6 = 144 h; M = molecular weight marker); (F) is an 8% zymogram of strain SFI-F16 with in-gel xylan substrate (10 µg of protein loaded/well), and band enhancement with 1 M HCl (1 and 2 = 48 h; 3 and 4 = 96 h; 5 and 6 = 144 h; M = molecular weight marker); (G) is an 8% zymogram of strain SFI-F16 with in-gel xylan substrate (5 µg of protein loaded/well), and band enhancement with 1 M HCl (1 and 2 = 48 h; 3 and 4 = 96 h; 5 and 6 = 144 h; M = molecular weight marker). (H) is an 8% zymogram of strain SFI-D6 with in-gel xylan substrate (10 µg of protein loaded/well), and band enhancement with 1 M HCl (1 and 2 = 48 h; 3 and 4 = 96 h; 5 and 6 = 144 h; M = molecular weight marker). Yellow arrows signify β-D-xylosidase activity bands. Red arrows signify endo-β-D-xylanase activity bands. The approx. locations of the activity bands are also shown in each respective silver-stained gel (A,C). Original images of gels are available in Supplementary File S3. 
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Figure 4. Xylanase secretome profiles of P. chrysogenum SFI-D13 (A–C), BBW2 (D–F) and P. antarcticum SFI-F25 (G–I) when grown on WB during LSF are presented in this figure. (A,D,G) are 10% ((A) and (D)) or 8% (G) silver-stained gels of the isolate secretomes at the sampled time points (1 and 2 = 48 h; 3 and 4 = 96 h; 5 and 6 = 144 h; 8 = control (only in (A)); M = molecular weight ladder), each with 10 µg of protein loaded/well; (B,E,H) are 10% ((B) and (E)) or 8% (G) zymograms incubated with the fluorescent 4MUX substrate and 40 µg of protein loaded per lane (1 and 2 = 48 h; 3 and 4 = 96 h; 5 and 6 = 144 h); (C,F,I) are 10% ((C) and (F)) or 8% (I) zymograms with in-gel xylan substrate (20 µg of protein loaded/well), before (right) and after (left) band enhancement with 1 M HCl (1 and 2/7 and 8 = 48 h; 3 and 4/ 9 and 10 = 96 h; 5 and 6/11 and 12 = 144 h). Yellow arrows signify β-D-xylosidase active bands. Red arrows signify β-D-xylanase active bands. Original images of the gels are available in Supplementary File S3. 
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Figure 5. Xylanase secretome profile of T. stollii SFI-F17 when grown on WB during LSF is represented in this figure. (A) is an 8% silver stained gel of the isolate secretome at the sampled time points (1 and 2 = 48 h; 3 and 4 = 96 h; 5 and 6 = 144 h; 7 = control; M = molecular weight ladder); (B) is an 8% zymogram incubated with the fluorescent 4-MUX substrate and 10 µg of protein loaded per lane (1 and 2 = 48 h; 3 and 4 = 96 h; 5 and 6 = 144 h); (C) is a 10% silver stained gel of the isolate secretome at the sampled time points (1 and 2 = 48 h; 3 and 4 = 96 h; 5 and 6 = 144 h; M = molecular weight ladder); and (D) is a 10% gel zymogram with in-gel xylan substrate (10 µg of protein loaded/well) after band enhancement with 1 M HCl (1 and 2 = 48 h; 3 and 4 = 96 h; 5 and 6 = 144 h). Yellow arrows signify β-D-xylosidase active bands. Red arrows signify β-D-xylanase active bands. Original gel images are available in Supplementary File S3. 
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