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Abstract: An increasing trend of research on microplastics (MPs) pollution in soil requires plenty of
accurate data on MPs occurrence in soil samples. Efficient and economical methods of obtaining MP
data are in development, especially for film MPs. We focused on MPs originating from agricultural
mulching films (AMF) and presented an approach that can separate MPs in batches and identify them
quickly. It mainly includes separation by ultrasonic cleaning and centrifugation, digestion of organic
matter, and an AMF-MPs identification model. Adding olive oil or n-hexane to saturated sodium
chloride constituted the best combination of separation solutions. Controlled experiments proved
that the optimized methods improved the efficiency of this approach. The AMF-MPs identification
model provides specific characteristics of MPs and can identify MPs efficiently. Evaluation results
showed that the mean MP recovery rate reached 95%. The practical application demonstrated that
this approach could conduct MPs analysis in soil samples in batches with less time and low cost.

Keywords: a batch approach; microplastics separation; microplastics identification model; less time
and low-cost; agriculture soil

1. Introduction

With rapid social and economic development worldwide, plastic has become an in-
dispensable product in modern society and has been widely used [1]. Millions of metric
tons of plastics are used annually for various purposes [2]. As a direct consequence, plastic
residuals are increasingly accumulating in natural environments [3]. Microplastic (MP),
often defined as plastic particles less than 5 mm in length [4], can affect agroecosystem
functioning by accumulating heavy metals or organic contaminants [5,6]. Some studies
show that microplastics are widely distributed around the world, whether in the ocean [7],
on land [8], on islands with little human activity [9], or even in polar glaciers [10]. Cur-
rently, microplastic, as a class of emerging and near-permanent contaminants, has received
growing attention worldwide [11,12]. The current research shows that human activities and
agricultural production dump a large number of plastics into soils, which can potentially
impact soil ecosystems, crops, and livestock [13]. Moreover, agricultural mulching film
(AMF) has been confirmed to be an important source of MP contamination in terrestrial
environments [3,14]. In order to investigate the contamination in detail, we need a large
amount of data on microplastic particles in soils.
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The most commonly used and effective method for separating MPs from soil is density
separation [15,16], which is based on the density difference between microplastics and
environmental matrices, and a floatation procedure can be used for separation. However,
such a procedure can easily cause some of the MPs with adhered impurities to be lost. Some
methods use oil-water mixtures as a solution to separate MPs by freezing samples or set-
tling the mixture solution in a separatory funnel [17–19], which are based on oil separation
and require low temperatures. Other separation methods include froth flotation [20–22],
magnetic extraction [23,24], electrostatic separation [25,26], and solvent extraction separa-
tion [27,28]. All these methods mentioned above can only be performed on a small number
of samples at a time.

Moreover, current microplastic identification methods mainly include visual inspec-
tion, Raman spectroscopy, and Fourier-transform infrared (FTIR) spectroscopy. Visual
inspection obtains the surface texture and other characteristics of obvious/possible MPs
with a microscope and then directly identifies MPs [29–31]. This method is low-cost and
convenient, but it is also time-consuming because there are no specific standards for the
identification characteristics. Raman spectroscopy and FTIR spectroscopy are the two most
commonly used methods, which are based on vibrational spectroscopy [32–34]. Both of
them can achieve high identification accuracy for identifying MPs. In order to accurately
reflect the actual situation of MP pollution in soils, it is often necessary to process and
analyze a large number of soil samples. However, existing methods for microplastic extrac-
tion and identification have limited efficiency and high experimental cost, hindering the
analysis of large batches of soil samples.

The purpose of our research is to develop a low-cost and efficient approach for batch-
separating MPs from soil samples and identifying MPs accurately and quickly. This ap-
proach combined density separation and oil separation to increase the recovery rate for MPs.
Inspired by Grause et al. [35], we adopted centrifugation to decrease the separation time.

Olive oil has a stronger affinity with polymers than other oils [17] and is thus chosen for
microplastic separation. This research focused on MPs that stem from agricultural mulching
film (AMF). The material in AMF is polyethylene (PE), which is mainly classified into
three types: low-density polyethylene (LDPE), linear low-density polyethylene (LLDPE),
and high-density polyethylene (HDPE).

2. Materials and Methods
2.1. Sample Collection and Pretreatment

Soil samples in this study were collected from plastic-mulched cotton fields in the
Bayingol Mongolian Autonomous Prefecture (35◦38′ N, 93◦51′ E to 43◦34′ N, 82◦28′ E)
(Figure S1), which is an arid region in Xinjiang, China. Samples were randomly collected
from the 0–25 cm layer of topsoil (A horizon) with a soil auger and then stored in glass jars
or paper bags.

After being taken back indoors, the soil samples were put into aluminum foil con-
tainers, briefly rolled to loosen them, and then air-dried in a clean and airtight room for
3 to 5 days. Meanwhile, large pieces of plastics, straws, stones, and other impurities in
the soil samples were removed with a 5 mm mesh sieve. Some microplastic particles
are wrapped in soil aggregates, which should be retained to prevent possible losses [29].
In addition, the heat deflection temperature (HDT) of PEs ranges from 40 ◦C to 82 ◦C.
Therefore, the working temperature was controlled below 40 ◦C to protect the AMF-MPs in
the soil from deformation.

2.2. Separation of MPs

The separation method in this study combined both density flotation and oil separation.
We first tested three common solutions: ultrapure water (1.0 g/cm3, 18.2 MΩ·cm), sodium
chloride (NaCl, 1.2 g/cm3), and sodium bromide (NaBr, 1.5 g/cm3) in containers to separate
MPs by density differences, but there were still soil particles and impurities attached to
the MPs in all three solutions, which caused some MPs to precipitate at the bottom of the
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container. NaCl was chosen as the solution due to its low cost, environmental friendliness,
and moderate density. In addition, since ultrasonic cleaning was beneficial for removing
foreign contaminants from the surface of MPs, we adopted the technology before each
centrifugation to obtain MPs with adhered impurities. Ultrasonic cleaning technology can
use high-intensity, high-frequency sound waves to generate cavitation bubbles in liquids.
The energy released by the implosion of cavitation bubbles provides micro-stirring at the
liquid-contaminant interface [36].

The separation method adopted in the current study includes four main steps: sample
weighing, ultrasonic cleaning, centrifugation, stirring, and vacuum filtration (Figure 1).
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Figure 1. The schematic diagram of the separation method.

A total of 10 g of each soil sample was weighed and added to a custom-made 100 mL
polytetrafluoroethylene (PTFE) centrifuge tube. The tubes were then shaken for 0.5 min
after adding 25 mL of saturated NaCl solution and placed in an ultrasonic cleaner (25 ◦C,
40 kHz) for 20 min. After adding 3 mL olive oil, the tube was shaken again and spun
using a centrifuge for 10 min with the 2537 g RCF (relative centrifugal force). The resulting
supernatant was then collected into a conical flask. The procedure was repeated three times,
the last two ultrasonic cleanings were conducted for 10 min, and the solution used in the
tube was n-hexane instead of olive oil during the third centrifugation.

In the third step, 30 mL of n-hexane solution was added to the conical flask, then
placed on a magnetic stirrer, and stirred for 2 min at a speed of 1500 min−1. Before magnetic
stirring, the mixed solution collected in the conical flask had three layers of stratification, n-
hexane, olive oil, and saturated NaCl solution from top to bottom, due to density differences.
After this step, the olive oil was fully dissolved in the n-hexane solution.

Finally, the mixed solution was poured into a vacuum filtration unit and filtered
through filter membranes allowing the separation of MPs to be accomplished.

In addition, MPs in soils can be separated in batches using the method. Olive oil was
used as one of the separation solutions based on the mechanism of oleophilic interaction [18].
There is an attraction between the long-chain fatty acids of the oil and the polymer backbone,
but the attraction is not strong enough to extract fluorinated polymers to the oil layer [17],
so the material of the centrifuge tube is PTFE, which will not interfere with the experiment.
After the first two centrifugations, a small amount of olive oil adhered to MPs remained in
the centrifuge tube. It was necessary to dissolve the olive oil with n-hexane solution in the
third centrifugation to collect MPs fully.

2.3. Digestion of Organic Matters

The separated MPs were still adulterated with organic matter, and we chose Fenton’s
reagent as the digestion solution for the organic matter. The reagent’s composition includes
30% H2O2, 2 mmol/L FeSO4·7H2O, 2 mmol/L PCA (protocatechuic acid), and H2O (pure
water), with a volume ratio of 10:1:1:5. The reduction ability of PCA could accelerate
the Fe2+ cycle to enhance the digestion in the Fenton oxidation system [37]. The mixture
obtained on the membrane after separation was rinsed into a conical flask using 30 mL of
Fenton’s reagent. After covering the mouth of the flask with aluminum foil, they were kept
in a constant temperature shaker overnight at 38 ◦C at a speed of 150 min−1. The amount
of Fenton’s reagent and digestion time can be adjusted according to the performance of
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digestion. Then the MPs were collected by filtering and transferred to glass Petri dishes. At
last, they were dried in an oven at 38 ◦C and stored for subsequent optical inspection.

2.4. MPs Identification and Quantification

All the obvious and possible AMF-MPs on filter membranes were identified using a
stereo microscope (BX51, Olympus, Japan) at multiple magnifications of 50× and 100× and
then were photographed with a digital camera equipped on the microscope. Undetermined
MP-like particles were then confirmed by micro-Fourier Transformation Infrared Spec-
troscopy (µ-FTIR). Spectrum data were acquired using a µ-FTIR spectrometer (Nicolet iN
10 MX, Thermo Scientific, USA) at a resolution of 4 cm−1 with 24 scans for each spectrum
in a spectral range from 400 to 4000 cm−1 [3,38]. The particle sizes ranged from 20 to
2000 µm. A sample µ-FTIR spectrum of AMF-MP is shown in Figure S2. Based on the µ-
FTIR analysis, we confirmed the polymer types of the MPs by comparing their FTIR spectra
with a reference database. Eventually, data of AMF-MPs, including shape, color, size, and
quantity, were recorded with Image J software. The size was measured according to the
longest dimension of MP particles [29]. The shape can be either fiber or film, and the color
can be either transparent or black. More information on identification and experiments is
described in detail in the supplementary material document.

In order to establish a model that can increase the efficiency of visual inspection,
we performed repeated microscopic analyses of the confirmed AMF-MPs at different
magnifications by using a stereo microscope and a scanning electron microscope (SEM)
(Supra 55VP, Zeiss, Germany), and then summarized their characteristics. The results of
the model are described in the next section.

2.5. Selection of Filter Membrane

During the experiment, MPs in solution were filtered several times by vacuum filtra-
tion. Glass fiber filter [3,17,38], quantitative filter paper [21,25], and nylon filter [39] are
commonly used for MPs separation and organic matter digestion. We tested four types
of filter membranes: glass fiber (pore size 1.6 µm), quantitative filter paper (maximum
pore size 10–15 µm), nylon (pore size 20 µm), and mixed cellulose ester (MCE) (pore size
0.45 µm). It was found that the low toughness of the glass fiber filter made it difficult
to resist breaking upon impact. Furthermore, previous research [39] proved that many
fibers from glass fiber filters can be washed down with ultrapure water. Quantitative filter
paper occasionally sacrificed integrity during vacuum filtration, mainly due to its weak
strength and flexibility. Therefore, a nylon filter was often selected during the separation
and digestion. However, none of the first three filter membranes were desirable when it
came to identifying microplastics under a microscope. Subsequent analysis of the observa-
tion demonstrated that the brightness of the quantitative filter paper was too high and its
surface texture was too messy to identify MPs (Figure 2A), and the translucent nylon filter
hid transparent MPs (Figure 2B). In contrast, excellent color contrast was provided by the
MCE filter membrane, which could better facilitate MPs identification and minimizes eye
fatigue. In addition, the gridded surface (3.1 mm intervals) of the MCE membrane could
assist in manual MP counting (Figure 2C). Consequently, the MCE filter membrane was
selected for the last filtration before identifying microplastics in the current study, and the
nylon filter membrane was selected for the other filtrations.

The details of the main apparatuses and consumable materials used in the current
study are listed in Table S1.
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2.6. Controlled Experiments and Evaluation

The optimization of methods is described in Section 3. In order to evaluate the effect
of optimization, we conducted controlled experiments using real soil samples. The samples
were divided into two groups, the experimental group treated with the optimized method
and the control group treated with the original method. The soil samples used for method
evaluation were taken in the same farmland as the studied samples and were heated
(550 ◦C overnight) to remove the original MPs and all types of organic matter [35]. In
order to simulate possible AMF-MPs in farmland soils, we used different types of AMFs to
make experimental MPs through multiple shearing and grinding. These AMFs differed
in material type (LDPE, LLDPE, and HDPE), thickness (8–14 µm), and color (transparent
and black). Each soil sample was randomly spiked with 1.0–2.0 mg self-made MPs [16,25].
More details are described in the supplementary material document. We separated and
collected the MPs in the simulated soil samples using successive methods described earlier.
Upon collection with filter membranes, they were dried to a constant weight at 38 ◦C in
an oven, and then the weight of separated MPs was obtained by the difference before and
after ignition (550◦C, overnight). To ensure the accuracy of evaluation, each soil sample
was evaluated in triplicate, and quantitative filter paper (maximum pore size 10–15 µm)
was used in the last filtration because of its ashless feature. The recovery ratio of MPs can
be calculated based on the formula shown below:

R = W1/W2 ×100% (1)

In Equation (1), W1 is the weight of separated MPs, and W2 is the weight of added MPs.
To avoid contamination during the experiment, the vessels for research were glassware

or metalwork, which were rinsed with ultrapure water before use, and materials that could
release MPs were discarded, including clothing and sampling tools [39]. In order to
prevent MPs contamination from the atmosphere, the vessels without lids were covered by
aluminum foil as much as possible. Especially, blank samples (ultrapure water without
MPs) were set up throughout the process to identify ambient contamination [40].

3. Results and Discussion
3.1. Optimization of the Methods
3.1.1. Accelerating Filtration

Existing methods describe the operation of vacuum filtration very briefly; however,
due to a small amount of impurities in the supernatant or other reasons, filtration in real
applications is usually time-consuming and prone to clogging. These limitations also
appeared in the filtration of the mixed solution in our approach. In addition, when the
mixed solution was stirred, a small amount of emulsion would be produced. Furthermore,
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stirring at high speeds brought air into the solution and resulted in bubbles, which would
clog filter membranes and hinder filtration.

In order to promote filtration, we left the mixed solution to stand for 1 h to remove
bubbles, then a larger volume of ultrapure water (200–500 mL) and the mixed solution were
poured into the funnel at the same time to dilute the emulsion and rinse filter membranes.
The time required to filter the mixed solution with the above treatment was tested using
controlled experiments, where the measure was used in the experimental group but not in
the control group. As shown in Figure 3, filtration times for the eighteen soil samples in the
control group ranged from 7.6 to 16.6 min, with an average of 12.3 min. Filtration times
of the experimental group ranged from 3.4 to 11.4 min, and the average time was 6.8 min,
which was shortened by nearly half.
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Consequently, the limitation of the filtration speed was greatly overcome. The results
confirmed that rinsing filter membranes with a large amount of ultrapure water can
avoid blockage.

3.1.2. Purification of MPs

After the digestion of organic matter, a few extremely tiny grits from the soil still re-
mained and affected the purity of the MPs [35], making it necessary to perform purification.
The MPs were rinsed into a conical flask again with saturated NaCl solution and were left
to settle. Finally, the resulting supernatant was filtered to collect the MPs.

As shown in Figure 4, six real soil samples with different mulching film ages were
used to conduct control experiments to demonstrate the impact of purification on MPs
identification. MPs in the experimental group were purified after digestion, while those in
the control group were not. The mulching film ages of samples, shapes, colors, and sizes of
MPs were identified in different samples and are listed in Table 1.

Generally, an older mulching film age leads to more MPs being present. The abundance
of MPs in sample S6, which was taken from a field with a mulching film age of 34 years,
was 10,500 items/kg, the largest in all samples studied (Figure 4). The properties of the
MP particles identified in the two groups of samples were the same in terms of shape and
color. However, generally, there are more MP items identified in the experimental group
than in the control group, and the MPs in the experimental group were generally smaller in
size. It is shown that some small-sized (57–141 µm) particles are missing for unpurified
MPs after digestion (Table 1). Through microscopic analysis of the samples, it can be found
that there are plenty of extremely tiny grits and other impurities on filter membranes in
the control group (Figure 5A). Therefore, impurities hid MPs and hindered identification,
which would take more time to observe. The experimental group was cleaner due to fewer
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impurities, and the MPs on them were clearer and more obvious (Figure 5B). The control
experiment revealed that the purification of MPs can accelerate identification. In addition,
this experimentally validated approach can contribute to a more accurate accounting of the
number of MPs in soils.
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Table 1. The sample mulching film ages, shapes, colors, abundance, and size ranges of AMF-MPs
identified in different samples with purification (experimental group) and without purification
(control group).

Soil
Sample

Mulching
Film Age

(Year)

Experimental Group Control Group

Shape Color
Abundance

of MPs
(Items/kg)

Size Range
(µm) Shape Color

Abundance
of MPs

(Items/kg)

Size Range
(µm)

S1 3 Film Black,
Transparent 300 101–2809 Film Black,

Transparent 200 1235–2809

S2 7 Film, Fiber Transparent 1600 142–3624 Film, Fiber Transparent 1200 445–3624

S3 16 Film Transparent 4900 113–4088 Film Transparent 4300 206–4088

S4 20 Film, Fiber Black,
Transparent 7100 94–4105 Film, Fiber Black,

Transparent 6100 135–4105

S5 28 Film, Fiber Transparent 7500 57–4187 Film, Fiber Transparent 7000 172–4187

S6 34 Film, Fiber Transparent 10500 73–3961 Film, Fiber Transparent 9700 121–3961
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3.2. Recovery of MPs

The existing methods often use the same solution when repeating the MP separation
experiment. In this study, after three repeated centrifugations using a mixed solution of
saturated NaCl solution and olive oil, we found that a little olive oil was still attached to the
inner wall of the centrifuge tube, which caused some remaining MPs to be retained in the
tube. More MPs could be obtained when n-hexane was used instead of olive oil during the
third centrifugation. We further evaluated the MP recovery rate with the separation method
using different solutions during the third centrifugation (Figure 6). The mean recovery rate
is 84.8 ± 9.6% (n = 18) with a mixed solution of NaCl and olive oil and 95.4 ± 6.0% (n = 18)
when the mixed solution was NaCl and n-hexane. The purpose of using n-hexane is to
dissolve the residual olive oil and enhance its fluidity so as to obtain more microplastics,
which is based on the principle of “like dissolves like.” The results demonstrate that adding
n-hexane to tubes during the third centrifugation can improve the recovery rate of MPs.
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3.3. An AMF-MPs Identification Model

We proposed an AMF-MPs identification model (Figure 7) based on the follow-
ing characteristics:

(a) Color: transparent or black. Most of the agricultural mulching films used in the study
area are transparent, and a few are black, which determines the color of the MPs.
Impurities with other colors can thus be excluded.

(b) Thickness: uniform. The fibrous MP curls up and becomes thinner at both ends
(Figure S3).

(c) Brightness: medium. As shown in Figure S4, MPs originating from transparent films
often exhibit lower brightness than NaCl crystals, glass, and other polymer fragments,
mainly due to their lower reflectivity. It becomes brighter only when light is reflected
from the folds. In addition, the brightness of MPs originating from transparent films
is higher than that of the film-like digested organic matter.

(d) Shape: film or fiber.
(e) Surface texture: irregular. Contrary to AMF-MPs, the surface of digested organic

matter such as straw and leaves will have regular and dense textures.
(f) Breakage: irregular holes with some localized areas intact. The size and distribution

of holes are both irregular. In contrast to organic matter, MPs do not have penetrating
cracks due to their good flexibility.

(g) Boundary: complete and clear. MPs have white and clear outlines due to refracted light.
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Figure 8 shows the characteristics of MPs and digested organic matter at multiple
magnifications. After eliminating obvious impurities during the visual inspection, MPs can
be identified using the AMF-MPs identification model. The most typical characteristic of
AMF-MPs is uniform thickness, which is due to the feature of AMFs. The second significant
characteristic is surface texture. The surfaces of digested organic matter, such as straw
and leaves, often show regular and dense grids or lines, which are the original structures
of plants. However, MPs have been in the soil for a long time, resulting in the formation
of tiny holes with irregular shapes and sizes due to wear, corrosion, and decomposition.
Additionally, when MPs are small enough, some of their characteristics may be lost. Our
batch experiments using the AMF-MPs identification model found that the minimum size
of MPs identified was 51 ± 3 µm.

3.4. Time and Economic Cost

To determine the time and economic cost of implementing this approach, we conducted
batch experiments using actual soil samples. The efficiency of the batch experiments
was found to be higher when more advanced experimental apparatuses were used. We
utilized three sets of common laboratory apparatuses (listed in Table S1) for the separation
experiments, allowing us to process up to 18 soil samples per batch. Multiple batches of
experiments can be conducted consecutively. For instance, as illustrated in Figure 9, the
separation of MPs from 54 soil samples can be completed in 4.5 h using this approach.
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We conducted a comparison of our approach with four existing methods, assuming the
same number of apparatuses were used based on separation times described in previous
studies [18,21,22,26]. Our findings show that as the sample number processed in batches
increased, the separation time for MPs decreased using our approach (Figure 9A). Addi-
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tionally, our approach yielded a higher mean recovery rate for MPs made of PE material
compared to the other methods (Figure 9B).

Moreover, our approach allowed for the synchronous processing of soil samples,
digestion, and purification of each batch, without any time conflicts. As a result, the time
needed for these two steps can be ignored. We also utilized the AMF-MPs identification
model to identify and quantify MPs, and each sample took an average of 20 to 30 min to
process. The purchase cost of consumable materials and reagents for each soil sample using
our method was approximately 2.5 US dollars.

Our data indicate that conducting batch experiments using the proposed approach is
more efficient in terms of time and cost compared to other approaches.

4. Conclusions

Accurately and rapidly separating and identifying microplastics in soil remains a
big challenge, especially when a large number of soil samples need to be analyzed. We
proposed a method for separating microplastics, which combines density separation and
oil separation, whereby a solution of olive oil (or n-hexane) mixed with saturated sodium
chloride is utilized. The average recovery rate of MPs was found to be 95%, which was
confirmed through control experiments that demonstrated how rinsing filter membranes
with ultrapure water could increase the filtration rate and purification after digestion could
yield more accurate data on MPs in soils. Using a model, we were able to identify the
minimum size of MPs as 51 ± 3 µm. This method was able to separate MPs from 54 soil
samples in just 4.5 h, with a cost of approximately 2.5 USD per soil sample. Compared
with previous methods, this approach had a shorter separation time and a higher mean
recovery rate, making it easier to implement in batches due to the availability of common
laboratory equipment and consumable materials. Given olive oil’s strong affinity with most
polymers, further studies are needed to test this approach with MPs of different materials
and densities to determine its applicability in diverse soil environments.

Supplementary Materials: The following supporting information can be downloaded at: https:
//www.mdpi.com/article/10.3390/toxics11050461/s1. More detailed descriptions of microscopic
analysis; Figure S1: Location of sampling sites; Figure S2: The µ-FTIR spectrum of AMF-MP: the
polymer type is PE; Figure S3: Observation of MPs under stereoscopy: (A) black film MPs; fiber
MPs in different colors of (B) black and (C) transparent; Figure S4: Distinguish between MPs (red
circle), organic matters (orange circle) and impurities (blue circle) on MCE filter membranes. Images
showing examples of MPs in different colors and shapes; Figure S5: Microscope used to identify MPs:
Equipping with white side light can enhance the three-dimensional effect of collections; Table S1
Main apparatus and consumable materials of this study [41–44].

Author Contributions: Conceptualization, S.Z. and W.L.; methodology, S.Z. and W.L.; software, W.L.;
validation, S.Z. and Q.Z.; formal analysis, Q.Z.; investigation, G.J. and X.L.; resources, A.B.; data
curation, S.Z.; writing—original draft preparation, S.Z.; writing—review and editing, S.Z. and Q.Z.;
visualization, G.J. and X.L.; supervision, A.B.; project administration, Q.Z.; funding acquisition, Q.Z.
and W.L. All authors have read and agreed to the published version of the manuscript.

Funding: This research was funded by High-level Talent Introduction Project in Xinjiang Uygur
Autonomous Region (Grant Number 644151001), the Shenzhen Science and Technology Program
(Grant Number ZDSYS20210623091808026), and Natural Science Foundation of Xinjiang Uygur
Autonomous Region (Grant Number 2022D01A345).

Institutional Review Board Statement: Not applicable.

Informed Consent Statement: Not applicable.

Data Availability Statement: No data are available at the moment due to privacy requirements.

Acknowledgments: The authors wish to thank Shixin Wu (Urumqi, China) for their valuable sugges-
tions on fieldwork.

Conflicts of Interest: The authors declare no conflict of interest.

https://www.mdpi.com/article/10.3390/toxics11050461/s1
https://www.mdpi.com/article/10.3390/toxics11050461/s1


Toxics 2023, 11, 461 12 of 13

References
1. Thompson, R.C.; Olsen, Y.; Mitchell, R.P.; Davis, A.; Rowland, S.J.; John, A.W.G.; McGonigle, D.; Russell, A.E. Lost at Sea: Where

Is All the Plastic? Science 2004, 304, 838. [CrossRef] [PubMed]
2. Geyer, R.; Jambeck, J.R.; Law, K.L. Production, use, and fate of all plastics ever made. Sci. Adv. 2017, 3, e1700782. [CrossRef]

[PubMed]
3. Huang, Y.; Liu, Q.; Jia, W.; Yan, C.; Wang, J. Agricultural plastic mulching as a source of microplastics in the terrestrial environment.

Environ. Pollut. 2020, 260, 114096. [CrossRef] [PubMed]
4. Wright, S.L.; Kelly, F.J. Plastic and Human Health: A Micro Issue? Environ. Sci. Technol. 2017, 51, 6634–6647. [CrossRef] [PubMed]
5. Liu, S.; Huang, J.; Zhang, W.; Shi, L.; Yi, K.; Yu, H.; Zhang, C.; Li, S.; Li, J. Microplastics as a vehicle of heavy metals in aquatic

environments: A review of adsorption factors, mechanisms, and biological effects. J. Environ. Manag. 2022, 302, 113995. [CrossRef]
[PubMed]

6. Qi, R.; Jones, D.L.; Li, Z.; Liu, Q.; Yan, C. Behavior of microplastics and plastic film residues in the soil environment: A critical
review. Sci. Total Environ. 2020, 703, 134722. [CrossRef] [PubMed]

7. Isobe, A.; Uchiyama-Matsumoto, K.; Uchida, K.; Tokai, T. Microplastics in the Southern Ocean. Mar. Pollut. Bull. 2017, 114,
623–626. [CrossRef] [PubMed]

8. Besley, A.; Vijver, M.G.; Behrens, P.; Bosker, T. A standardized method for sampling and extraction methods for quantifying
microplastics in beach sand. Mar. Pollut. Bull. 2017, 114, 77–83. [CrossRef]

9. Amélineau, F.; Bonnet, D.; Heitz, O.; Mortreux, V.; Harding, A.M.A.; Karnovsky, N.; Walkusz, W.; Fort, J.; Grémillet, D.
Microplastic pollution in the Greenland Sea: Background levels and selective contamination of planktivorous diving seabirds.
Environ. Pollut. 2016, 219, 1131–1139. [CrossRef]

10. Obbard, R.W.; Sadri, S.; Wong, Y.Q.; Khitun, A.A.; Baker, I.; Thompson, R.C. Global warming releases microplastic legacy frozen
in Arctic Sea ice. Earth’s Future 2014, 2, 315–320. [CrossRef]

11. Galloway, T.S.; Lewis, C.N. Marine microplastics spell big problems for future generations. Proc. Natl. Acad. Sci. USA 2016, 113,
2331–2333. [CrossRef] [PubMed]

12. Jambeck, J.R.; Geyer, R.; Wilcox, C.; Siegler, T.R.; Perryman, M.; Andrady, A.; Narayan, R.; Law, K.L. Plastic waste inputs from
land into the ocean. Science 2015, 347, 768–771. [CrossRef] [PubMed]

13. Nizzetto, L.; Futter, M.; Langaas, S. Are Agricultural Soils Dumps for Microplastics of Urban Origin? Environ. Sci. Technol. 2016,
50, 10777–10779. [CrossRef] [PubMed]

14. Zhang, S.; Bao, A.; Lin, X.; Jia, G.; Zhang, Q. Microplastic Accumulation in Agricultural Soils with Different Mulching Histories in
Xinjiang, China. Sustainability 2023, 15, 5438. [CrossRef]

15. Phuong, N.N.; Poirier, L.; Lagarde, F.; Kamari, A.; Zalouk-Vergnoux, A. Microplastic abundance and characteristics in French
Atlantic coastal sediments using a new extraction method. Environ. Pollut. 2018, 243, 228–237. [CrossRef]

16. Zhang, S.; Yang, X.; Gertsen, H.; Peters, P.; Salanki, T.; Geissen, V. A simple method for the extraction and identification of light
density microplastics from soil. Sci. Total Environ. 2018, 616–617, 1056–1065. [CrossRef]

17. Scopetani, C.; Chelazzi, D.; Mikola, J.; Leinio, V.; Heikkinen, R.; Cincinelli, A.; Pellinen, J. Olive oil-based method for the extraction,
quantification and identification of microplastics in soil and compost samples. Sci. Total Environ. 2020, 733, 139338. [CrossRef]

18. Crichton, E.M.; Noël, M.; Gies, E.A.; Ross, P.S. A novel, density-independent and FTIR-compatible approach for the rapid
extraction of microplastics from aquatic sediments. Anal. Methods 2017, 9, 1419–1428. [CrossRef]

19. Mani, T.; Frehland, S.; Kalberer, A.; Burkhardt-Holm, P. Using castor oil to separate microplastics from four different environmental
matrices. Anal. Methods 2019, 11, 1788–1794. [CrossRef]

20. Han, X.; Lu, X.; Vogt, R.D. An optimized density-based approach for extracting microplastics from soil and sediment samples.
Environ. Pollut. 2019, 254, 113009. [CrossRef]

21. Liu, M.; Song, Y.; Lu, S.; Qiu, R.; Hu, J.; Li, X.; Bigalke, M.; Shi, H.; He, D. A method for extracting soil microplastics through
circulation of sodium bromide solutions. Sci. Total Environ. 2019, 691, 341–347. [CrossRef] [PubMed]

22. Zhou, B.; Wang, J.; Zhang, H.; Shi, H.; Fei, Y.; Huang, S.; Tong, Y.; Wen, D.; Luo, Y.; Barcelo, D. Microplastics in agricultural soils
on the coastal plain of Hangzhou Bay, east China: Multiple sources other than plastic mulching film. J. Hazard. Mater. 2020,
388, 121814. [CrossRef]

23. Grbic, J.; Nguyen, B.; Guo, E.; You, J.B.; Sinton, D.; Rochman, C.M. Magnetic Extraction of Microplastics from Environmental
Samples. Environ. Sci. Technol. Lett. 2019, 6, 68–72. [CrossRef]

24. Rhein, F.; Scholl, F.; Nirschl, H. Magnetic seeded filtration for the separation of fine polymer particles from dilute suspensions:
Microplastics. Chem. Eng. Sci. 2019, 207, 1278–1287. [CrossRef]

25. Li, W.; Wufuer, R.; Duo, J.; Wang, S.; Luo, Y.; Zhang, D.; Pan, X. Microplastics in agricultural soils: Extraction and characterization
after different periods of polythene film mulching in an arid region. Sci. Total Environ. 2020, 749, 141420. [CrossRef] [PubMed]

26. Felsing, S.; Kochleus, C.; Buchinger, S.; Brennholt, N.; Stock, F.; Reifferscheid, G. A new approach in separating microplastics
from environmental samples based on their electrostatic behavior. Environ. Pollut. 2018, 234, 20–28. [CrossRef]

27. Fuller, S.; Gautam, A. A Procedure for Measuring Microplastics using Pressurized Fluid Extraction. Environ. Sci. Technol. 2016, 50,
5774–5780. [CrossRef]

28. Dierkes, G.; Lauschke, T.; Becher, S.; Schumacher, H.; Földi, C.; Ternes, T. Quantification of microplastics in environmental samples
via pressurized liquid extraction and pyrolysis-gas chromatography. Anal. Bioanal. Chem. 2019, 411, 6959–6968. [CrossRef]

https://doi.org/10.1126/science.1094559
https://www.ncbi.nlm.nih.gov/pubmed/15131299
https://doi.org/10.1126/sciadv.1700782
https://www.ncbi.nlm.nih.gov/pubmed/28776036
https://doi.org/10.1016/j.envpol.2020.114096
https://www.ncbi.nlm.nih.gov/pubmed/32041035
https://doi.org/10.1021/acs.est.7b00423
https://www.ncbi.nlm.nih.gov/pubmed/28531345
https://doi.org/10.1016/j.jenvman.2021.113995
https://www.ncbi.nlm.nih.gov/pubmed/34700080
https://doi.org/10.1016/j.scitotenv.2019.134722
https://www.ncbi.nlm.nih.gov/pubmed/31767311
https://doi.org/10.1016/j.marpolbul.2016.09.037
https://www.ncbi.nlm.nih.gov/pubmed/27686822
https://doi.org/10.1016/j.marpolbul.2016.08.055
https://doi.org/10.1016/j.envpol.2016.09.017
https://doi.org/10.1002/2014EF000240
https://doi.org/10.1073/pnas.1600715113
https://www.ncbi.nlm.nih.gov/pubmed/26903632
https://doi.org/10.1126/science.1260352
https://www.ncbi.nlm.nih.gov/pubmed/25678662
https://doi.org/10.1021/acs.est.6b04140
https://www.ncbi.nlm.nih.gov/pubmed/27682621
https://doi.org/10.3390/su15065438
https://doi.org/10.1016/j.envpol.2018.08.032
https://doi.org/10.1016/j.scitotenv.2017.10.213
https://doi.org/10.1016/j.scitotenv.2020.139338
https://doi.org/10.1039/C6AY02733D
https://doi.org/10.1039/C8AY02559B
https://doi.org/10.1016/j.envpol.2019.113009
https://doi.org/10.1016/j.scitotenv.2019.07.144
https://www.ncbi.nlm.nih.gov/pubmed/31323579
https://doi.org/10.1016/j.jhazmat.2019.121814
https://doi.org/10.1021/acs.estlett.8b00671
https://doi.org/10.1016/j.ces.2019.07.052
https://doi.org/10.1016/j.scitotenv.2020.141420
https://www.ncbi.nlm.nih.gov/pubmed/32836118
https://doi.org/10.1016/j.envpol.2017.11.013
https://doi.org/10.1021/acs.est.6b00816
https://doi.org/10.1007/s00216-019-02066-9


Toxics 2023, 11, 461 13 of 13

29. He, D.; Luo, Y.; Lu, S.; Liu, M.; Song, Y.; Lei, L. Microplastics in soils: Analytical methods, pollution characteristics and ecological
risks. Trends Anal. Chem. 2018, 109, 163–172. [CrossRef]

30. Shim, W.J.; Song, Y.K.; Hong, S.H.; Jang, M. Identification and quantification of microplastics using Nile Red staining.
Mar. Pollut. Bull. 2016, 113, 469–476. [CrossRef]

31. Yang, L.; Zhang, Y.; Kang, S.; Wang, Z.; Wu, C. Microplastics in soil: A review on methods, occurrence, sources, and potential risk.
Sci. Total Environ. 2021, 780, 146546. [CrossRef] [PubMed]

32. Li, J.; Liu, H.; Chen, J.P. Microplastics in freshwater systems: A review on occurrence, environmental effects, and methods for
microplastics detection. Water Res. 2018, 137, 362–374. [CrossRef]

33. Zhang, Z.; Zhao, S.; Chen, L.; Duan, C.; Zhang, X.; Fang, L. A review of microplastics in soil: Occurrence, analytical methods,
combined contamination and risks. Environ. Pollut. 2022, 306, 119374. [CrossRef] [PubMed]

34. Peñalver, R.; Arroyo-Manzanares, N.; López-García, I.; Hernández-Córdoba, M. An overview of microplastics characterization by
thermal analysis. Chemosphere 2020, 242, 125170. [CrossRef] [PubMed]

35. Grause, G.; Kuniyasu, Y.; Chien, M.F.; Inoue, C. Separation of microplastic from soil by centrifugation and its application to
agricultural soil. Chemosphere 2022, 288, 132654. [CrossRef] [PubMed]

36. Fuchs, F.J. 19—Ultrasonic cleaning and washing of surfaces. In Power Ultrasonics; Gallego-Juárez, J.A., Graff, K.F., Eds.; Woodhead
Publishing: Oxford, UK, 2015; pp. 577–609.

37. Qin, Y.; Song, F.; Ai, Z.; Zhang, P.; Zhang, L. Protocatechuic Acid Promoted Alachlor Degradation in Fe(III)/H2O2 Fenton System.
Environ. Sci. Technol. 2015, 49, 7948–7956. [CrossRef]

38. Mahon, A.M.; O’Connell, B.; Healy, M.G.; O’Connor, I.; Officer, R.; Nash, R.; Morrison, L. Microplastics in Sewage Sludge: Effects
of Treatment. Environ. Sci. Technol. 2017, 51, 810–818. [CrossRef]

39. Zhao, S.; Zhang, Z.; Chen, L.; Cui, Q.; Cui, Y.; Song, D.; Fang, L. Review on migration, transformation and ecological impacts of
microplastics in soil. Appl. Soil Ecol. 2022, 176, 104486. [CrossRef]

40. Moller, J.N.; Loder, M.G.J.; Laforsch, C. Finding Microplastics in Soils: A Review of Analytical Methods. Environ. Sci. Technol.
2020, 54, 2078–2090. [CrossRef]

41. Zhang, Y.; Kang, S.; Allen, S.; Allen, D.; Gao, T.; Sillanpää, M. Atmospheric microplastics: A review on current status and
perspectives. Earth-Sci. Rev. 2020, 203, 103118. [CrossRef]

42. Bagheri, T.; Gholizadeh, M.; Abarghouei, S.; Zakeri, M.; Hedayati, A.; Rabaniha, M.; Aghaeimoghadam, A.; Hafezieh, M.
Microplastics distribution, abundance and composition in sediment, fishes and benthic organisms of the Gorgan Bay, Caspian sea.
Chemosphere 2020, 257, 127201. [CrossRef] [PubMed]

43. Khan, M.A.; Huang, Q.; Khan, S.; Wang, Q.; Huang, J.; Fahad, S.; Sajjad, M.; Liu, Y.; Masek, O.; Li, X.; et al. Abundance,
spatial distribution, and characteristics of microplastics in agricultural soils and their relationship with contributing factors.
J. Environ. Manag. 2023, 328, 117006. [CrossRef] [PubMed]

44. Leitao, I.A.; van Schaik, L.; Ferreira, A.J.D.; Alexandre, N.; Geissen, V. The spatial distribution of microplastics in topsoils of an
urban environment—Coimbra city case-study. Environ. Res. 2023, 218, 114961. [CrossRef] [PubMed]

Disclaimer/Publisher’s Note: The statements, opinions and data contained in all publications are solely those of the individual
author(s) and contributor(s) and not of MDPI and/or the editor(s). MDPI and/or the editor(s) disclaim responsibility for any injury to
people or property resulting from any ideas, methods, instructions or products referred to in the content.

https://doi.org/10.1016/j.trac.2018.10.006
https://doi.org/10.1016/j.marpolbul.2016.10.049
https://doi.org/10.1016/j.scitotenv.2021.146546
https://www.ncbi.nlm.nih.gov/pubmed/33770602
https://doi.org/10.1016/j.watres.2017.12.056
https://doi.org/10.1016/j.envpol.2022.119374
https://www.ncbi.nlm.nih.gov/pubmed/35490998
https://doi.org/10.1016/j.chemosphere.2019.125170
https://www.ncbi.nlm.nih.gov/pubmed/31675574
https://doi.org/10.1016/j.chemosphere.2021.132654
https://www.ncbi.nlm.nih.gov/pubmed/34718018
https://doi.org/10.1021/es506110w
https://doi.org/10.1021/acs.est.6b04048
https://doi.org/10.1016/j.apsoil.2022.104486
https://doi.org/10.1021/acs.est.9b04618
https://doi.org/10.1016/j.earscirev.2020.103118
https://doi.org/10.1016/j.chemosphere.2020.127201
https://www.ncbi.nlm.nih.gov/pubmed/32512330
https://doi.org/10.1016/j.jenvman.2022.117006
https://www.ncbi.nlm.nih.gov/pubmed/36521215
https://doi.org/10.1016/j.envres.2022.114961
https://www.ncbi.nlm.nih.gov/pubmed/36495955

	Introduction 
	Materials and Methods 
	Sample Collection and Pretreatment 
	Separation of MPs 
	Digestion of Organic Matters 
	MPs Identification and Quantification 
	Selection of Filter Membrane 
	Controlled Experiments and Evaluation 

	Results and Discussion 
	Optimization of the Methods 
	Accelerating Filtration 
	Purification of MPs 

	Recovery of MPs 
	An AMF-MPs Identification Model 
	Time and Economic Cost 

	Conclusions 
	References

