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Abstract: Electrospinning is a versatile tool used to produce highly customizable nonwoven nanofiber
mats of various fiber diameters, pore sizes, and alignment. It is possible to create electrospun mats
from synthetic polymers, biobased polymers, and combinations thereof. The post-processing of the
end products can occur in many ways, such as cross-linking, enzyme linking, and thermal curing, to
achieve enhanced chemical and physical properties. Such multi-factor tunability is very promising
in applications such as tissue engineering, 3D organs/organoids, and cell differentiation. While the
established methods involve the use of soluble small molecules, growth factors, stereolithography, and
micro-patterning, electrospinning involves an inexpensive, labor un-intensive, and highly scalable
approach to using environmental cues, to promote and guide cell proliferation, migration, and
differentiation. By influencing cell morphology, mechanosensing, and intracellular communication,
nanofibers can affect the fate of cells in a multitude of ways. Ultimately, nanofibers may have the
potential to precisely form whole organs for tissue engineering, regenerative medicine, and cellular
agriculture, as well as to create in vitro microenvironments. In this review, the focus will be on the
mechanical and physical characteristics such as porosity, fiber diameter, crystallinity, mechanical
strength, alignment, and topography of the nanofiber scaffolds, and the impact on cell proliferation,
migration, and differentiation.

Keywords: tissue engineering; scaffolds; mechanotransduction; biophysical cues; electrospinning

1. Introduction
1.1. Nanofiber Scaffolds in Tissue Engineering

Scaffolds are an important part of the grand challenge of creating whole organs in
the field of tissue engineering and regenerative medicine. Mechanotransduction is a
powerful tool for initiating and maintaining intercellular events, including cascades of
protein signaling, which can lead to adhesion, propagation, and differentiation. Mechanical
cues have been shown to be 40 times faster than biochemical cues in inducing signaling
in some cases [1]. While micropatterning and other microfabrication techniques [2,3] can
recapitulate the intricately structured microenvironment of native tissue, these fabrication
techniques lack the scalability and cost effectiveness of electrospinning. More recently,
there has been interest in mass production. Furthermore, there is an ever-pressing need for
realistic models for in vitro analysis and in vivo applications. In all these applications, there

Fibers 2023, 11, 39. https://doi.org/10.3390/fib11050039 https://www.mdpi.com/journal/fibers

https://doi.org/10.3390/fib11050039
https://doi.org/10.3390/fib11050039
https://creativecommons.org/
https://creativecommons.org/licenses/by/4.0/
https://creativecommons.org/licenses/by/4.0/
https://www.mdpi.com/journal/fibers
https://www.mdpi.com
https://orcid.org/0000-0003-2087-4189
https://orcid.org/0000-0001-5209-3577
https://orcid.org/0000-0001-5556-7707
https://doi.org/10.3390/fib11050039
https://www.mdpi.com/journal/fibers
https://www.mdpi.com/article/10.3390/fib11050039?type=check_update&version=3


Fibers 2023, 11, 39 2 of 40

is an inherent need to understand the relationships that exist between scaffold properties
and cells. The ability to tune these properties appears to be the key to establishing 3D cell
cultures, organ-on-chip, organoids, and in vitro models. As an example, a scaffold made
from poly(lactic-co-glycolic acid) for primary human bone marrow stromal cell is shown in
Figure 1. Poly(lactic-co-glycolic acid) nanofibers obtained from electrospinning were used
as a substrate to culture primary human bone marrow stromal cells. As seen in Figure 1, the
nanofibers promote the adhesion, elongation, and infiltration of the cells into the nanofibers
by providing a 3D environment for the cells.
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Figure 1. Primary human bone marrow stromal cells cultured 24 h in an electrospun fiber scaffold
made of poly(lactic-co-glycolic acid), with a nominal fiber diameter of 2.7 µm. The 3D render-
ing was created from z-stacks captured by confocal fluorescence microscopy using a cell channel
(OregonGreen-Maleimide 488) and a scaffold channel (Flamma Fluor FKR648). The fibers were
rendered fluorescent by spiking fluor into the polymer solution prior to electrospinning. Image
Credit: Carl Simon, NIST.

The extracellular matrix (ECM) is known to play a key role in tissue homeostasis and
function. For example, the mechanical regulation of ECM stiffness plays an important role
in cell growth, differentiation, and migration [4–8]. Much work has focused on presenting
the biochemical environment surrounding the extracellular matrix around different organ
systems, or replicating the biomechanical features of the ECM as experienced by the
cells [9]. Natural and synthetic materials have been explored and different techniques
to establish the ECM, such as patterned substrates, hydrogels, soft biopolymers, and
nanofibers, have been reported [10–13]. Nanofiber scaffolds are characterized according
to the mechanical properties of the fibers, pore size, crystallinity, and fiber alignment and
morphology. Each one of these attributes, by itself or in combination, uniquely impacts
cell adhesion, alignment, proliferation, and differentiation. For example, the elasticity
and stiffness of the substrate have been reported to impact cell migration [7,8,14]. This
is attributed to “Durotaxis”, or the response to mechanical stiffness, and refers to the
preferential migration observed in cells cultured on stiffer substrates, as compared to less
rigid or softer substrates.

In addition, in nanofibers, other parameters can be manipulated that directly affect
cell adhesion and proliferation. Porosity is a measurement of the percent of open space in
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electrospun mats, and pore size is the average diameter of these open spaces [15]. Pore size
can be controlled through various electrospinning parameters and post-processing steps,
though there is conflicting research regarding the influence of fiber size on pore size [16,17].
Pore sizes can range from nanometers to a few millimeters. While nanoscale pores have
been shown to impact the formation of collagen and ECM [18], cell density, migration, and
vascularization are impacted by macroscale pores [19–21]. Furthermore, cell migration is
reported to be linearly dependent on pore size [22]. Microenvironmental properties are
crucial to determine the fate of mesenchymal stem cells (MSCs). It has been shown that
simple alterations in the pore size of honeycomb scaffolds can change the fate of MSCs
of forming myogenic or osteogenic cells, based on osteopontin and MyoD1 staining [23].
Thus, the ability to control stiffness, porosity, and pore size has a direct impact on tissue
engineering and potential applications in regenerative medicine [24].

Nanofiber alignment not only significantly impacts the mechanical properties of
meshes [25], but also has a direct effect on actin alignment in MSCs [26]. Many studies
have shown that the fiber orientation of the substratum influences cell adhesion and
growth, [27–29], and modulates the elongated cellular patterns that are typical of native
tissues [30,31]. Nanofiber scaffolds with a topography such as native tissue have the
ability to direct the alignment of cells and subcellular structures, and successively allow
for the deposition of collagen along the electrospun nanofiber direction that will result in
an increase in the tensile properties of the new tissue [32]. Aligned nanofiber scaffolds
exhibited a higher modulus than the random nanofibers in a study reported by Pauly et al.
(2016) [9]. They also reported scaffolds with mechanical properties (modulus, yield stress,
and yield strain) within the range of native tissues. Similarly, in the muscles, the muscle
fibers are aligned along an axis and are formed by a single cell [33]. This uniaxial alignment
is the key in developing engineered muscle tissues. Such physiologically relevant models
could prove to be a suitable alternative to animal models for drug testing.

In addition to alignment, the fiber diameter directly impacts the mechanical strength of
the nanofiber scaffolds and affects the growth of various tissues. The mechanical properties
of the nanofiber scaffolds can therefore be tuned by either manipulating the alignment, fiber
morphology, or a combination of the features. Similarly, changes in crystallinity impact
mechanical properties of nanofibers, which dictates the outcomes for differentiation. The
swelling of the fibers and the degree of crystallinity, in turn, affects the behavior of cells
seeded on the scaffold. Thus, the properties can be tuned to influence outcomes such as
the differentiation of either muscle [34,35] or bone [36,37] tissues through the modulation
of mechanical properties. It has also been shown that myogenic differentiation typically
prefers increases in elasticity over the enhancement of crystallinity [38,39], while osteogenic
differentiation is greatly enhanced by crystallinity increases, despite drastic reductions in
elasticity and strength [40,41].

Three-dimensional nanofiber-based in vitro systems could be more affordable and
effective than animal models which are often costly, labor intensive, and potentially ethi-
cally controversial [42]. Hence, creating platforms that accurately recapitulate the tissue
environment for precise regenerative applications is of pressing importance.

Many techniques have been advanced for fabricating fiber scaffolds, including, but
not limited to, the following: electrospinning, forcespinning [43], meltspinning [44], pneu-
matospinning [45], blowspinning [46], melt-electrowriting [47], melt extrusion [48], wet
extrusion [49], fused deposition [50], liquid crystal deposition [51], electrochemical align-
ment [52], drawing [53], spinning, knitting [54], weaving [55], braiding [56], powder bed
fusion (laser sintering), vat photopolymerization (stereolithography) [57], binder jetting [58],
directed energy deposition [59], self-assembly (for example, fibrillogenesis) [60], and hybrid
approaches [15]. Although electrospun fibers are the primary focus, this article has bearing
on fibers made via any of these methods.

Although the characterization of fiber constructs is important, this topic is not covered
in the current review. The reader may refer to the FDA guidance on surgical meshes [61],
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the ASTM standard guide for characterizing fiber-based constructs [15], and a recent
review [62] for further information of this specific topic.

1.2. Electrospinning

Electrospinning is a versatile technique invented in 1931 by Anton Formhals [63],
during which electrostatic forces are used to atomize polymer solutions for the fabrication
of nanofibers and scaffolds with complex geometries [64–68]. A typical electrospinning
setup consists of a power source, a syringe pump connected to a narrow needle via tubing,
and a collector (Figure 2). Electrospinning conventionally uses a direct current (direct
electrospinning), though alternating current electrospinning has been employed as well for
enhanced production [69]. In electrospinning, a voltage bias is applied across the needle and
the collector, on the surface of which nanostructures are obtained in the form of nanofibers
and nanoparticles, depending on the parameters used for electrospinning. A Taylor cone is
created when the electric field is greater than the surface tension of the polymer solution.
The charged polymer solution travels to the oppositely charged voltage bias (collector) in
the form of a jet. The jet elongates along a linear trajectory and then splits into multiple
streams caused by solvent evaporation and divergent electric field forces. The jet flow
becomes more turbulent as it approaches the collector, and this chaotic motion is affected by
solution properties, collector distance, and voltage. These parameters subsequently affect
the crystallinity and lattice structure of the polymeric nanostructures. Other electrospinning
parameters, such as collector properties and environmental factors, also dictate nanofiber
outcomes [70]. Environmental conditions, namely temperature, humidity and atmospheric
pressure, affect the formation of the Taylor cone and resultant nanostructures. This has been
used to make unique nanostructures [71–73]. Climate controlled setups are currently being
used to improve the reproductivity of the formation of nanostructures. The collector, which
can be a solid or liquid surface, can also lead to the formation of unique nanostructures,
depending on the type of collector used [74]. To better understand the electrospinning
processes and provide the means to theoretically determine the formation of the Taylor
cone, properties of the resultant nanostructure and ideal electrospinning conditions, we
direct the readers to these excellent references [71–81].

Electrospinning parameters and their outcomes have been studied extensively, and the
customization of these outcomes holds great promise for the field of creating diverse tissue
engineering nanomaterials. Factors such as electric field, negative electric bias, and alter-
nating voltage have been used to alter the morphology of nanostructures [69,82]. Various
collector configurations, including rotating drums, patterned collectors, liquid-containing
collectors, parallel electrodes, and magnetically charged electrodes have been used to diver-
sify nanostructure morphology [83–89]. Spinneret modifications, such as coaxial spinnerets,
multi-axle spinneret, melt, in-line polymer blending, and co-electrospinning configurations
have been used to create complex 3D patterns and multi-material structures [90–92]. The
properties of the polymeric solution, including solubility of the polymer in the solvent,
polymer flow rate, polymer viscosity, molecular weight of the polymer, boiling point of
the solvent, presence of additives, miscibility of the solution and, in certain cases, the mag-
netic properties of the solution [93,94], contribute to the structure, morphology, porosity
and other characteristics of the fibers produced. Sacrificial polymers can also be added
to electrospinning solutions, and later dissolve or thermally degrade to create porous or
mesoporous structures [95].

A large number of synthetic, natural and mixed polymer blends have been used for
electrospinning scaffolds [96–100]. The choice of material used is greatly dependent on the
intended application. It is also dependent upon the specific tissue type, although this has
not been fully explored. However, an important criterium is to ensure the biocompatibility
of the materials used to synthesize the scaffold. Biocompatibility is defined as “the ability
of a material to perform with an appropriate host response in a specific application.” The
review by Ghasemi-Mobarakeh et al., (2019), highlights some of the key concepts and
terminology in biomaterial design and biocompatibility [101]. The following sections will
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focus on some of the specific mechanical characteristics that are important for engineering
tissues, challenges associated with it, and the current research focus.
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2. Nanofiber Structure and Properties Affecting Outcomes in Engineered Tissues
2.1. The Morphology of Nanofibers Influences Tissue Growth
2.1.1. The Alignment and Pore Size of Nanofiber Scaffolds Positively Influence Myogenic
Differentiation

The in vivo myogenic environment is comprised of both nanoscale collagen fibrils
and aligned microscale basal lamina tracks. Spatial cues, such as nanofiber align-
ment and porosity, are significant in determining the fate of stem cells toward muscle.
The positive influence of alignment on muscle differentiation has been widely ex-
plored [3,70–77]. Muscle fibers are aligned along an axis and are formed by a single
cell [33]. Aligned scaffolds mimic the microenvironment of native muscle tissue, as well
as increase bulk modulus and improve surface wetting [34]. Nanofibers can be aligned
to create myogenic differentiation outcomes similar to that of micropatterned substrates.
Myofibers grown on aligned polycaprolactone (PCL) nanofibers, for example, show align-
ment analogous to that of micropatterned PDMS, with muscle fibers aligning within 20◦ of
nanofibers, exactly as in micropatterned PDMS [3]. Such scaffolds create muscle fibers with
a myosin-heavy chain (MyHC) molecule content 10-fold greater than randomly oriented
fibers. Aligned nanofibers increase the fusion index and myotube length of randomly
oriented poly(hydroxybutyrate) PHB in H9c2 rat myoblasts, and C2C12 myoblasts form
600 µm myotubes in aligned PHB [103]. MyHC increased 8-fold in C2C12 cells differ-
entiated on aligned 2:1 PCL, i.e., chitosan nanofibers compared to 2D films of the same
composition [35]. Fujie et al. (2015) showed that myoblasts can be spatially coordinated
and differentiated on aligned nanoribbons [104]. Alignment can also create scaffolds with
moduli, more appropriate for myogenesis than their randomly oriented counterparts [35].
Studies recapitulating the nano and microscale features of native muscle with electrospin-
ning and lyophilizing have directed myogenic differentiation and created dense myotube
bundles [105].

A high porosity positively affects myogenic cell infiltration, and subsequent differenti-
ation. Recent studies have shown the need for at least 80% porosity, as well as alignment,
for directing muscle growth, especially in thick scaffolds [106]. Porosity as high as 97%
has facilitated aligned myogenesis [107]. Large-pore-size scaffolds have treated volumetric
muscle loss (VML) defects in vivo [30,31]. Kawano et al. (2013) showed that pore sizes
similar to cell size leads to the myospecific differentiation of hMSCs, and even further,
myodifferentiation can be achieved with a fiber size smaller than the cell size [29]. If pores
increase in size beyond 20 µm and the fiber diameter increases as well, cells may grow
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along fibers instead of in a 3D configuration, which could hinder growth and differenti-
ation [30]. The structure of pores can also positively influence myogenesis, with parallel
pores of 20 µm to 50 µm width, allowing for the parallel arrangement of myotubes within
pore structures. These parallel pore scaffolds achieved in vivo compatibility with force
generation in regenerated muscle [31]. Porosity can aid in promoting self-alignment of the
muscle tissue, as well as aid in nutrient and waste transport in cell culture. Such pores can
be achieved in electrospun mats through salt-leaching, laser-ablation or sacrificial polymer
addition. Porosity can also be altered through processing changes via the influence of the
fiber diameter. Evidence of correlation between fiber diameter and muscle differentiation
is conflicting, which could be due to the unpredictable ways in which pore size is influ-
enced by the fiber diameter [30,32,108,109]. Narayanan et al. (2020) [30] showed that on
aligned matrices, larger fiber diameter led to greater alignment, elongation, spreading, and
differentiation of myoblasts (Figure 3). Further research controlling for fiber diameter to
relate myogenesis and pore size is needed. The development of engineered muscle tissues
and in vitro muscle analogs for the repair and modeling of muscular wounds, muscular
dystrophy, and degenerative diseases could serve as suitable models for drug testing and
in vitro studies.
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Figure 3. Confocal images of C2C12 cells showing elongation 2 h post-seeding on matrices of (a) 335
nm and (b) 3013 nm average fiber diameter, demonstrating the ability of myoblasts to respond to fiber
diameters (red, actin cytoskeleton; blue, nuclei; green, vinculin). Scale bar: 10 µm. Quantification
of (c) alignment angle, (d) elongation ratio, and (e) cell spreading area of seeded myoblasts 2 h
post-seeding, showing enhanced myoblast alignment, elongation ratio, and cell spreading area on
matrices spun from 20% (Matrix 1), 30% (Matrix 2), and 40% (Matrix 3) PLGA w/v solutions. n ≥ 4
images for each sample. * p < 0.05 compared to Matrix 1. Image reproduced with permission from
Narayanan et al. (2020) [30].
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2.1.2. Fiber Morphology Directs Osteogenesis

It has been widely shown that bone cell maturation can be controlled by changes to
nanofiber morphology [88–96,110–112]. Simon et al. (2011) and Kumar et al. (2011) showed
that nanofiber matrices are unique in their ability to direct osteogenesis of stem cells by
providing fibrous adhesion sites and forcing elongated and highly branched morpholo-
gies similar to that of mature osteocytes [113,114]. Such studies showed that nanofibers
alone induced morphological changes in a manner similar to osteoinduction cell culture
media. Kumar et al.’s study (2011) particularly showed that of the many scaffold types,
including salt-leached, gas-foamed, phase-separated, 3D-printed and electrospun, only
electrospun nanofiber scaffolds were able to differentiate the human bone marrow stromal
cells (hBMSCs) down an osteogenic lineage without osteogenic supplements, irrespective of
polymer chemistry. Fibers may drive osteogenic differentiation through the control of cell
morphology, whereby the 3D microenvironment of the fibers enables cells to attain a more
3D morphology [115]. Fiber morphology also affects the shape and function of intracellular
organelles, including the nucleus, mitochondria, and peroxisomes [116]. There is evidence
that changes in substrate topography that change the cell shape and nuclear shape lead
to changes in chromosome positioning, gene expression and protein synthesis [117,118].
Further, cell morphology may serve as an early indicator of an osteogenic response to fiber
scaffolds [119,120].

It has been shown that aligned nanofibers cause higher osteoinduction than random
microfibers (Figure 4) [121]. It has also been shown that a larger micron-scale fiber diame-
ters of both poly L-lactic acid (PLLA) and Poly D,L-lactic acid (PDLLA) lead to a higher
proliferation, aspect ratio and alkaline phosphatase (ALP) production of a clonal murine
cell line of immature osteoblasts derived from mice (MC3T3-E1) compared to those cultured
on nanofibers [36]. Aligned fibers have been shown to significantly upregulate calcium
deposition of bone marrow stromal cells and alkaline phosphatase of preosteoblasts [122].
Efforts to recapitulate the native 10–300 nm aligned collagen fibers, upon which osteoblasts
adhere and mineralize, were made by electrospinning aligned bio-based materials and
showed high osteoconductivity [123]. Chen et al. (2013) created 3D multilayered con-
structs in which five layers of aligned and randomly oriented nanofibers, pre-seeded with
pre-osteoblasts, were overlaid to mimic the structure of in vivo tissues [23]. These struc-
tures were successful in inducing osteogenesis compared to randomly oriented scaffolds.
Aligned nanofibers can also increase stiffness and toughness, which can be beneficial to
osteogenesis and will be explored in further sections [37]. However, the underlying mecha-
nisms responsible for aligned fiber-related osteoinduction remains unclear. Some studies
have shown no influence of aligned nanotopography on osteogenic stem cell fate [124–126],
while others have shown that aligned nanotopography upregulates osteogenic stem cell
fate [23,123,127].

Ultimately, mimicking hierarchical native conditions with morphological changes to
nanofibers positively influences osteogenesis. Whether this must be through aligned fibers,
random fibers, or a combination of both, requires further investigation. There have also
been conflicting studies on nanofiber diameter impact on osteogenesis. Difficulties arise in
linking nanofiber morphology properties to osteogenesis due to the many other variables
influencing osteogenesis. For example, intercellular force, cell shape, and cell density
heavily influence osteogenesis [108,128]. Other material properties, such as mechanical
properties and surface characteristics, also play a significant role in influencing osteogenesis,
which will be explored in the later sections.
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Figure 4. ALP staining and semi-quantitative analyses at day 7 (A,B) and day 10 (C,D), showing a
higher ALP activity using aligned nanofibers, compared to randomly oriented fibers and microfibers
(** p < 0.01, * p < 0.05); and ARS staining and semi-quantitative analysis at day 21 (E). Image
reproduced with permission from Xie et al. (2021) [121].

2.2. Surface Characteristics of Nanofibers Influence Tissue Growth
2.2.1. Smooth Nanotopography and Biological Cues Influence Myogenesis

For the differentiation of muscle cells, it has been shown that smooth features at the
nanoscale level positively influence myogenesis [98,99]. It has also been shown that biolog-
ical cues, both through surface modification and the addition of biopolymers, positively
influence myogenesis. In 2D films with random nano- and microtopography, low surface
roughness positively influences myogenesis [129]. Hu et al. (2011) showed sensitivity of
C2C12 mouse muscle cells to nanometer-scale surface roughness differences caused by
the addition of tropoelastin to silk. Shin et al. (2015) showed that micron-level decreases
in surface roughness through the addition of graphene oxide and collagen to randomly
oriented PLGA fibers caused increases in attachment, proliferation, and myogenic expres-
sion of C2C12 cells [130]. While randomly oriented nanorough features on 2D substrates
show a negative correlation with myogenesis, in aligned micropatterns, there is a positive
correlation between roughness and myogenesis [131]. Nanoroughness may interrupt the
controlled alignment of muscle fibers in 2D and randomly oriented microenvironments.
However, nanoroughness also decreases contact angles with cells, which can positively in-
fluence differentiation. The contact angle effect of nanoroughness may dominate in aligned
microenvironments, thus assisting in myogenic differentiation on aligned scaffolds. This
would explain the synergistic effect of alignment and nanoroughness in a study conducted
by Patel et al. (Figure 5) (2020) [132]. Yeo et al. (2019) used aligned nanofibers to directly
enhance surface topology of 3D-printed PCL struts, and further used poly vinyl alcohol
(PVA) leaching to create fibrillation mimicking the hierarchical topography of native muscle,
significantly enhancing myogenesis compared to less realistic controls [133]. The influence
of nanorough nanofiber surfaces on myogenesis has not been studied, but may show a
synergistically positive effect on muscle growth. Though graphene oxide has been shown
to enhance surface roughness for myogenesis on hydrogels, its use as a surface roughness
modifier was overlooked in Jo et al.’s study (2020) of incorporating nanoscale graphene
oxide or nGOs into polyurethane nanofibers [39,134].
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Figure 5. Effect of fiber alignment on myoblasts differentiating into myotubes. Schematic showing
the formation of multinucleated myotubes over a 14-day period on pristine vs. CNT fibers (A).
Magnification 10× (B) and 20× (C) images showing the formation of continuous multinucleated
myotubes similar to muscle fiber bundles in cells grown on CNT fibers. Myotube fusion index (cells
containing two or more nuclei/total cells in image) (D), number of nuclei per myotube, (E) and
myotube maturation index (number of myotubes containing five or more nuclei/total number of
myotubes) (F) showing a significantly higher fusion and maturation in myoblasts seeded on CNT
fibers (* indicates p < 0.05). Image reproduced with permission from Patel et al. (2016) [132].

Biological cues also enhance the surface characteristics of scaffolds, promoting myo-
genesis. Biopolymers are often added to PCL to enhance the adhesion and differentiation
of precursors. PCL is the most used polymer for tissue engineering due to its ease of
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electrospinning, chemical stability, and bioresorbable properties [135,136]. Other polyesters,
such as PLLA, poly lactic-co-glycolic acid (PLGA) and poly D-lactic acid (PDLA), have
been employed for enhanced hydrophilicity and biocompatibility [137]. An addition of
chitosan to PCL increases MyHC in differentiated human embryonic stem cells (hESCs)
relative to pure PCL [138]. Myogenic factor 6 (MyF6) expression also doubled when chi-
tosan was added. This is important as MyF6 is implicated in regulating skeletal muscle
myogenesis and muscle regeneration. The benefits of biopolymer addition are mirrored in
lyophilized chitosan/PCL samples, where increases in chitosan concentration also increase
the myotube diameter [139]. This may be due to the increase in surface roughness imparted
by chitosan addition, though chitosan addition at 12% and beyond may have compromised
tensile strength to an extent unsuitable for muscle cell growth. Nanofibrous biopolymers
can also be used to create biomimetic structures for the myogenic induction of C2C12s, as
in Yeo et al.’s study (2019) [133]. In this study, nanofibrous alginate was electrospun onto
micropatterned PCL struts to mimic the hierarchical structure of the basal lamina. Myotube
length increased from 58.8 µm to 83.0 µm, the fusion index increased 3 fold, and the MyHC
expression increased 14.6 fold on nanofiber-coated struts compared to nanofiber-free struts.
Combinations of PCL with decellularized bovine skeletal muscle ECM electrospun into
aligned fibers were shown to triple the proliferation of primary rat satellites when com-
pared to pure PCL, as well as double the expression of the myoblast determination protein,
MyoD [27], known to play a major role in muscle differentiation. PCL:ECM blended
scaffolds were then shown to support MyHC regeneration in mice with VML [28]. Pure
skeletal muscle ECM was highly successful in producing fully formed myotubes with
dimensions of 25 µm width and 200 µm length [140]. Collagen, too, is a widely used bioma-
terial in electrospinning scaffolds for myogenesis. Collagen is integrated into electrospun
myogenesis systems for a variety of reasons, including mechanical property optimization
for compliance matching of smooth muscle [141], enhanced cytocompatibility [142], and
adhesion [143] and enhanced myotube formation [144]. Biopolymers, such as chitosan and
collagen, have potential as myogenesis-promoting additives to nanofiber scaffolds for their
unique ability to enhance hydrophobicity, while decreasing nanoroughness [145]. Bioactive
surface additions, such as platelet-rich plasma [146], arginine–glycine–aspartic acid (RGD)
motifs [147], and recognition peptides [148] positively influence muscle differentiation by
decreasing the cell contact angle, and activating integrin-mediated differentiation pathways.
In conclusion, smooth adhesion sites on nanofibers play a role in upregulating myogenic
differentiation. Rough sites on nanofibers, however, may be beneficial to myogenesis
if such roughness is aligned. This is based on evidence of a positive influence of such
roughness seen on other 3D and 2D substrates. In general, additives such as biopolymers
which increase hydrophilicity will upregulate myogenesis, though further studies are
needed to analyze how roughness may affect myogenesis purely through the modulation
of hydrophilicity.

2.2.2. Surface Characteristics and Bone
Micro- and Nano-Rough Surfaces Positively Influence Osteogenesis

The importance of micro- and nanotopographical property influences on osteogenesis
has been previously explored in several studies [145–150]. Generally, roughness can direct
osteogenic differentiation, with higher nanoroughness upregulating osteopontin and ALP
activity [149,150]. While nanoroughness upregulates osteopontin according to Jahanmard
et al. (2020), microroughness has a positive effect on osteocalcin (Figure 6) [149]. Wang
et al. (2012) showed that on crosshatched TiO2 nanofiber scaffolds produced through sacri-
ficial co-spinning with polyvinylpyrrolidone (PVP), microroughness, as well as a higher
nanofiber diameter caused an increase in osteocalcin [151]. ALP activity, on the other
hand, was more prominent on non-patterned low-roughness lower diameter nanofiber
substrates. In this study, the roughness and nanofiber diameter were altered without
affecting chemistry, suggesting that morphological properties of scaffolds, such as micror-
oughness and nanofiber diameter alone, may influence osteogenesis. The downregulation
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of early osteogenic marker ALP versus the upregulation of late markers, such as osteo-
pontin (OPN) and osteocalcin (OCN) on micro and nano-rough surfaces, suggests that
roughness drives the maturation of osteoblasts. In another study, nanoroughness was
shown to selectively upregulate the expression of osteo differentiation markers [152]. For
example, OCN, bone sialoprotein (BSP), and collagen A (Col1A) were upregulated by
smoother nanofibers (Ra~14.3 nm), while OPN, BMP2, RUNX2, and ALP were upregulated
by rougher (Ra~71 nm) nanofibers [152].Tissue engineering scaffolds for optimal bone mat-
uration may benefit from using combined micro and nano-rough surfaces in nanofibers, or
hierarchical nanoroughness. Such combined surfaces mimic bone structural hierarchy and
have previously been explored for osteogenesis on non-nanofiber scaffolds, with certain
substrates able to exhibit osteoconductivity without osteogenic supplements [153,154].
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Figure 6. Addition of functionalized multiwalled carbon nanotubes (F-WMNCTs) allows for the
tunability of both stiffness and roughness of nanofibers, which separately control spreading and
elongation, ultimately leading to the expression of various osteo-specific differentiation markers.
Image reproduced with permission from Jahanmard et al. (2020) [149].

Hydrophilic Surface Chemistry Improves Osteoconductivity of Nanofibers

Hydrophilic substrates allow cells to spread, adhere, and flatten, inducing osteoge-
nesis [155]. Generally, surface chemistry which improves surface wetting properties will
enhance osteogenesis. However, more research is needed to evaluate the influence of
surface-bound functional groups on osteogenesis. For example, Sarkar et al. (2016) showed
that in the NaOH-based hydrolysis of PCL nanofiber scaffolds, the carboxyl and hydroxyl
groups were exposed on the nanofiber surface, causing a significant increase in water
contact angle and decrease in osteogenic expression in hBMSCs. Ultimately, it was the
cellular curvature, tortuosity, solidity, and aspect ratio that most significantly correlated
with osteogenic differentiation. The area, perimeter, and circularity of cells were not sig-
nificantly correlated with osteogenic differentiation, though in 2D culture environments,
the spread and roundness were significantly correlated with osteogenic commitment. This
suggests that the 3D architectures of nanofiber scaffolds are likely the dominating factor
in determining the cell shape and differentiation, as opposed to surface chemistry [156].
Though exposing carboxyl groups may interfere with osteogenesis in vitro, studies have
shown that negatively charged functional groups interact with calcium and phosphate
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ions present in bodily fluids and facilitate hydroxyapatite crystallization, which may aid in
osteogenesis [157]. Interestingly, studies involving plasma treatment cite resultant exposure
of carboxyl and hydroxyl groups as adhesion promoters, and thus osteogenesis promot-
ers [158]. It is more probable that the hydrophilic effect from creating oxygen functional
groups is what drives osteogenesis. Cold atmospheric plasma treatment of PLGA drives
osteogenesis through increased hydrophilicity of nanofibers, as well as the formation of
micro/nano roughness. Plasma treatment also leads to improved viability through im-
proved adhesion. Atyabi et al. (2016) showed a 2× improvement in cell viability via cold
atmospheric plasma treatment of the scaffolds [159]. Plasma treatment may also improve
adhesion of additional surface modifiers. Kooshki et al. (2019) used a plasma treatment
followed by a lipopolysaccharide coating to enhance osteoconductivity of mesenchymal
stem cells (MSCs) on PLLA [160]. Lipopolysaccharide promotes osteogenic differentiation
by fortifying the activity of TAZ (transcriptional coactivator with a PDZ-binding motif), a
transcriptional co-regulator which plays a key role in osteoblast differentiation, as mediated
by the Wnt/β-catenin pathway [161]. The conjugation of amino acids aspartic acid (ASP)
and glutamic acid (GLU) enhances hydrophilicity more than cold atmospheric oxygen [162].
Conducting both plasma treatment and the conjugation of GLU/ASP to PLGA nanofibers
synergistically improves osteoconductivity of the scaffolds. ASP induces cell proliferation
and osteogenic differentiation more than GLU, due to the role of ASP in integrin binding
recognition and higher binding affinity for calcium ions by ASP. Surface wettability was
enhanced through the addition of chitosan and a polydopamine layer on PLLA nanofibers,
leading to improved cell spreading and more accurate recapitulation of in vivo conditions,
leading to enhanced osteogenesis [163]. Similar synergistic results were observed with
the addition of gelatin and hydroxyapatite to PLGA [164]. At 60% concentrations, medici-
nal Cissus quadrangularis extract in PLLA increased hydrophilicity of MSCs and doubled
ALP activity and calcium deposition [165]. Nano-hydroxyapatite (nHA)-coated nanofibers
mimic the bone extracellular matrix, which is composed of collagen type I nanofibers miner-
alized with nanosized calcium phosphate crystals. In experiments with polydopamine and
nHA-coated PCL nanofibers, the water contact angle was reduced to 0◦ and osteoinduction
was enhanced [166]. Similar results were seen in nHA-coated PLLA nanofibers, which
induced bone formation 10 weeks after subcutaneous implantation in mice, showing that
nHA can induce bone formation in absence of exogenous agents or cells [167].

The addition of peptides and hydrophilicity enhancers significantly upregulate os-
teoinduction. The formation of nanorough or microrough features for cell adhesion is
essential for promoting bone cell differentiation. Studies exploring how roughness can be
dynamically tuned to fit the needs for biological cues throughout bone cell differentiation
are needed to further optimize osteoinductive nanofibers.

2.3. Mechanical Properties and Crystallinity
2.3.1. Muscle Differentiation Is Supported by Elastic, Conductive, and Crystalline Scaffolds

Scaffold crystallinity and mechanical properties play an important role in regulating
myogenesis. Crystallinity directly influences mechanical properties of scaffolds and may
also have an independent role in enhancing the conductivity of scaffolds for improved
myogenesis. Myogenic differentiation depends highly on the microenvironment elasticity
being 8–17 kPa [168]. The subsequent proliferation, elongation, alignment and myofibrillo-
genesis of myoblasts [169] occurs in an even smaller range of microenvironmental stiffness
of 11–15 kPa, with the striation of cells decreasing significantly outside this range [170]. It
is important to note that this mechanical testing was conducted on individual nanofibers
using AFM nanoindentation, while more conventional bulk tensile testing of nanofiber
material often yields stiffness in the megapascal (MPa) range. In differentiating stem cells
into muscle tissue on nanofibers, scaffolds which most successfully induce differentiation
fall within the bulk modulus range of 10–15 MPa [27,38,134,138]. The elastic modulus
of 17 kPa has been shown to dictate the differentiation of mesenchymal stem cells into
muscle cells positive for alpha-actin [148], replicating the modulus effect seen in Engler
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et al.’s study (2004). Patel et al. (2020) were able to mix high-modulus (75 MPa) PCL
and low-modulus decellularized muscle ECM (1 MPa) to achieve scaffold mechanical
properties ideal for myogenesis, with the added benefit of including ECM pro-myogenic
biological cues [9]. High elasticity, high strain at break, fast stress relaxation rate, and
tensile strength of 5–15 MPa generally favor myogenesis [38,39,171]. Exceptions to certain
rules may occur as in, for example, Xu et al.’s study (2014) employing multiwalled carbon
nanotubes [171]. In this study (Figure 7), an improved conductivity of scaffolds was able
to enhance myogenesis, despite moduli in the range of 70–100 MPa. This highlights the
importance of scaffold crystallinity properties in dictating myogenesis, as conductivity and
crystallinity are intimately linked.
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Figure 7. Young’s moduli (A) and conductivity (B) properties of PLGA nanofibers, and (C) corre-
sponding quantitative analysis of morphological indexes of myotubes on days 3 and 5, including
myotube length, width, aspect ratio, surface coverage, and fusion index (n = 10; *, #, &: p < 0.05;
*: compared to PLGA; &: compared to day 3; #: compared to PLGA/0.1%MWNTs). Adapted
from [171].

Through nanofiber crystallinity changes, conductivity, elasticity, and strength can
be altered to create materials appropriate for muscle stem cell differentiation. Surface
wettability is also an important material parameter which positively influences myogenic
differentiation. Bloise et al. (2018) altered wetting and mechanical properties of electrospun
poly(butylene 1,4-cyclohexanedicarboxylate) through the addition of PEG-like co-units,
decreasing crystallinity and increasing amorphous regions, leading to increased surface
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wetting and elasticity, and decreased stiffness. These changes made the scaffolds suitable
for successful regeneration in murine models [38]. Jana et al. (2014) showed that the addi-
tion of chitosan from 4% to 8% to PCL increased the scaffold crystallinity and resulted in an
increased myotube diameter of cultured C2C12 cells [139]. In a separate study, the addition
of chitosan from 0% to 4% decreased the crystallinity in scaffolds, but improved myogene-
sis [105]. Myogenesis is controlled by many factors, and the biopolymer concentration can
alter crystallinity to optimize the scaffold systems for myogenesis. Increased crystallinity of
graphene oxide nanoparticles through APTES ((3-Aminopropyl)triethoxysilane) treatment
had a positive effect on myogenesis, improving conductivity, wetting, and elasticity, as well
as the stress relaxation capacity of polyurethane nanofibers [39]. In this study, a significant
improvement in myogenic differentiation was observed on fibers containing 8% nano-
graphene oxide, the only observably conductive sample in the experiment. Crystallinity,
it is apparent, can play an important role in supporting myodifferentiation if the impact
on mechanical elasticity and recovery is not too great. In general, preliminary properties
of solution stability must first be met by nanofibers to support myogenesis. Uribe-Gomez
et al. (2021) showed, for example, that of the fourteen PCL-PU (polyurethane) block copoly-
mers synthesized, only one medium-crystallinity polymer was able to maintain stability in
phosphate-buffered saline or PBS, and support myogenesis [172]. Once such stability is
achieved, a polymer with both elasticity and conductivity is the most ideal for optimized
myodifferentiation.

Scaffolds can be optimized for myodifferentiation through an enhancement of elasticity,
crystallinity, and conductivity. The interplay and hierarchy of these variables, with regards
to influencing myogenesis, is yet to be confirmed empirically. A summary of recent
innovations relating nanofiber scaffold materials and respective mechanical, electrical, and
crystallinity properties studied for muscle differentiation, is listed in Table 1.

Table 1. List of the recent innovations relating fiber-based scaffolds for engineering muscle tissue
based on biophysical properties of the scaffold.

Material Used Type of Elec-
trospinning

Mechanical
Properties

Electrical/Crystallinity
Properties Result of Tissue Growth Reference

PCL nanofibers
and PEG
hydrogel

Direct electro-
spinning
(rotating drum)

Aligned and
randomly oriented
scaffolds studied

Increased myotube
growth, alignment, and
nuclear aspect ratio from
aligned fibers

[3]

PHB
Direct electro-
spinning
(rotating drum)

Higher stiffness and
strength in aligned
nanofibers

Aligned nanofibers
decrease proliferation, but
increase differentiation
markers of muscle cells

[78]

2:1
PC–chitosan

Direct electro-
spinning
(rotating drum
and parallel
electrodes)

Higher stiffness and
strength in aligned
nanofibers

Increased
myodifferentiation in
aligned nanofibers

[79]

PLGA
Micropatterning
and
spincoating

Multilayer, parallel
and orthogonal
nanoribbons
fabricated

Aligned nanoribbon
biolayers upregulated
myogenic markers and led
to muscle maturation
moreso than random or
single-layer nanoribbons

[80]

5:2
PCL–chitosan

Direct
eletrospinning
(parallel
electrodes)

Nanofiber/
microchannel
layered structures
fabricated

Aligned nanofibers
perpendicular to aligned
microchannels caused the
highest degree of
myodifferentiation

[71]
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Table 1. Cont.

Material Used Type of Elec-
trospinning

Mechanical
Properties

Electrical/Crystallinity
Properties Result of Tissue Growth Reference

1:1 Bovine
muscle
ECM–PCL

Direct electro-
spinning
(rotating drum)

Higher stiffness and
strength in aligned,
non-ECM nanofibers

Addition of ECM
enhanced
myodifferentiation,
despite the loss of
mechanical properties

[73]

PLGA

Direct
eletrospinning
(parallel
electrodes)

Mechanical
properties similar for
scaffolds
300–3000 nm

Larger fiber diameter
upregulates
muscle-specific markers

[83]

Carbon
nanotubes

Dry drawing
from aligned
CNT forest

Aligned CNTs showed
higher conductivity than
randomly oriented and
flat substrates

PAX7 and MyF5 were
upregulated in aligned
CNT substrates

[92]

PLGA/graphene
oxide/collagen

Direct electro-
spinning
(rotating drum)

Increased strength,
decreased stiffness
and elongation with
collagen and GO

Enhanced crystallinity
with GO addition

Enhanced attachment,
proliferation, and MyHC
expression in fibers with
GO and collagen

[99]

Alginate/PCL

Direct electro-
spinning
(parallel
rotating
drums)

~2 MPa alginate
nanofiber-coated
PCL strut with a
high roughness
fabricated

Myotube length and
MyHC expression
improved dramatically in
hierarchal strut structures

[102]

Polyurethane/graphene
oxide

Direct electro-
spinning
(rotating drum)

Increased strength
and stiffness from
graphene oxide
addition

Conductivity enhanced
with APTES and GO
addition at 8%

Collagen and GO addition
increased adhesion,
proliferation, and
myogenic differentiation

[103]

PBCE–PEG
copolymer

Direct electro-
spinning
(rotating drum)

Decreased stiffness
and strength,
increased elasticity,
with more PEG units

Increased PEG units led to
more muscle-like elastic
properties and increased
myodifferentiation

[135]

PLGA/multiwalled
carbon
nanotubes

Direct electro-
spinning

Decrease in elasticity
and strength, with
increased MWCNT
addition beyond 0%

1.3 × 10−2 s/m
conductive fibers
fabricated

Increased myotube length,
diameter, and
proliferation, with
increased MWCNT
concentration

[136]

Polyester
polyurethane
with glycol
chain extenders

Touch-
spinning

Recovery and elastic
modulus increased,
with increased
urethane segment
addition

Crystallinity customized
with urethane segments
and glycol chain
extenders

PCL–urethane–
butanediol chain extender
ratio necessary to optimize
for successful myocyte
growth on nanofibers

[137]

Abbreviations: PCL, polycaprolactone; PLLA, poly L-lactic acid; PEG, polyethylene glycol; GO, graphene
oxide; PHB, polyhydroxybutyrate; PC, phosphatidylcholine; PLGA, poly lactic-co-glycolic acid; ECM, extra-
cellular matrix; CNT, carbon nanotubes; PAX7, paired box 7; MyF5, myogenic factor 5; PBCE, poly(butylene
1,4-cyclohexanedicarboxylate).

2.3.2. Bone Differentiation Prefers Crystallinity and Conductivity, Followed by Stiffness
and Strength

It has been shown in nanofiber scaffolds that a high tensile modulus of 20 MPa
to 60 MPa is beneficial for osteogenesis [149,173,174]. For example, Nam et al. (2011)
created PCL nanofibers with and without a polyether sulfone (PES) core, thereby forming
nanofibers of 7.1 MPa modulus and 30.6 MPa modulus for the PCL and PES-PCL core-shell
nanofibers, respectively. Murine MSCs were seeded, and the softer pure-PCL fibers led
to the upregulation of chondrocyte-specific Sox9, Co12a1, and Acan, and increased GAG
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production, while stiffer PES-PCL core-shell nanofibers led to the upregulation of osteocyte-
specific RUNX2, Alp, and Oc [173]. Jahanmard et al. (2020) showed that functionalized
multiwalled carbon nanotubes (F-MWCNTs) increase nanofiber stiffness at loadings of
0.5% to 1% F-MWCNTs. A higher stiffness increased the expression of osteocalcin while
a higher nanoroughness increased the expression of osteopontin, indicating that unique
signaling pathways can be independently controlled by material stiffness and material
topography [149]. Chitosan and polydopamine have been used to synergistically enhance
tensile strength and Young’s modulus to the Gigapascal (GPa) range, as well as surface
wetting conditions, to enhance the osteogenesis of MC3T3 cells [163]. Hydroxyapatite and
graphene oxide (GO) incorporated into PLGA showed synergistic increases in proliferation,
calcium deposition, adhesion, and expression of ALP, osteopontin and RUNX2 in MC3T3-
E1 murine preosteoblasts by increasing the tensile strength and modulus [174]. With the
tensile strength of cancellous bone being 10.4 GPa and cortical bone being 18.6 GPa, a stiff
microenvironment will promote osteogenesis over a less stiff one with other properties
held constant [175].

Nanofiber scaffolds loaded with magnetic nanoparticles, bioactive ingredients, or
additives to enhance material crystallinity can often increase osteogenesis, despite drasti-
cally hindering mechanical properties [40,144,165,176,177]. Crystallinity has been shown
to be a significant driver of osteogenesis in many studies [117,139,147,148], but few have
successfully decoupled their effect on mechanical properties. The addition of graphene
oxide (GO) to nanofibers, for example, was shown to decrease tensile strength more than 10
fold, as well as decrease stiffness, but positively influence osteogenesis (Figure 8 [40]. Using
almost equal parts of GO and polymer, Saburi et al. (2019) saw more of an improvement
in the proliferation and ALP expression of hiPSC cells than studies using both GO and
hydroxyapatite, despite negatively impacting mechanical properties [40,174].

Graphene oxide has been shown to increase the crystallinity of polyvinylidene fluoride
(PVDF) nanofibers, and introduce crystalline regions, which would explain this impact on
osteogenesis [178]. The addition of nanoclay to PCL nanofibers similarly decreased the
strength and stiffness, but increased crystallinity, as evidenced by X-ray diffractometer
(XRD) and differential scanning calorimetry (DSC) measurements [150]. Nanoclay and
graphene oxide do not always decrease the strength and stiffness of electrospun scaffolds;
studies have shown the opposite effect when other base polymers are employed [179,180].
Yao et al. (2020) showed that the addition of graphene oxide to PVDF drastically up-
regulated osteodifferentiation compared to pristine PVDF. These matrices produced such
outcomes despite having a relatively low strength and stiffness, likely due to their increased
crystallinity. Studies such as these demonstrate the need for further investigation into the
mechanisms involved in crystallinity-modulated osteoinduction. Studies have shown the
positive impact of crystallinity on osteogenesis in 2D films, but have not been repeated
for 3D and nanofiber systems [181]. Little is known about the influence of crystallinity
on osteogenesis, and some studies have shown amorphous morphology, not crystalline
morphology, to be responsible for bone cell growth [182,183]. The maturation of reinforc-
ing bone starts with an amorphous precursor, amorphous Ca-phosphate (ACP), which
converts to crystalline hydroxyapatite. Recent studies by Muller et al. (2020) showed that,
due to this, the amorphous polyphosphate stimulated osteogenesis more than crystalline
polyphosphate [183]. These contradictions are likely due to present limitations on scaffold
technology. Scaffolds capture only a snapshot of cell maturation microenvironments. More
research is needed on scaffolds with dynamic properties to correspond to the morphological
changes of tissue over time.

Osteo-differentiation is highly sensitive to mechanical properties, with stiffness and
strength positively correlated with osteogenic markers. However, this research has shown
that osteoconductive additives such as hydroxyapatite, graphene oxide, polydopamine,
and carbon nanotubes will promote bone growth despite negatively impacting mechanical
properties. This is likely due to increases in hydrophilicity, conductivity, or combinations of
both. Thus, newly fabricated electrospinning materials should pursue integration with such
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additives or maximization of wetting and electrical conductivity properties. Fiber-based
constructs may be useful for musculoskeletal applications. A device for rotator cuff repair
that is made from electrospun fibers is undergoing testing in humans [184]. A summary of
recent innovations for nanofiber scaffold materials and respective mechanical, electrical
and crystallinity properties studied for bone differentiation, is listed in Table 2.
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Table 2. List of the recent innovations relating fiber-based scaffolds for engineering bone tissue based
on biophysical properties of the scaffold.

Material Used Type of Elec-
trospinning

Mechanical
Properties

Electrical/Crystallinity
Properties

Result of Tissue
Growth Reference

Carbon nanotubes
Dry drawing
from aligned
CNT forest

Aligned CNTs showed
higher conductivity than
randomly oriented and
flat substrates

Flat surfaces
upregulated
osteogenic markers
(RUNX2,
osteopontin)

[92]

PCL and
functionalized
multiwalled carbon
nanotubes
(F-MWCNTs)

Direct electro-
spinning

Increased stiffness at
0.5–1% F-MWCNT
loading, decreased at
2–3% loading

CNTs known to increase
conductivity

Osteogenesis
induced by
F-MWCNTs, with
osteocalcin
upregulated by
increased stiffness

[116]

PCL and nanoclay Direct electro-
spinning

Decreased stiffness
and strength with
1–a 10% addition of
nanoclay

Crystallinity increased
with the addition of
nanoclay

Increased
mineralization and
ALP activity with 1%
addition nanoclay

[117]

PCL shell with PES
core

Coaxial Direct
Electrospin-
ning

Increased stiffness
with the addition of
a PES core

Increased
osteoinduction with
a stiffening PES core

[138]

PLLA/chitosan/
polydopamine

Direct electro-
spinning

Increased stiffness
and strength
through the addition
of chitosan and
polydopamine

Increased
osteoinduction
through a synergistic
addition of chitosan
and polydopamine

[129]

PLGA/graphene ox-
ide/hydroxyapatite

Direct electro-
spinning

Decreased stiffness
and strength with
HA addition,
increased stiffness
and strength with
GO addition

Conductivity increased
due to HA and GO

Increased
osteoinduction with
addition of HA and
GO

[139]

PVDF/graphene
oxide

Direct electro-
spinning

Decrease in peak
stress, strength, and
stiffness with
graphene oxide
addition

Piezoelectric properties
exhibited by PVDF

Increased
osteoinduction with
addition of GO

[144]

Abbreviations: PCL, polycaprolactone; RUNX2, runt-related transcription factor 2; PES, polyethersulfone; HA,
hydroxyapatite; PLLA, poly L-lactic acid; PEG, polyethylene glycol; GO, graphene oxide; PLGA, poly lactic-co-
glycolic acid; CNT, carbon nanotubes; PVDF, polyvinylidene fluoride.

3. Biological Requirements Affecting the Choice of Nanofiber Scaffolds
3.1. Skin and Wounds

Skin tissue is the largest organ of the human body, with a total surface area of more than
15,000 cm2 and accounting for 5% of the total body weight. The skin, an ectodermal tissue,
is the first line of defense and protects internal organs and tissues, such as muscle, bone
from damage such as pathogens and chemical hazards, maintain isothermal conditions,
and provides mechanical support for the optimal functioning of the body. The skin also acts
as the primary sensory organs and an immunological mediator. Wound healing, skin tissue
regeneration and restoration of the skin is a vast field with particular interest in scaffolds.
Different materials have been demonstrated for use as scaffolds for skin tissues [82,185].
An example of PCL-PANi used as a scaffold for adult human dermal fibroblasts is shown
in Figure 9 [82].
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Figure 9. Adult human dermal fibroblast (HDFa) cells after 7 days of culture on polycaprolac-
tone/polyaniline scaffolds. Blue: DAPI nuclei stain; green: Alexa Fluor® 488 Phalloidin F-actin
filaments. Image courtesy of Samerender N. Hanumantharao, Michigan Technological University.

The skin is composed of three types of tissue layers, each having its own distinct
morphological and mechanical properties. The epidermis is the outermost layer of skin
that receives its nutrients from the dermis layer. The deepest layer of the Stratum Basale,
also known as stratum germinativum, is one which divides and attaches to the basement
membrane through hemidesmosomes. The epidermis renews itself constantly and is being
replaced every 28 days due to the activity of keratinocytes present in this layer. This
layer also contains melanocytes responsible for producing melanin. Above this layer
lies a lining of spine-like cells of eight to ten cell layers called the stratum spinosum
containing the dendritic cells. The stratum granulosum is three to five cell layers and
contains keratohyalin granules, which are the keratin precursors and lamellar granules
that help in cell–cell attachment. The stratum lucidum is a thin layer that contains the
transformation of keratohyalin (eleidin). The stratum corneum is the outermost layer
that is twenty to thirty cell layers thick made up of anucleate squamous cells from dead
keratinocytes. This layer is present at differing thicknesses, especially in callused skin.
This layer is embedded in a lipid matrix composed of cholesterol, and other free fatty
acids, which helps water retention and acts as the first barrier. It also produces defensins
through the Langerhans cells. The basal layer also contains the Merkel cells, oval shaped
type I mechanoreceptors that are slow-adapting and found attached to the layer through
desmosomes, Merkel disks which sense light touch, Pacinian corpuscles which sense
deep pressure, Meissner’s corpuscles which sense low-frequency stimulation, and Ruffini
corpuscles which sense pressure. The dermis is connected to the epidermis through the
basal membrane and has hair follicles, sweat glands, and somatic and autonomic nerves.
The hair follicles also have smooth muscle fibers that are attached to the connective tissue
sheath called the arrector pili muscles. This helps in controlling the sebaceous glands. The
dermis is 1 mm to 2 mm thick and consists of a system of filamentous connective tissue with
vasculature and nerve cells. The dermis provides elasticity to the skin tissue primarily due
to the high elastin amount present in the tissue and mechanical support due to the loose
collagen networks. The final layer is the hypodermis, which is composed of fibroblasts and
adipocytes, providing mechanical and thermal insulation.
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Fiber scaffolds could be useful as skin substitutes and wound dressings. An elec-
trospun nanofiber dressing for wound care has been cleared by the Food and Drug Ad-
ministration (FDA) for marketing in the USA, but clinical results have not yet been pub-
lished [186,187]. A handheld electrospinning device has been developed for creating
spray-on wound dressings that custom fit the patient’s wound bed. This system is currently
being tested on patients [188]. A summary of recent innovations relating nanofiber scaffold
materials and respective mechanical, electrical and crystallinity properties studied for skin
differentiation, is listed in Table 3.

Table 3. List of the recent innovations relating fiber-based scaffolds for engineering skin tissue based
on biophysical properties of the scaffold.

S No. Material Used Type of
Fabrication Mechanical Properties Electrical

Properties Cell Response Reference

1 Nanocomposite PU/PCL
scaffolds with GO

Direct
electrospinning

• 3D porous structure
• Increased fiber diameter - Increased hydrophilicity and

biocompatibility [189]

2 PCL, PGS and regenerated
silk fibroin

Nozzle-free
electrospinning

Tunable
hydrophilicity/hydrophobicity
based on PGS

- Increased fibroblast attachment [190]

3 Polyurethane/starch
(hyaluronic acid)

Coaxial
electrospinning

• Increased hydrophilicity
due to HA

• Complete degradation of
scaffolds by week 3

• Adequate tensile strength

-

• Increased cellular
attachment and proliferation
of mouse fibroblasts in vivo

• Presence of sebaceous
glands in mice on day 14

[191]

4 PVA/glucose–reduced
graphene oxide (GRGO)

Direct
electrospinning

Addition of GRGO increased
hydrophobicity and the
diameter of fibers

- Increased hemocompatibility
and biocompatibility [192]

5
Santa Barbara amorphous
(SBA)-15–incorporated
PVA with curcumin

Direct
electrospinning

• Highly hydrophilic
• Large surface area due to

the presence of mesopores
• Mesh-like topography

-

• In vitro drug release of
curcumin

• Increased wound healing
activity in vivo

[193]

6 Core-shell PLA/kefiran

Direct
electrospinning
followed by air
plasma
treatment

Increased reinforcement due to
presence of Kefiran improving
tensile strength and
crystallinity.

- Increased biocompatibility and
collagen production [194]

7
Maltodextrin mixed with
argi-
nine/lysine/polylysine

Environmentally
controlled
direct
electrospinning

Nanofibrous morphology
Elastic and high breaking point

Negative zeta
potential in fluids

• Accelerated healing of
wounds in mice,
vascularization of tissue

• Antioxidant activity aided
in healing

[195]

8 Polypyrrole/chitosan/
collagen

Direct
electrospinning

Uniform fibrous structure
Increase in polypyrrole-reduced
diameter of fibers
Adequate mechanical strength

Increased
conductivity due
to polypyrrole in
the
semiconducting
polymer range

Increased cell adhesion, growth,
and proliferation [196]

9
PCL/gelatin/MgO
preseeded with
endometrial stem cells

Direct
electrospinning

Increase in mechanical
properties due to gelatin and
MgO
Increased porosity
Release of Mg ions

-

The release of Mg ions and the
structure of scaffolds aided in
full thickness skin wound
closure in mice.

[197]

10
Chitosan–PVA and silk
seeded with differentiated
keratinocyte

Co-
electrospinning

• Increase in hydrophilicity
• Smooth fibrous morphology
• Hybridization and

co-electrospinning processes
increased mechanical
characteristics of the
scaffold

Increased cell adhesion
The MSC-derived keratinocytes
stimulated wound healing in
mice

[198]
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Table 3. Cont.

S No. Material Used Type of
Fabrication Mechanical Properties Electrical

Properties Cell Response Reference

11

Electrospun
chitosan/nanocrystalline
cellulose–graft-poly(N-
vinylcaprolactam)

Direct
electrospinning

• Increase in fiber diameter
due to nanocrystalline
cellulose-graft-poly(N-
vinylcaprolactam)

• Increased thermal stability
• Increase in hydrophilicity

- Increase in cytocompatibility
and cell proliferation [199]

12

Collagen–graphene oxide
(Col–GO) scaffolds loaded
with basic fibroblast
growth factor (bFGF)

Coaxial
electrospinning

Core-shell structure aids in
release of bFGF, increased
mechanical strength and
degradation conducive to
wound healing

- Increased healing and skin
regeneration in rats [200]

13
PCL/gelatin and modified
acetylated cellulose
nanofibers

Direct
electrospinning

Increase in ultimate tensile
strength and reduction in
degradation rates due to the
addition of cellulose nanofibers

- Increased cell adhesion and
proliferation [201]

14 Poly(ε-caprolactone)

Direct
electrospinning
with micro-
stereolithography
(µSLA)

Control over topography aided
in fabrication of ridge-like
structures such as native tissue

-
Increased stratification and
skin-like formation due to the
topography of scaffold

[202]

15

Janus nanofibers, rana
chensinensis skin peptides
(RCSPs), and silver
nanoparticles (Ag-NPs)

Uniaxial
electrospinning

Loading with RCSP and Ag-NP
improved the hydrophilicity
and mechanical properties,
while also providing
anti-bacterial activity

-
Accelerated wound healing
characterized by
re-epithelization

[203]

16 Corn peptides (CPs) with
Janus nanofibers

Coaxial
electrospinning

Increased hydrophilicity,
biocompatibility, mechanical
strength, and free-radical
scavenging capabilities

-

Improved wound healing ratio
with enhanced fibroblast
proliferation and formation of
hair follicles and capillaries

[204]

17

Fish collagen/PCL
bio-composite with
covalently cross-linked
chitooligosaccharides

Direct Electro-
spinning

• Increased hydrophilicity,
and mechanical properties
of the bilayer scaffold

• The porosity of the scaffold
is also improved due to the
electrospinning process

-

Cytocompatibility studies using
human fibroblasts and
keratinocytes demonstrated an
effective scaffold–cell
penetration and proliferation

[205]

18
Antibacterial ZnO
quantum dots with
PCL/collagen fibers

Direct Electro-
spinning

Increased elasticity and strain,
hydrophilicity, and
biodegradability of the
scaffolds. ZnO quantum dots
provided antibacterial activity

-
Increased vascularization and
promoted wound healing in
early stages of wound healing

[206]

19
Ulvan–cellulose blended
with polylactide and
polydioxanone

Direct Electro-
spinning

The fibrous scaffolds improved
mechanical stability - In vivo angiogenesis

demonstrated in rats [207]

20 PMMA/silk fibroin Coaxial
electrospinning

Increased mechanical strength
due to fiber morphology and
structure Highly porous
scaffolds

- Improved adhesion and cell
spreading on scaffolds in vitro [208]

21 PCL Melt
electro-writing

Melt electro writing process
enables the precise position of
each individual fiber in the
constructs

The precision fabrication of the
fiber constructs enabled tight
control of cell morphology

[209]

Abbreviations: PU, polyurethane; PGS, poly(glycerol sebacate); PCL, polycaprolactone; PLLA, poly L-lactic acid;
GO, graphene oxide; PLA, poly lactic acid; PMMA, poly(methyl methacrylate); PVA, polyvinyl alcohol.

3.2. Vascular

The vascular system plays an important role in infiltrating the body’s tissue to provide
nutrients to the tissues. They can be classified roughly as capillaries, arterioles, veins,
and arteries based on the function of these vessels. The arteries are the largest and carry
oxygenated blood to the distant organs, while veins transport back the deoxygenated
blood. The capillaries and arterioles act intermediates between the veins and arteries
and help during the efficient transport of nutrients and waste within the organs and
tissues. Depending on the function of the vessel, the shape and structure of the vessel
is different. The arteries are composed of three layers of concentric tissues: the intima,
media, and adventitia, each with its own unique function. The tunica intima consists
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of an endothelium, a basal lamina that separates it from tunica media and an acellular
endothelial layer composed of tightly bound extracellular matrix proteins, such as collage,
laminin, and fibronectin. The basal lamina is elastic and composed of elastin and type IV
collagen molecules. It is porous, with varying pore densities, and regulates the elasticity of
the vascular wall to regulate blood pressure. Porosity also helps provide control over the
diffusion of nutrients toward the surrounding tissue regions. The endothelium interacts
with the blood and plays a key role in several physiological processes, such as coagulation,
maintenance of vascular homeostasis, barrier, inflammation, maintenance, and modification
of ECM components. The tunica media, or the middle layer, is composed of smooth muscle
cells and collagen (Type I and III) in a concentric manner along the axis of the blood vessel
and aid in vasodilation. The outermost layer of the blood vessel, the tunica adventitia, is
composed of fibroblasts, collagen (Type I and II), mast cells, nerve endings, and different
types of vasa vasorum. This layer protects the vessels from overextending or over retracting,
helps in cellular trafficking and aids in cell signaling. This layer is actively involved in tissue
repair and remodeling by changing the medial smooth muscle tone. Fiber-based constructs
may have application in repairs to vasculature (Figure 10) [210]. Here, similarities are shown
between a native artery and an implanted hyaluronic acid (HA)/collagen nanofibrous graft.
In another study, a coronary artery stent that is coated with a thin electrospun nanofiber
membrane has been developed for the treatment of coronary artery perforation and is
being tested in human [211,212]. A summary of recent innovations relating nanofiber
scaffold materials and respective mechanical, electrical and crystallinity properties studied
for vascular differentiation, is listed in Table 4.

Figure 10. Vascular grafts fabricated with cellularized tubular HA/collagen nanofibrous scaffold
facilitate vascular reconstruction. H&E (hemotoxylin and eosin) staining (a), VVG (Verhoeff–Van
Gieson) staining (c) and fluorescent staining. (f) The cross-section of a retrieved tubular HA/collagen
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nanofibrous graft 6 weeks after the transplant at 10× (a,c,f) compared with rabbit carotid artery
(b,d,g). Scale bars, 20 µm. Fluorescence relative to vascular ECs (red), SMCs (green) and nuclei (blue).
Quantification of the percentage of elastin area (e), CD31 (endothelial cell marker), (h) and α-SMA
(smooth muscle actin)-positive (i) in the retrieved explants 6 weeks after transplant and carotid artery
(n = 3). * p < 0.05, ** p < 0.01. Image reproduced with permission from [210].

Table 4. List of the recent innovations relating fiber-based scaffolds for engineering vascular tissue
based on biophysical properties of the scaffold.

Material Used Type of
Electrospinning Mechanical Properties Electrical

Properties Results Reference

PGS/PCL Coaxial electrospinning

• Arterial vascular grafts with
differences in wall stiffness were
fabricated by altering the
core-sheath structure

• Reduced swelling of the core
and eliminated stresses in
sheath

-

The content of collagen varied
based on stiffness, with increased
smooth muscle cell and elastin
content in the fibers with a
thicker core

[213]

Polycarbonate–
urethane Direct electrospinning

Improved mechanical properties,
including elasticity and burst
pressure

-

Functionalization with
fibronectin helps in fibrogenesis
while with decorin repelled
endothelial cells Functional
endothelium was formed in
dynamic conditions with
fibronectin functionalization

[214]

Decellularized
extracellular matrix
from aorta

Direct electrospinning

• Addition of aorta ECM
improved hydrophilicity

• The scaffolds made from
decellularized ECM had a
higher mechanical strength than
PCL scaffold

-
Increased cell viability and cell
adherence with the use of ECM
aorta

[215]

PCL cotton and
membranes Direct electrospinning

Increased porosity of fibers with
comparable mechanical properties
of native tissue

-

A TEVG prepared from
electrospun materials when
implanted in rats had similar
characteristics as native vessels

[216]

PCL Direct electrospinning Increased anti-burst pressure and
suture retention strength - Improved cell proliferation and

viability of cells [217]

PLGA Direct electrospinning Improved mechanical strength and
burst pressure -

Improved cell viability and cell
proliferation with formation of
tight junctions in a coculture with
smooth muscle cells and
endothelial cells

[218]

PCL/fibrin Direct electrospinning

• Randomly arranged fibrous
structure with high mechanical
compliance

• The scaffolds had controlled
degradation rates

-

• Increased micro-vessel
density and fewer
calcifications after long-term
implantation in rats

• The graft induced the
regeneration of arteries

[219]

Gelatin/PCL with
chondroitin sulfate Direct electrospinning High porosity of the scaffolds with

anticoagulant properties -
Increased cell adhesion,
proliferation, and increased
endothelial cell responses

[220]

PU, gelatin and
CNT Direct electrospinning

• Increased hydrophilicity of
scaffolds

• Concentration of gelatin
provided control over
mechanical properties and
degradation rates

• Carbon nanotubes increased
mechanical strength

Conductive
scaffolds with
electrical
conductivity such
as native
myocardium

Increased cell adhesion and cell
proliferation demonstrated
in vitro, characterized by a dense
layer of myocardial and
endothelial cells after 7 days

[221]
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Table 4. Cont.

Material Used Type of
Electrospinning Mechanical Properties Electrical

Properties Results Reference

PCL,
polydioxanone
polydopamine

Co-electrospinning

• Nanotopographical cues helped
in cell infiltration

• The electrospinning process
provided flexibility in
improving mechanical
properties, including tensile
strength and burst pressure

-
The graft when implanted in a
porcine model demonstrated
good patency rates

[222]

PLA and
polyethylene oxide
(PEO)

Coaxial electrospinning

• PEO ratio influenced the
mechanical strength and
diameter of fibers

• Nanoscale pores were obtained
due to phase separation during
the electrospinning process

- Increased cell infiltration and
growth were observed in vitro [223]

PCL/collagen Direct electrospinning
with modified collector

Y-shaped structure was obtained by
electrospinning with topographical
cues along a particular direction

- Increased directional growth and
infiltration of endothelial cells [224]

Cellulose acetate,
chitosan, and PCL

Direct electrospinning
with different types of
collectors

Different types of topographical
cues were obtained in terms of
alignment of fibers and diameter

-

Aligned scaffolds interacted more
with endothelial cells than
platelets, they also helped in
increasing proliferation and
promoting angiogenesis

[225]

Poly(L-lactide-co-
caprolactone)/tussah
silk fibroin

Coaxial electrospinning

• Small-diameter fibers with
increased hydrophilicity and
mechanical properties were
obtained

• The core-sheath structure
enhanced the axial tensile
strength

-
The cell proliferation and
adhesion were demonstrated
in vitro

[226]

PCL/sulfonated
keratin Co-electrospinning

Fibrous scaffolds with good
mechanical properties, favoring
endothelial cell growth

-

• Nitric oxide generated in the
presented of GSH and GSNO

• The scaffolds increased
endothelial cell proliferation
and reduced platelet adhesion

[227]

PU and PLA Direct electrospinning
with different collectors

Different fiber orientations were
fabricated -

Some of the fiber orientations
were better than the other, but a
multiwalled structure was better
able to mimic the rat aorta

[228]

PEGylated
CdSe-ZnS quantum
dots in PCL

Direct electrospinning
Narrow pore size was obtained
with increased mechanical
properties

- Increased cell growth and
proliferation [229]

PET and PCL Direct electrospinning

• The addition of PCL improved
mechanical properties of the
graft

• Increased suture retention
strength

- Improved cell viability
demonstrated in vitro [230]

Bombyx mori-BM
silk Direct electrospinning

• The bilayer structure of the
vascular graft provided
interconnectivity and a porous
structure

• The degradation of scaffold also
provided in vivo remodeling
ability

-
Improved patency rate, cell
infiltration, graft remodeling,
neo-tissue formation

[231]

PCL and heparin
conjugated 50:50
poly (l-lactide-co-ε-
caprolactone)
copolymer

Coaxial electrospinning Scaffolds with different pore sizes
were fabricated -

Vascular grafts with a pore
diameter smaller than 4 um had a
higher patency and survival rate
in vivo

[232]

Abbreviations: PU, polyurethane; PGS, poly(glycerol sebacate); PCL, polycaprolactone; PLLA, poly L-lactic acid;
PLGA, poly(lactic-co-glycolic acid); PEG, polyethylene glycol; GO, graphene oxide; PLA, poly lactic acid; PEO,
polyethylene oxide; PET, polyethylene terephthalate; CNT, carbon nanotubes.
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3.3. Renal

The kidney serves as an important excretory organ by homeostatic regulation and
purifying out waste and toxins from the blood. Apart from this key function, the kidney
is also responsible for producing renin, erythropoietin, and prostaglandins. The kidney
has more than a million nephrons composed of several glomerulus and tubular structures
which aid in the filtration process. The glomerulus is covered by a Bowman’s capsule
with capillaries. These capillaries are surrounded by a negatively charged glomerular
basement membrane and podocytes. The tubular structures are composed of proximal
tubules, loop of Henle, distal tubules, and collecting ducts. The first stage of filtration
occurs in the glomerulus, followed by secondary filtration in the tubular structures. There
has been significant progress in understanding the morphogenesis of the kidney and
recovery of the kidney after an injury to understand the intricate mesenchymal–epithelial
transitions. Understanding the recovery process and functioning of the cells involved
helps in designing efficient scaffolds for renal tissue engineering. Understanding the ECM
composition of the kidney helps in better design of the scaffolds in accordance with the
mechanical properties. The basement membrane of the glomerulus is controlled by the
podocytes and the endothelium, and is mainly composed of structural and regulatory
proteins such as collagen (I, IV and VI), laminins, and heparan sulfate proteoglycans. The
mesangial cells in the glomerulus also produce ECM composed of tenascin, fibronectin
and proteoglycans, which play a role in regulating the electrical charge in the glomerulus.
The tubular structures have a different composition as compared to the glomerulus. The
ubiquitous and heterogenous ECM composition helps in providing a complex niche for
the proper functioning of the kidney. The following review by Vermue et al. (2021)
analyzes some of the latest design strategies for creating an artificial proximal tubule
using electrospinning [233]. A summary of recent innovations relating nanofiber scaffold
materials and respective mechanical, electrical and crystallinity properties studied for renal
differentiation, is listed in Table 5.

Table 5. List of the recent innovations relating fiber-based scaffolds for engineering renal tissue based
on biophysical properties of the scaffold.

Material
Used

Type of
Electrospinning Mechanical Properties Electrical

Properties Results Reference

PCL and
laminin Direct electrospinning

Scaffolds with a porous
structure with a fibrous
morphology were fabricated

- Improved cell–fiber and
cell–cell interaction. [234]

PCL Direct electrospinning

• L-DOPA and collagen
were coated to increase the
hydrophilicity of scaffolds

• The polymer
concentration played a
major role in determining
the mechanical properties
and morphology of the
scaffold, and interacted
with the cells differently

-

Proximal tubules
remained viable and
maintained functionality
for more than 3 weeks

[235]

Polyvinylidene
fluoride
(PVDF)

Direct electrospinning

Electrospinning with a
rotating collector was used to
obtain scaffold characteristics
such as native renal tissue

- Scaffolds with different
pore sizes were obtained [236]

Abbreviations: PU, polyurethane; PGS, poly(glycerol sebacate); PCL, polycaprolactone; PLLA, poly L-lactic acid;
PLGA, poly(lactic-co-glycolic acid); PEG, polyethylene glycol; GO, graphene oxide; PLA, poly lactic acid; PEO,
polyethylene oxide; PET, polyethylene terephthalate; CNT, carbon nanotubes.
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3.4. Nerve

The restorative function in humans after injury is limited to the central nervous sys-
tems, where functional unions are formed between severed ends, while peripheral nerve
tissue regeneration occurs after simple lesions. The process of peripheral nerve regener-
ation is complex, involving a myriad of factors. Nerve injuries can broadly be classified
into neurapraxia, axonotmesis, and neurotmesis, in increasing order of injury severity.
Following trauma, the neuron undergoes Wallerian degeneration, followed by several mor-
phological and chemical changes, which can broadly be called chromatolysis. The Schwann
cells are activated and macrophage recruitment to the injury site, helping in the cleanup
and serving as a guide for axonal regeneration (Bands of Bunger). They also produce
the required cytokines, which recruit macrophages to help with neuronal regeneration.
The neuron undergoes a change from transmission mode to a growth mode, whereby the
cytoskeletal proteins (slow-component b-tubulin and actin) are rapidly produced. This
neuronal regeneration is different in the case of the central nervous systems (CNS), where
the oligodendrocytes inhibit repair unlike the Schwann cells. Tissue engineering strategies
for peripheral nerve regeneration include the use of artificial nerve guides or conduits to
reconstruct the nerves when the gaps are larger than 3 cm. The Wallerian generation results
in growth factors that promote regeneration. The conduits are generally placed between
the two ends of the nerve to be repaired and the conduit provides guidance for the cells to
bridge the gap. Some of the essential mechanical features of the tissue include electrical
conductivity, protection against compression and appropriate tensile strength, which has
been well reviewed [237–239]. A summary of recent innovations relating nanofiber scaffold
materials and respective mechanical, electrical and crystallinity properties studied for
vascular differentiation, is listed in Table 6.

Table 6. List of the recent innovations relating fiber-based scaffolds for engineering neural tissue
based on biophysical properties of the scaffold.

Material Used Type of Elec-
trospinning Mechanical Properties Electrical

Properties Results Reference

Cellulose modified with
conductive polymers derivates
(poly (N-(methacryl ethyl)
pyrrole), poly
(N-(2-hydroxyethyl) pyrrole),
poly (3-(Ethoxycarbonyl)
thiophene), and poly
(3-thiophenethanol)

Direct electro-
spinning

The composite fibers had
high hydrophilicity,
surface roughness, and
porosity

Electrically
conductive
scaffolds that
benefitted nerve
growth were
obtained

Increased cell adhesion and
growth with clear-cell
morphology were observed
when PC12 cells were
seeded on scaffolds

[240]

PCL/gelatin with melatonin Direct electro-
spinning

The fibers had higher
hydrophilicity and
surface properties

-

The use of melatonin
helped in the growth and
proliferation of nerve cells
in vitro

[241]

Silk fibroin/poly(l-lactic
acid-co-ε-caprolactone)

Direct electro-
spinning

A 3D scaffold with higher
porosity, mechanical
strength with adequate
strength for suture
implantation

The prevascularization of
the scaffolds aided in nerve
functional recovery

[242]

Poly(lactide-co-trimethylene
carbonate) based on lactic acid
and trimethylene carbonate

Direct electro-
spinning

A shape memory
polymer was used to
fabricate conduits with
high porosity and
mechanical strength by
combining aligned fiber
mat and random fiber
mat to form a
multichannel

-

The structure provides
uniform loading of cells
and topographical cues for
axon elongation and nerve
regeneration

[243]
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Table 6. Cont.

Material Used Type of Elec-
trospinning Mechanical Properties Electrical

Properties Results Reference

Pure porcine decellularized
nerve matrix and
proanthocyanidins

Direct electro-
spinning

The use of
proanthocyanidins
increased the mechanical
properties of the fibers.

Conduction
velocities of
8.86 ± 3.57 m/s
were obtained

Studies performed on
rabbits demonstrated the
elongation of axon and
myelination using the
scaffolds

[244]

PCL conduit filled with
collagen–hyaluronic acid

Direct electro-
spinning

• The presence of HA
helped in controlling
the degradation rates

• The scaffolds were
porous and had good
mechanical strength

-
The scaffolds promoted
Schwann cell regeneration
and axon growth

[245]

PLGA Direct electro-
spinning

• Different ratios of
polylactic and
polyglycolic acid were
used to obtain
scaffolds with layers

• The layers had
different degradation
rates and mechanical
properties

-
The rat Schwann cells
exhibited favorable growth
on the scaffolds in vitro

[246]

Abbreviations: PCL, polycaprolactone; HA, hyaluronic acid; PLGA, poly(lactic-co-glycolic acid).

3.5. Cardiac Tissue

The heart is a marvel of engineering and is structurally and functionally a complex
pump that circulates blood within the body and is hence vital to survival. The heart is com-
posed of cardiomyocytes and fibroblasts with a collagen ECM. The muscles in the heart use
a lot of oxygen and are supported by vasculature. The heart tissue is electrically conductive
and uses this to control the contraction of muscles to pump blood. Failure of the heart is
beyond repair and is one of the leading causes of death in the USA. Myocardial infarction
of the heart muscles leads to the formation of scar tissues due to the action of macrophages,
endothelial cells, and fibroblasts that are recruited to the site through inflammatory signals.
The presence of scar tissue in turn reduces the mechanical capability of the heart to pump
blood, which ultimately leads to total heart failure. The reconstruction of heart tissue using
cardiac patches is currently being researched to aid in cardiac regeneration and prevention
of scar tissue formation. Apart from challenges in the choice of cells and type of grafts,
the mechanical and electrical properties are an important factor. The graft or patch needs
to work synchronously with the existing tissue in propagating the signal. This includes
mimicking the electrical resistance of the tissue or having similar mechanical properties
(Figure 11).
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Roshanbinfar et al. (2020) reported the use of electrospun nanofiber scaffolds, using di-
rect electrospinning for cardiac tissue engineering. They used collagen (9.89%), hyaluronic
acid (1.1%), and polyaniline (PANi, 1.34%). The cardiomyocytes seeded on scaffolds ex-
hibited longer contraction times, improved electrical coupling with lower cytotoxicity,
and enhanced cell attachment and cardiac function. The polymer composition used gave
rise to electrical and mechanical properties similar to the native myocardium. The same
study compared outcomes with combinations of different polymers, including collagen,
hyaluronic acid and four different concentrations of PANi [248].

3.6. Retinal Pigment Epithelium

The retinal pigment epithelium (RPE) is a layer of cells in the eye that supports
photoreceptors that are responsible for sensing light. In vision disorders such as age-related
macular degeneration, the RPE can degrade and cause a loss of photoreceptor function
and vision. A number of tissue engineering approaches are being advanced to repair the
RPE [249,250]. Some of these strategies entail growing the RPE in a lab on a fiber-based
scaffold and then implanting the cell–scaffold construct into the eye [251]. Several studies
have demonstrated that the electrospun fibers mimic the structure of the native Bruch’s
membrane upon which the RPE resides in vivo, and that the RPE cultured on electrospun
fibers retained many of the properties of native the RPE [252–258]. Liu et al. (2014) found
that the in vitro culture of RPE on fiber-based scaffolds led to a deeper pigmentation and
more uniform hexagonal tight junctions, and that the native RPE migrated onto the scaffolds
following implantation [259]. In a study of rodent and pig models that had laser-induced
RPE injuries, the induced pluripotent stem-cell-derived RPE that was generated on an
electrospun fiber patch was implanted and able to improve RPE functionality as compared
to scaffold-free cell suspensions [260].
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4. Challenges for Fiber-Based Scaffolds

Several challenges exist for advancing fiber-based scaffolds for tissue engineering
applications. Herein, the focus has been on cell responses to fibers. However, in vitro cell
culture responses and responses following human implantation do not have a 1:1 correla-
tion. Cell differentiation on a fiber scaffold in vitro does not mean that an implanted fiber
scaffold will induce tissue regeneration in humans. It is important to improve the quality of
in vitro models to better mimic human physiological response. Next, environmental control
is important for fiber processing and manufacturing, but it is hard to achieve. Temperature,
humidity, particulates, and solvent build up in the atmosphere during electrospinning,
and can have a large impact on fiber properties. It is much more expensive and difficult
to establish environmental control than it is to set up an electrospinning system. There
are no clear mechanisms to establish reliable environmental controls to enable consistent
fiber manufacturing, and each lab and organization must develop their own mechanisms
to suit their budget and capability, largely through trial and error. Fully understanding
the environmental impact on nanofiber properties will be essential for the reproducibility
and scale-up of nanofiber technologies for tissue engineering. Another issue is profitability.
Often, the required implant for each patient may be tiny, with dimensions such as 1 mm
× 2 mm. A large-scale manufacturer may be able to make 1-m-wide rolls of fiber scaf-
folds, providing enough scaffold material for tens of thousands of patients in a day. In
addition, the amount of raw polymer material required to treat one patient may be a few
milligrams, with a value of only a few dollars. Nevertheless, the raw material provider
becomes exposed to significant medical liability by allowing their materials to be used
to treat humans. Thus, supplying a scaffold for humans use may have a high risk with a
small profit margin, which presents a challenge to investors that want to commercialize
fiber-scaffold-based therapies.

5. Conclusions

The vast body of research available on nanofiber scaffolds reiterates the wide range
of tunability, both in terms of materials that can be used and structures that can be cre-
ated. Different tissues rely on different cues: physical, chemical, and biological, that guide
cell growth, migration, and differentiation. Nanofiber scaffolds have several key advan-
tages, and have carved out a niche in the field of engineered tissues and regenerative
medicine. Several key aspects, such as mechanical properties, pore size, porosity, crys-
tallinity, alignment, and fiber diameter, support different requirements of the cells. Despite
the widespread use of nanofiber scaffolds for 3D cultures and tissue engineering, there
remains a lack of industry standard for the manufacturing, quality control, and guidelines
for the application of specific scaffolds for specific tissues or cells. Thus, there is a huge
unmet need in the standardization of 3D tissue culture approaches using nanofiber scaffolds
that may lead to conflicting outcomes. While the majority of the work has been focused on
identifying materials and scaffold properties, efforts to better understand the biomechanical
interactions will establish scaffold parameters needed for specific tissues. For example,
further investigation into how nanofiber alignment affects porosity, and how this in turn
affects tissue regeneration, is needed. Complex tissue systems with multilayered structures
and vasculature will benefit from further exploring polymer blends, controlling morphol-
ogy and nanotopography, and mimicking the physiological, biological, and mechanical
properties of the different layers of the tissue. Consideration should be given to improving
cost and time, and achieving the scale-up of manufacturing. In addition, investigating
a combination of electrospun scaffolds with other techniques, such as bioprinting or hy-
brid systems combining hydrogels and scaffolds, should be further explored. These have
the potential to improve in vitro outcomes and may prove successful in vivo. Nanofiber
scaffolds have several advantages that make them a viable option for tissue regeneration
applications. Combining this technology with others may prove to be the final step in
realizing tissue regeneration through tissue engineering.
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