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Abstract:

 Chlorophylls are a fundamental class of tetrapyrroles and function as the central reaction center, accessory and photoprotective pigments in photosynthesis. Their unique individual photochemical properties are a consequence of the tetrapyrrole macrocycle, the structural chemistry and coordination behavior of the phytochlorin system, and specific substituent pattern. They achieve their full potential in solar energy conversion by working in concert in highly complex, supramolecular structures such as the reaction centers and light-harvesting complexes of photobiology. The biochemical function of these structures depends on the controlled interplay of structural and functional principles of the apoprotein and pigment cofactors. Chlorophylls and bacteriochlorophylls are optically active molecules with several chiral centers, which are necessary for their natural biological function and the assembly of their supramolecular complexes. However, in many cases the exact role of chromophore stereochemistry in the biological context is unknown. This review gives an overview of chlorophyll research in terms of basic function, biosynthesis and their functional and structural role in photosynthesis. It highlights aspects of chirality and symmetry of chlorophylls to elicit further interest in their role in nature.




Keywords:


chlorophylls; tetrapyrroles; porphyrinoids; photosynthesis; chirality; symmetry; solar energy conversion








1. Tetrapyrroles and Chirality


1.1. Basic Tetrapyrrole Types

Tetrapyrroles are ubiquitous in nature. Their unique structure is essential for a number of critical biological processes including photosynthesis and respiration. The most commonly known tetrapyrroles are heme and chlorophyll, often referred to as “The Colors of Life” [1]. These pigments are responsible for the red color of the blood and the green color of leaves. In their cyclic form four pyrrole subunits are linked together via methine bridges, with the exception of corrins, where two pyrroles are directly linked to each other. The macrocycle describes an aromatic system where the different families can be determined using the oxidation state or degree of saturation. In addition to cyclic tetrapyrroles, linear tetrapyrroles (bilanes) function in cell metabolism, as regulators and as photoreceptors (biliverdins, phytochrome) (Figure 1).

Figure 1. Chemical structures of different tetrapyrrole families, distinguishable by the oxidation state and structure of the macrocycle.
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Variations in the chemical structure open access to a multitude of functions, catalyzing an array of reactions [2]. Those variations include the mentioned changes in the oxidation state, different associated metals or substituents on the outer sphere of the tetrapyrroles. Interactions with the surrounding protein, such as hydrogen bonding, electrostatic interactions and also covalent binding are having further impact on the structure and therefore the observed function (Figures 2 and 3).

Figure 2. Chemical structures of various natural tetrapyrroles: the iron containing heme B, its degradation product biliverdin and isobacteriochlorin siroheme, the photorecptor phytochromobilin, the cobalt containing corrin cobalamin (B12), the nickel containing corphin cofactor F430 involved in methanogenesis, and bacteriochlorophyll a as an example for magnesium coordinating macrocycles.
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Figure 3. Overview over different naturally occurring tetrapyrroles and their functions.
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Associated with oxygen transport and storage as well as electron transfer are heme proteins [1,3]. These prosthetic groups contain iron porphyrins. While hemoglobin transports the oxygen from the lungs to the tissue cells, myoglobin, a structurally similar protein, manages the storage of oxygen in muscle cells. The protein environment mainly accounts for the differences in oxygen affinity and related properties [4]. Other important enzymes with heme cofactors are the cytochromes which are associated to various reactions occurring in nature. They facilitate electron transfer in photosynthesis, respiration, and cell metabolism. Due to the environmental influence of certain amino acids which directly link the cofactor to the protein backbone the redox potential of cytochromes is more favorable for reversible changes from the +II to the +III oxidation state of the iron [5]. Numerous peroxidases and catalases also utilize hemes as cofactors and form another link to the oxygen metabolism [6–8].

Most reduced porphyrins (hydroporphyrins) which coordinate magnesium are termed chlorophylls and are the most important cofactors in photosynthesis [9–11]. The formation of chlorophyll clusters, so-called antennas enhances the ability to trap energy from sunlight efficiently. Via highly energetic intermediates the electronic energy is converted into chemical energy and finally stored in the form of carbohydrates. The production of oxygen, which is essential for most species on this planet, occurs as a result of the oxidation of water. Other products of photosynthesis are adenosine triphosphate (ATP), the cellular fuel, and reduced nicotinamide adenine dinucleotide phosphate (NADPH).

Coenzyme B12 (Cobalamin) is the only example of a corrin in nature [12,13]. It is the chemically most complex tetrapyrrole and is solely synthesized by prokaryotes (single-celled organisms, e.g., bacteria). It coordinates cobalt as the central metal and variations of B12 are distinguished by the exchangeable second axial ligand, e.g., cyano, adenosyl, hydroxyl and methyl groups. B12 is involved in the cell metabolism, specifically in DNA synthesis and regulation. Other essential tetrapyrroles in nature are the cofactor F430 and siroheme [14,15]. The former coordinates nickel and plays an important role in methanogenesis, whilst the iron coordinating bacteriochlorin siroheme is involved in the assimilation of inorganic sulfur and nitrogen in plants from sulfite and nitrite, respectively.

The linear tetrapyrroles in humans are categorized as bile pigments and are degradation products of hemoglobin and myoglobin and contain only three methine bridges [16,17]. Other species such as insects are able to use similar brightly colored pigments as parts of their appearance. However, linear tetrapyrroles play their most important roles in plants and bacteria where, e.g., phytochromobilin acts as a light sensor in phytochrome. This chromophore, as a member of red/far-red photoreceptors, mediates signals from the cell environment to the nucleus.



1.2. Scope of the Review

When asked to write a review on the “supramolecular chirality of porphyrins” we were faced with the need to focus on a manageable topic. The most logical one for an organic chemist would be to focus on the chiral properties of porphyrin arrays, e.g., the multitude of multiporphyrin systems which have been prepared for electron transfer studies [18,19]. However, in many of them aspects of chirality either do not arise or have been neglected in the various studies with the exception of systems with planar chirality [20–24]. Alternatively, many chiral porphyrin systems have been prepared for catalytic applications or as sensors, a topic dealt with in this issue nicely by Borovkov [25]. With their significant biological relevance any chiral effects in or of porphyrins must be looked at in their natural context, which are the ultimate supramolecular arrangements of porphyrin pigments. Likewise chiral effects in nature often go hand in hand with highly symmetric arrangements of the pigments, which appears to be counterintuitive. Natural porphyrin systems can broadly be separated into “red” and “green” biochemistry. The former is based on heme-type systems and they often participate in highly enantioselective reactions, i.e., involve “chirality” despite the basic porphyrin macrocycle being achiral. One only needs to recall the multitude of selective chemical reactions catalyzed by the various cytochrome P450s [26]. Often these are understood in quite some detail and a comprehensive analysis of chiral effects therein in one treatise is impossible below the level of a monograph.

A quite different situation is encountered in “green” biochemistry. Ignoring the heme complexes involved in the various biosynthetic pathways, the tetrapyrroles utilized are (bacterio)chlorophylls, which are intrinsically chiral. On the other hand, their main function in photosynthesis appears to not involve “chirality” and their spatial arrangement—more so than that of hemes—is often characterized by a high degree of symmetry. This intriguing dichotomy and our longstanding interest in structure-function relationships in photosynthetic pigments prompted the present attempt to take an initial look at aspects of chirality and symmetry of chlorophylls in photosynthesis to stimulate further interest in this area of research [27] (and [28–30]).



1.3. Origin of Chirality

For any compound three means exist to “generate” chirality. The molecule itself may contain chiral centers and thus will be optically active. Secondly, even if the molecule is achiral binding to a molecule which is chiral will result in the overall complex to be chiral. And, last but not least, changes in the three-dimensional structure of a molecule, for example through macrocycle distortion of planar systems or a helical twisting of linear molecules, can result in chiral systems.


1.3.1. Stereocenters in Chlorophylls

The basic porphyrin system found in nature is protoporphyrin IX 1. All “porphyrin-type” tetrapyrroles with a biological function are biosynthetically derived thereof. Siroheme, corrins and corphins (see cofactor F430, Figure 2) are derived from uroporphyrinogen III 2, a biosynthetic precursor of protoporphyrins IX (Figures 4 and 5) [31]. Neither of these biosynthetic branch point pigments is chiral. Thus, chirality is introduced “late” in the biosynthetic pathways. However, a compound such as protoporphyrin IX has facial enantiotopicity, depending on which face of the macrocycle (α or β) is used for coordination. A detailed description of the individual enzymatic reactions will be given below for the individual classes of compounds.

Figure 4. Key intermediates of porphyrin biosynthesis.
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Figure 5. Biosynthetic pathways for tetrapyrroles.
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All chlorophylls involved in photosynthesis can be envisaged as derivatives of phytochlorin 3 (Figure 6). Phytochlorin has two chiral centers at the 17 and 18 position in ring D and their stereochemistry is 17S/18S [32]. The chlorophylls of Higher organisms, chlorophyll a and b (Chl a 4, Chl b 6) contain an additional chiral center in the isocyclic pentanone ring (V) at C132, which is R. This situation is retained in Chl d [33]. To make things not too easy, the chlorophylls c18 and c29 are actually porphyrins, i.e., contain only the chiral center at 132, with an additional trans-alkene stereocenter at 171 [34,35].

Figure 6. Chiral centers * in natural phytochlorin derivatives.
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The exact determination of the absolute structure of Chl a 4 took several decades and was largely promoted by the important work by Willstätter in the early 1900s [36], whereby he isolated the pigment and proved that its molecular composition was C55H72O5N4Mg. The general structure of Chl a was proposed by Hans Fischer in 1940s, whereby it was suggested that (a) the “extra” hydrogen atoms of the chlorin macrocycle were placed on adjacent carbon atoms C17 and C18; (b) that the macrocycle retained its continuous conjugation (reflected through its absorption properties) and also (c) that the compound was optically active [37,38]. Chl a bears up to six asymmetric centers (depending on the ligation of the central magnesium [39]) and Ficken et al., determined the relative configuration of ring D, the C17 methyl and C18 propionic ester groups (and the extra hydrogen atoms of the reduced ring) to be trans relative to each other [40]. Woodward reaffirmed this structure to be correct in 1960 through its total synthesis, although the relative configurations of the side chains took nearly a decade to complete [41,42]. The relative configuration at C132 was established by Inhoffen [43], whereby the methyl ester side group is trans to the phytyl side chain of C17 [44]. The stereochemistry and absolute configuration of the phytyl chain (P) was elucidated by Burrell as P7′R, P11′R [45]. Completing the exact structure of chlorophyll a resulted from work by Fleming, whereby the absolute configuration at C17 and C18 was determined (S,S), giving an overall configuration of 17S, 18S, 132R, P7′R, P11′R for Chlorophyll a [32]. Ultimately, these studies were confirmed by various X-ray crystal structure determinations of chlorophyllides and pheophorbides [46].

Bacteriochlorins contain two reduced pyrrole rings and the archetypical examples are the bacteriochlorophylls a 10 and b 11. Thus, they contain the same stereocenters as in the chlorophyll series and two additional chiral centers at C7 and C8 in the case of BChl a 10 and BChl g 16 and one at C7 in BChl b 11 [44,47]. To make matters of nomenclature worse, the bacteriochlorophylls c–f (12–15) are actually chlorins, i.e., 17,18-dihydroporphyrins [48]. They also lack the carboxy methyl ester group at position C132, and thus have only two chiral centers in the macrocycle, similar to the parent phytochlorin. In addition, they contain a new chiral center in a side chain at C31 [49]. The latter is less well defined and depends on organism type and light conditions; typically mixtures of the enantiomers at this position are observed as will be discussed in more detail below.

Additionally, the esterified alcohols which are present at the C17 side chain, in most but not all chlorophylls, contain chiral centers. Typical examples are Δ2,6-phytadienol 17 and phytol 18. Other esterified alcohols such as geranylgeraniol 19 and farnesol 20 do not contain chiral centres but variances in the number and positioning of the double bond stereogenic groups do occur (Figure 7) [50–54].

Figure 7. The esterified alcohols of (bacterio)chlorophylls.
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1.3.2. Environmental (Apoprotein and Axial Ligand Effects)

Typically (bacterio)chlorophylls do not occur as “isolated” pigments in monomeric and/or unbound form. In their functional state they are often bound to side chains of the apoproteins. This is facilitated through axial ligation, i.e., the coordination of a suitable amino acid heteroatom (or water) to the central metal to yield penta- or hexacoordinated metals [55]. As (most) amino acids and proteins are chiral, any complex of a tetrapyrrole—even an achiral one—with a protein is optically active (Figure 8). These ligations enable important interactions with the apoprotein environment, assisting chlorophyll protein organization and modulating their electronic properties.

Figure 8. “Environmental” chirality in pigment-protein complexes.
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The central magnesium atoms of Chls and BChls are in most instances penta-coordinated resulting in the formation of a new stereochemical center and the possibility of two different types of chlorophyll-ligand interaction [56–58]. The two “faces” of the chlorophyll macrocycle are diastereotopic, referred to as syn- and anti- (Figure 9), which arise from the three chiral centers on the ring. Syn ligation occurs when an amino acid coordinates the Mg atom the same side as the C17 phytyl chain, whereby the hydrophobic chain bends over the back face of the Chl and forces the syn-ligation of polar residues at the opposite side (also referred to as “face” complexes or β-ligation from the top face). This geometry only accounts for a small percentage of those found in natural systems, although it is proposed to play an important role in energy trapping in light harvesting complexes (LHCs). The anti geometries (“back” or α-ligated complexes where coordination occurs from below) are more energetically favored by a factor of ∼4 kJ·mol−1 as determined by computational calculations of model pigments [59].

Figure 9. Schematic representation on syn- and anti-ligation states in BChl a (modified from Balaban [57]).
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The uneven distribution of the two ligation states within chlorophyll proteins has been strongly conserved during evolution, and this phenomenon plays a critical part in light-harvesting function and energy transfer. The one exception here is the bacteriochlorophylls c–e which form self-organized aggregates without direct incorporation into a porphyrin backbone (see Section 7).



1.3.3. Macrocycle Distortion

Less obvious but more important for the natural function are three-dimensional structural effects. For example, an unsymmetrically substituted achiral porphyrin can become chiral upon out-of-plane distortion of the macrocycle. Thus, the conformation of the porphyrin, chlorin or bacteriochlorin ring system must be considered [60]. Likewise, linear tetrapyrroles may exist in different enantiomeric helical conformations.

Whilst the aromatic π-system of porphyrins may at first imply planar compounds, it has long been known that the macrocycle possesses considerable conformational flexibility (Figure 10) [61]. Indeed, extended aromatic systems such as those of Chl or BChl must be conformationally flexible and numerous structural and spectroscopic studies since have led to a deeper understanding of the importance of this phenomenon for the functional properties of porphyrins [62,63]. By now it is established that the macrocycle conformation can control the physicochemical properties of the tetrapyrrole to a significant extent. Increasing nonplanarity with its destabilization of the π-system leads to bathochromically shifted absorption bands, easier oxidation, lower fluorescence yields, larger Stokes shifts, shorter lifetimes of the lowest excited states, faster intersystem crossing and internal conversion.

Figure 10. Illustration of out-of-plane macrocycle distortions in porphyrins (arrows showing the out-of-plane movements of the pyrrole rings).
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In the biological context the macrocycle flexibility has been used to develop the concept of “conformational control”, wherein variation of the macrocycle conformation via steric interactions with the surrounding protein side chain in pigment-protein complexes and/or axial coordination of the central metal and/or π–π-interactions can be used to fine-tune the physicochemical properties of the macrocycle [64,65]. This presents an intriguing rationale for explaining the often diverse (physico)chemical reactivity of the same chromophore in different protein environments. The presence of the reduced pyrrole rings in chlorins and bacteriochlorins leads to even more conformational flexibility than is observed in porphyrins. For a more detailed discussion of this concept and related studies see references [45,63,65,66].





2. Chemistry and Structure of Isolated (Bacterio)chlorophylls


2.1. Fundamental Aspects of Chlorophyll Chemistry

Chlorophyll chemistry is governed by the aromatic character of the underlying tetrapyrrole moiety and functional group transformations in the side chains (Figure 11) [67]. As a cyclic tetrapyrrole with a fused five-membered cyclopentanone ring, the ring system exhibits the typical features of a heteroaromatic compound. Their unique biological functions derive from the extended π-system with its ability to coordinate metal ions with the core nitrogen atoms, the conformational flexibility of the macrocycle and the side chains. The aromatic system of pheophorbide 5 can undergo electrophilic reactions with a preference for reaction at C20, the meso position closest to the reduced pyrrole ring. The C7–C8 double bond in phytochlorin, which is reduced in the bacteriochlorophylls, is not part of the aromatic delocalization pathway and thus offers a convenient point for modification of the chlorophylls via addition and oxidation reactions. The side chain substituents undergo standard transformations, such as addition and oxidation reactions at vinyl groups and the ester groups at C173 and C132 can be saponified or transesterified. The chemistry of the isocyclic pentanone ring often involves enolization and follow-up chemistry of the β-keto ester system. Examples are oxidative degradation reactions, hydroxylation, ring-opening or decarboxylations. These and other peripheral substituent modifications also present the bulk of synthetic chemistry developments in the context of biosynthetic studies and the use of chlorophyll derivatives in photodynamic cancer therapy [68].

Figure 11. Chemical reactivity profile of chlorophyll derivatives.
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A special chemical aspect is related to the stereochemistry at position C132. In chlorophyll a 4 this is R. However, the hydrogen atom is highly acidic due to its β-dicarbonyl pattern. Thus, it can easily undergo enolization to 21 followed by reprotonation either from the re or si face. Upon epimerization this results in the formation of the 132S-stereoisomer, which is termed Chl a′ 22 (Figure 12). This reaction occurs quite easily in aqueous media, as do the related allomerization reactions [69–72]. The different enantiomers have distinct properties, mostly as a result of steric effects [73,74]. A functional role as one of the pigments in the photosynthetic reactions center has been suggested for the a′ form [75,76], but the ease of their non-enzymatic formation has allowed no independent verification yet. Chlorophyllide a′ is not a substrate of the chlorophyllase [77] and no structural evidence for the natural occurrence has yet been derived from protein structures [78].

Figure 12. Enolization and epimerization of chlorophylls.
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For in depth reviews on chlorophyll chemistry see the book by Scheer and articles therein [11]. The newer literature is accessible through works by Pavlov and Ponomarev [79], Nyman and Hynninen [68], Pandey [80,81], Mironov [82] and the excellent contributions from Tamiaki’s group [83].



2.2. Spectroscopy and Symmetry

The absorption properties of chlorophylls provides key information about their overall structure and symmetry thereof, and it can be used instantaneously to distinguish the three macrocycle types related to the chlorophylls, depending on their degree of unsaturation, namely porphyrin, chlorin and bacteriochlorin derivatives. As will be discussed below, these electronic properties are largely determined by the symmetry of the macrocycle, in addition to ligation effects on the central metal and/or the presence of specific substituents around the macrocycle of chlorophylls at specific sites, all characteristics of which are vital to their specific ecological function.

The large aromatic nature of tetrapyrroles provides the basis for their unique absorption properties e.g., the typical UV/Vis spectra of porphyrins exhibit absorptions in two regions termed the Soret or B-band (∼380–420 nm) and the Q-bands (∼500–800 nm) [84]. This is a result of the splitting of the main frontier molecular orbitals and these aspects of the electronic structure of porphyrins are well described by the semi-quantitative MO-based “four-orbital model” of Gouterman (Figure 13), a mixture of Hückel and Configuration Interaction (CI) theory [85,86]. The four-orbital model considers the two HOMOs (labelled a1u and a2u) and LUMOs (labelled eg) of the porphyrin derived from Hückel theory and mixes the four possible excitations between them using configuration interaction theory to account for electron interaction.

Figure 13. (a) The orbitals involved in Gouterman four-orbital theory and (b) the simplified representation of the one electron transitions from HOMO to LUMO.
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The one electron transitions (along the x- an y-axes through opposing central nitrogen atoms as shown in Figure 14) between these molecular orbitals generate four excited states and thus causes them to overlap and interact with one another, both constructively and destructively. Whilst the LUMOs are formally degenerate, comparison of the nodal patterns of the Hückel HOMOs to the ±4 orbitals from both free-electron and cyclic polyene models suggested that they may be considered “accidently” degenerate. The result of this modification and subsequent application of charge interaction between the single excitations gives rise to two sets of x- and y-polarized degenerate excitations, one set of which are strongly allowed and at higher energy (referred to as 1Eu state, shorter wavelength B band) than the other formally forbidden set. Excited states arise from these forbidden transitions due to vibrations within the molecule and these have a lower energy and low oscillator strength (referred to as 1Eu state, Q band).

Figure 14. Symmetry consideration and structures of porphyrin, chlorin and bacteriochlorin “chlorophylls” and their absorption spectra showing the B and Q band regions. Spectrum modified and reproduced with permission from Wang and Tamiaki [87].
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A key-difference between the spectra of metalloporphyrins and their free-base counterparts is the number of Q-bands. This results from the reduced symmetry of the free-base (D2h) so that the two axes defined by opposite pyrrole nitrogen atoms (Nopp–Nopp) are no longer equivalent affecting further splitting of the transitions. The generalized metalloporphyrin (Figure 14) belongs to the D4h molecular point group and exhibits the highest symmetry possible for a porphyrin derivative. β-Pyrrolic reductions decrease the molecular symmetry so that both free base and metallated forms of chlorins are of C2v symmetry and likewise bacteriochlorins are D2h in either form. Regarding the multiplicities of the Q-bands each degenerate excitation has a transition dipole orientated with one or the other axis (x- or y-) and are so termed the Qx- and Qy-excitations. Therefore, in metal complexes, where these axes are equivalent, the Qx and Qy pair is degenerate. However, for free base porphyrins, there is a reduced symmetry (D2h) in that the two axes defined by opposite pyrrole nitrogen atoms are no longer equivalent, due to the presence of two hydrogens on these opposing nitrogen atoms. This reduction in symmetry means that the excited states resulting from transitions between the molecular orbitals are not degenerate and results in further splitting of the transitions [88].

This is even more evident with the chlorin macrocycles (e.g., Chl a) and their metal complexes which have the lowest symmetry (C2v) due to the reduction of one β–β double bond which destabilizes the MOs that have a significant amount of electron density located at this reduced bond. This results in the raising of the energy of these orbitals, causing a red shift in absorption on the Qy band, blue shift of B band due to increase in the HOMO–LUMO gap for this transition and increased Qy band intensity due to a higher oscillator strength of these excited states. Although bacteriochlorins can be considered to have D2h symmetry, the conjugation of the macrocycle is longer along the y-axis than the x-axis resulting in an intense Qy absorption at lower energy (red shift to approx. 800 nm), in addition to a split B band as here the Bx,y bands no longer overlap (Bx and By, Figure 14). Obviously, the orbital situation in these usymmetrical systems is much more complicated than in Figure 13 and peripheral modification to the macrocycles at specific positions and axial ligations can account for other changes in the absorption spectra of chlorophylls due to effects on MOs and the HOMO–LUMO gap.



2.3. Structural Chemistry

A detailed description of this topic has recently been given by us [46]. Despite their importance only a limited number of small molecule single crystal X-ray determinations are available. None of these structures are of the—phyll type, i.e., contain the natural long chain esters at C17. For reasons of solubility, synthetic access and chemical stability the available set of structures encompasses only pheophorbides, chlorophyllides, mostly as 173 methyl or ethyl esters, and various metal complexes or synthetic derivatives thereof (Figure 15).

Figure 15. Selected examples of chlorophyll and bacteriochlorophyll derivatives investigated by single crystal X-ray crystallography.
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The classic structure here is that of ethyl chlorophyllide a 23 which was reported in 1975 by Kratky and Dunitz [89] and Strouse and coworkers [90]. Subsequent studies reported on chlorophyllide b 24 and compounds with different C173 esters. Common features for chlorophyllides, i.e., magnesium chelates, were a penta-coordinated metal center (with Mg–Oax ∼2.03 Å); nonequivalent but typical Mg–N bond lengths (∼2.03–2.18 Å), with the shorter bonds to N21 and N23, and the longest one found for Mg–N24, i.e., involving the reduced pyrrole ring; similar crystal packing; and an almost planar macrocycle conformation. A simple means to compare the latter is the Δ26 value (defined as the average deviation of the 26 macrocycle atoms from their least-squares-plane), which was found to be 0.04–0.062 Å for the chlorophyllides [46]. Removal of the 132 ester group to yield the pyro-chlorophyllide a derivative 25 had no significant effect on the conformation [91].

Other studies reported on a number on “unnatural” metal complexes with Cd(II) [92], Fe(III)Cl [93], Zn(II) [94] and Ni(II) [95], and these illustrate the range of possible conformations which can be imposed on the macrocycle through metal effects with Δ26 values reaching 0.32 Å [96]. Free base derivatives, e.g., pheophorbides a 27 [97,98] or b [99], typically exhibit a planar aromatic system, a zig-zag conformation of the cyclopentanone ring and the standard differences between the reduced and aromatic pyrrole quadrants and conjugation of the vinyl group with the aromatic system.

The synthetic and structural chemistry of the bacteriochlorophylls is more limited. While similar to those of the chlorophylls they are more prone to oxidation to the chlorin or porphyrin level and less stable. As a result most structure-function correlations have been performed with more stable synthetic analogs, e.g., geminal dialkylated bacteriochlorins [100]. The basic reference structure is that of methyl bacteriopheophorbide a 29 which has a planar macrocycle akin to that of the chlorins of the pheophorbide series [101,102].

More data are available for the chlorin-type bacteriochlorophylls c–e [46]. As phytochlorin derivatives they are more stable and synthetically more easily accessible than the bacteriochlorins. They also show significant variability of the C8 and C12 substituents, i.e., do exist as homologous mixtures [103]. This allowed one of the first comparative analyses of closely related photosynthetic molecules derived from Chlorobium vibrioforme [104]. Intriguingly, these chemically very similar compounds exhibited a wide range of different conformations; one of the key points of departure for the concept of conformational flexibility.

A detailed comparative analysis of the tetrapyrrole conformation and core stereochemistry requires the determination of specific geometrical parameters and appropriate visual illustrations [46]. Simple conformational parameters such as atomic displacements from the 4N, 24-macrocycle or 26-phorbin system least-squares-plane and individual displacements of the Cm and Cb atoms serve as rough general descriptors. This can easily be visualized using skeletal deviation plots [105]. More stringent criteria for the analysis of the metal coordination, axial ligand stereochemistry and π–π-interactions have been provided by Scheidt and Lee [106]. They also developed the basic terminology to describe various tetrapyrrole conformations, e.g., through the use of the terms ruffled (ruf) and saddled (sad). ruf indicates a twisted macrocycle with meso carbons alternately displaced above and below the mean-plane while sad, obtained by a 45° rotation of the ruf conformer around the major C2-axis, describes a similar alternate displacement of the pyrrole rings relative to the mean-plane. Additionally, the by then well-known domed (dom), waved (wav; called “stepping” by Scheidt) and “roof” type conformations were also noted.

Additionally, steric strain often affects not only out-of-plane displacements but the in-plane distortions modes as well. Here, the best analysis utilizes the normal structural decomposition method (NSD) introduced by Shelnutt [107,108]. This method analyzes all out-of-plane and in-plane distortion modes based on experimental or calculated positional atomic data. NSD is a conceptually simple method that employs the decomposition of the conformation of the macrocycle by a basis set composed of its various normal modes of vibration. This technique affords clear separation of the contributing distortions to the macrocycle conformation in a quantitative fashion, often of reduced dimension and allows the large scale comparative analysis of porphyrinoid crystallographic data. The individual displacement parameters for each distortion mode can easily be plotted and used to illustrate the mix and interplay of the various distortions.

A typical example for such an analysis is shown in Figures 16 and 17. It is based on an investigation of the steric influence of the 20-methyl substituent in nickel(II) phytochlorins [95,96]. The structure of a Ni(II) 20-methylphytochlorin methyl ester 33 exhibited a highly ruffled conformation with a local increase in distortion in the vicinity of the 20-substituent when compared to the reference compound without the meso methyl group 26. This was indicated by larger Cm displacements and a smaller Ca–C20m–Ca angle (120.5°) compared to the phytochlorin without the methyl group (123.8°). Such compounds are related to naturally occurring BChl c and d and the results indicate that the larger distortion in the 20-methyl derivative might account for the 10 nm bathochromic shift in the absorption maxima of the BChl c compared to d [109]. The various conformational distortions in the different metal complexes are clearly evident from the illustrations. The magnesium derivative 25 exhibits an almost planar macrocycle while the nickel(II) derivatives are characterized by large out-of-plane displacements for the Cm carbon atoms (and larger ones in the C20-methylated from 33) and a rotation of the pyrrole rings about their β–β axes indicating the typical ruf distortion due to Ni–N bond contraction.

Figure 16. Illustration of a conformational analysis comparing 25, 26 and 33 from left to right. Top panel: view of the molecular structures in the crystal. Hydrogen atoms have been omitted for clarity. Lower panel: Skeletal deviation plot with respect to the plane of the 24 macrocycle atoms; x-axis not to scale; sequence of pyrrole rings follows the IUPAC nomenclature from left to right (N1, N2, N3, N4).
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Figure 17. Graphical representation of the displacements along the lowest-frequency coordinates that best simulate the structures (NSD analysis) comparing 25, 26 and 33 from top to bottom (where B2U, B1U ... reflect the modes of symmetry of the molecular orbitals).
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Studies such as these confirm that conformationally distorted systems, no matter how large or small the distortion, manifest a mixture of distortion modes, i.e., present unsymmetrically distorted macrocycles. Indeed, the degree and the relative contributions of individual distortion modes are indicative for specific physiological functions (see below).




3. Biosynthesis and Generation of Chiral Centers in Chlorophylls


3.1. Formation of Protoporphyrin IX

A general outline of the biosynthesis of the chlorophylls was given in Figure 5 [110]. The field has matured significantly in the past decades with now many enzymes being structurally characterized and the molecular genetics unraveled in many organisms. As a result the subsequent discussion highlights only the main chemical conversion steps without discussion of regulatory aspects or alternative pathways. Brevity also prevents a look at the highly intriguing chemistry of senescence and chlorophyll catabolism [111,112]. Contemporary reviews on this topic can be found in the book edited by Grimm et al. [113] and Volume 20 of the Handbook of Porphyrin Science [114]. All tetrapyrroles are formed in a complex reaction sequence starting with small molecules. The first intermediate which is common to all tetrapyrrole biosynthesis is 5-aminolevulinic acid 38 (ALA) (Figure 18). Depending on the organism two pathways are possible: the ALA-synthase pathway (C5) or the Shemin pathway (C5 + C1) [115,116]. The former is relevant to most bacteria and plants while the latter operates in purple photosynthetic bacteria, yeast and animals.

Figure 18. Biosynthesis of protoporphyrin IX.
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Next, two ALA molecules are condensed to the first pyrrole compound, porphobilinogen 39. This reaction is catalyzed by ALA-dehydratase (porphobilinogen synthase) [117]. It involves the formation of a Schiff base with an amino group of the enzyme. Formally a stabilized carbanion, it then reacts with a second molecule of ALA and after an aldol condensation the enzyme facilitates the abstraction of water. A nucleophilic attack of the amino group at the C-atom of the Schiff base in the second ALA molecule then results in a transamination and formation of the pyrrole. Thus, the mechanism resembles that of (trans)aldolases [118,119].

The next sequence is highly complex and involves the formation of uroporphyrinogen III 2 from four molecules of porphobilinogen. In a first step porphobilinogen deaminase (hydroxymethylbilane I synthase) links four porphobilinogen molecules into the linear tetrapyrrole (a bilane) 40. Intriguingly, this enzyme utilizes a dipyrromethane primer as a cofactor and thus in fact, first generates a hexapyrrolic species which then is cleaved to hydroxymethylbilane [120–123]. In a sense this bilane is a symmetric arrangement of four pyrroles and can spontaneously cyclize to the symmetric uroporphyrinogen I [124]. Under enzymatic control a desymmetrization occurs whereby uroporphyrinogen III synthase cyclizes and isomerizes hydroxymethylbilane to the spiro intermediate 41 under inversion of ring D [120,125,126] which then yields uroporphyrinogen III 2. This is the first true cyclic tetrapyrrole and the first branch point for different porphyrins. It can either lead to protoheme or (bacterio)chlorophylls or, via C-methylation to vitamin B12 and sirohemes. For the chlorophylls, uroporphyrinogen III decarboxylase decarboxylates four acetate residues under formation of coproporphyrinogen III 42. This, in turn, is oxidatively decarboxylated to protoporphyrinogen IX 43 [127]. Finally, protoporphyrinogen oxidase oxidizes this intermediate through abstraction of six hydrogen atoms to protoporphyrin IX 1, the first cyclic tetrapyrrole with a conjugated (porphyrin) ring system [128].

Protoporphyrin IX presents the next branch point in the biosynthesis of tetrapyrroles. Depending on the type of metal ion inserted this intermediate leads to the heme porphyrins and subsequently open-chain tetrapyrroles, while the Mg-complexes yield the chlorophyll-type pigments.



3.2. Formation of Chlorophyllide a

The first committed step for chorophylls is the incorporation of magnesium in protoporphyrin IX 1 (Figure 19) by the ATP-dependent Mg-chelatase [129]. The enzyme function is highly complex with different subunits having to act in concert and sequence. The magnesium porphyrin 44 is now converted into the monomethyl ester 45 by a S-adenosyl-l-methionine:Mg-protoporphyrin IX methyl transferase. The enzyme first binds the porphyrin, then S-adenosylmethionine, from which a methyl group is transferred to the C13 propionic acid group. Formation of the methyl ester is a prerequisite for the complex reaction that forms the isocyclic ring V and thus also the first stereo center in the chlorophylls. Mechanistically Mg-protoporphyrin IX monomethylester cyclase first hydroxylates then oxidizes the C131 position to ketone. This activates the C132 position which now is connected to the C15 meso position to yield [8-vinyl]-protochlorophyllide a 46 [130–132]. In plants this reaction sequence is oxygen dependent while in bacteria alternative enzymes use water as oxygen source under participation of a vitamin B12 cofactor and a [Fe–S] cluster [133]. Here, a SAM radical abstracts a hydrogen atom from C131 and the radical thus generated is then converted into a putative carbocation which is then hydroxylated from water. A second radical generation at C131 allows the abstraction of the proton from the hydroxy group and loss of an electron yields the keto species. Finally, a third radical formation at C132 was proposed to then react with C15 [133]. Thus far no protein structural data are available and the exact stereochemical mechanism is unknown for both pathways.

Figure 19. Biosynthesis of chlorophyllide a.
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The 3,8-divinyl compound is now reduced to the monovinyl protochlorophyllide a 47. While shown here to occur at a specific point in the biosynthesis the vinyl reductase can act at various points in the biosynthesis after formation of Mg-protoporphyrin IX up to the -phyll level (i.e., from compound of type 46 onwards) and some organisms are known to contain only divinyl chlorophylls [134,135].

The last step of direct macrocycle modification in chlorophylls is the formation of chlorophyllide a 48, i.e., the reduction of the porphyrin to a chlorin under generation of two new chiral centers at C17 and C18. In plants this is a light-dependent reaction catalyzed by single subunit NADPH: protochlorophyllide oxidoreductases, however, some organisms use a so-called dark variant of this process incorporating a light-independent enzyme with ATP for this reduction [136,137]. The enzyme binds the substrate and co-substrate in the dark under participation of cysteine residues [138]. Light activation then converts the enzyme-substrate complex in an active form where hydride and proton transfer can occur. This process requires two photons. The first induces the conformation change in the enzyme-substrate complex, while the second induces the actual chemical reaction [139]. Despite the absence of a 3D structure the participating amino acid residues are known based on site-directed mutagenesis studies and the stereochemical aspects can be inferred to some extent (Figure 20). The new hydrogen atom on C17 is derived from the pro-S hydride of NADPH and the one on C18 from a tyrosine residue whose pKa is lowered by a neighboring lysine [140,141]. Intriguingly, the wheat enzyme requires a substrate with 132R configuration and did not tolerate any modifications of the 132 position, possibly indicating an involvement of this part in the photo-reduction [142].

Figure 20. Light-dependent reaction mechanism (top) and light-independent reaction mechanism (bottom) for the conversion of protochlorophyllide a to chlorophyllide a [143].
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In anoxygenic bacteria, and other organisms, a light-independent, dark-operative pathway is used for the formation of the chlorophyllides. Genetically the genes involved in this conversion show a high degree of amino acid conservation to those of nitrogenase [144]. Detailed structural information on the ternary dark-protochlorophyllide oxidoreductase complex and the involvement of [4Fe–4S] centers is now available from protein structures [145,146]. The critical components are two [4Fe–4S] clusters and two protochlorophyllide binding sites. In the substrate bound structure [147] the C17 propionate side chain has a distorted conformation, which can indicate a trans-specific substrate assisted protonation mechanism involving a neighboring aspartate residue [148].



3.3. Chlorophylls a and b

For chlorophyll a 4 the next step is simple; it involves the esterification of the C17 propionic acid group in 48 with phytyl pyrophosphate or geranylgeranyl pyrophosphate by the Chl synthase (Figure 21) [149,150]. The enzyme is specific for chlorophyllides and cannot convert bacteriochlorophyllides. For Chl b the final step utilizes the same enzyme as for Chl a and converts chlorophyllide b 50 to chlorophyll b 6. However, prior to that, chlorophyllide a oxygenase (a Rieske-type monooxygenase) introduces two oxygen atoms at the C71 position. First the 71-hydroxy derivative 49 can be detected from which an intermediate geminal diol forms and spontaneously loses water during the formation of chlorophyllide b 50 [151,152]. This pathway is also reversible using the chlorophyllide b reductase and 7-hydroxymethyl chlorophyll a reductase which allows a conversion of Chl b into Chl a in what is known as the “chlorophyll cycle” [153–155].

Figure 21. Final steps in the biosynthesis of chlorophyll a and b.
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3.4. Bacteriochlorophylls a and b (Bacteriochlorins)

A central intermediate for chlorophylls and bacteriochlorophylls is chlorophyllide a (Figure 4). Nevertheless, it should be remembered that despite the chemical schemes shown here implying one pathway for the individual pigments, the biological reality is quite different. Depending on organism, cellular compartment and environmental conditions (light or dark, aerobic or anaerobic, autotroph or heterotroph) different enzymes and pathways are operative for a given target system. Thus, the formation of the tetrahydroporphyrin bacteriochlorophylls starts with this dihydroporphyrin, too (Figure 22).

Figure 22. Final steps in the biosynthesis of bacteriochlorophyll a and b.
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Conversion to the bacteriochlorin 51 is accomplished by the chlorophyllide oxidoreductases, which are thought to operate similarly to the dark-protochlorophyllide oxidoreductases [156,157]. The 3-vinyl group is next hydrated by a 3-vinyl hydratase to 52, similar to the reaction involved in the formation of the BChls c, d, and e (vide infra) [144]. The OH group is then oxidized to a carbonyl unit to yield bacteriochlorophyllide a 53 [158]. Lastly, esterification with a long chain alcohol then yields bacteriochlorophyll a 10. It is not yet clear whether first geranylgeranyl pyrophosphate is attached followed by reduction to phytyl or whether the reduction step precedes the esterification [150,159].

For bacteriochlorophyll b 11 it was initially assumed that it is somehow formed from bacteriochlorophyllide a or that, e.g., a 3-hydroxyethyl-8-vinyl-chlorophyllide a would undergo reduction to the respective 8-vinyl bacteriochlorin, which after migration of the double bond would yield the 8-ethylidene bacteriochlorin followed by oxidation at C31 and esterification with an isoprenoid alcohol [119]. Recent work by Tsukatani et al., suggests instead that chlorophyllide a oxidoreductases, the nitrogenase-like enzyme mentioned above, are capable of directly converting 8-vinyl-chlorophyllide a 54 to bacteriochlorophyllide g 55 in a 1,4-trans hydrogenation reaction [160]. This would then be followed by hydratation and oxidation at the 3-vinyl group to yield bacteriochlorophyllide b 56 and bacteriochlorophyll b 11.



3.5. Bacteriochlorophylls c, d, and e (Chlorins)

The bacteriochlorophyll c, d and e present a complex group of photosynthetic pigments as, unlike the other chlorophylls, often more than one chemically defined species is present in an organism [103]. They act as the main antenna pigments in the green sulfur bacteria (Chlorobiaceae and Chloroflexaceae) [119,161]. Note, in these bacteriochlorophylls only one pyrrole ring is reduced, i.e., they are chlorins (dihydroporphyrins). Thus, they are quite different from the bacteriochlorophylls a and b, which are tetrahydroporphyrins. Spectroscopically they are similar to chlorophylls a and b and both exhibit the same stereochemistry at the chiral centers in the macrocycle. They lack the C132 methoxy carbonyl group and at position 3 they carry a hydroxyethyl group, which give rise to a new chiral center [162]. Bacteriochlorophylls c and e differ from bacteriochlorophyll d by an additional methyl group at the meso carbon 20 and bacteriochlorophyll d has an aldehyde group at C7 and thus is similar to chlorophyll b [49]. All three bacteriochlorophylls occur in nature as so-called homologue mixtures. Individual components of these mixtures differ in the substituents at C8 and C12, the stereochemistry at C31, and the nature of the esterified alcohol. Bacteriochlorophyll c often carries an ethyl group at C8, as is the case in most natural tetrapyrroles. Other possibilities are n-propyl or iso-butyl residues or neopentyl in BChl e. C12 mostly carries ethyl or methyl groups. Depending on the organism the long chain alcohol can be farnesol, geranylgeraniol, phytol, 2,6-phytadienol, hexadecanol and octadecanol.

New derivatives with alternative groups are discovered from time to time. However, often these are derived from genetically altered organism and thus, while intellectually interesting, their biological relevance is open [163]. A case in point is bacteriochlorophyll f 15 [164], which has not yet been identified in nature. However, inactivation of the gene encoding bacteriochlorophyll C20 methyltransferase (see below) in Chlorobaculum limnaeum resulted in a photosynthetically active mutant containing this pigment [165].

The biosynthesis of this class of pigments most likely branches off at the chlorophyllide a stage (Figure 23) [166]. The critical point here is the removal of the C132 methoxy carbonyl group, which is the main chemical difference to the other chlorin-type chlorophylls. While the bacterial enzyme(s) are still unknown [167] formation of 57 sets the stage for the action of methyl transferases which can modify the substituents at C8 and C12 through single or multiple methylation reactions to yield 58. The enzymes involved are of the radical-SAM protein type which probably catalyzes a hydrogen abstraction at the alkyl residues on C8 and C12 followed by methyl transfer involving S-adenosylmethione and a [4Fe–4S] cluster [133,168,169]. A combination of labelling and mutation studies indicates that the C8/C12 methylation reactions precede the C31 hydration, which occurs before C20 methylation and esterification [170].

Figure 23. Final steps in the biosynthesis of the bacteriochlorophylls c, d, and e.
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Thus, bacteriochlorophyllide d 59 appears to be a common intermediate for the BChls c–e. Bacteriochlorophylls c are derived by action of a C20 methyl transferase followed by esterification [171]. The enzyme responsible for the last step seems to be rather promiscuous. Thus far, only one gene encoding for such an activity has been identified and studies suggest that any system without the C132–COOMe group and with a 3-hydroxyethyl unit can act as substrate [172]. The biosynthesis of bacteriochlorophyll e is not yet understood. Most likely it involves a transformation of bacteriochlorophyllide c 60 into bacteriochlorophyllide e 61 followed by esterification [173].

Hydration at C31 is catalyzed by a vinyl hydratase and generates a new chiral center [174,175]. As noted above, both the R and S epimers are present in a given organism and thus the enzyme is not diastereoselective [169,170]. On the other hand a clear correlation between the degree of C8/C12 methylation and the R/S ratio has been shown, with the R epimer being the principal component in [8-Et,12-Me] derivatives and increasing alkylation at C8 favoring S chirality [168].




4. Photosynthesis


4.1. Basic Principles

Photosynthesis is a complex biochemical process that can be described simply as the absorption of light by a collection of photosynthetic pigments. The pigments are highly organized to form a light-harvesting complex consisting mainly of chlorophylls or bacteriochlorophylls. Dyes such as these have strong absorptions in the visible region of the spectrum, an important characteristic in the process of natural photosynthesis. Bacteriochlorophylls are the main absorbing pigment in photosynthetic bacteria and their absorption maxima exhibits a bathochromic shift relative to other chlorin-based pigments. The process of light absorption leads to the step-wise generation of a number of reduction equivalents by a series of redox processes with a final result being the production of ATP. Carotenoids and open-chain tetrapyrroles are examples of important accessory pigments that optimize the process of light absorption by complementing the function of absorbing pigments throughout the photosynthetic process.

The light-harvesting complex maximizes the potential for light absorption within organisms by functioning as an antennae system. Pigments are arranged with a high absorption cross-section to increase the number of photons that can be absorbed at any time. A greater range of absorption across the visible spectrum is achieved by using complexes with a variety of pigments. Following photon absorption, antenna pigments channel excitation energy via exciton transfer to a closely arranged pair of (bacterio)chlorophylls in the photochemical reaction center (Figure 24). The reaction center is an integral membrane pigment protein and functions by carrying out a series of photo-induced electron transfer (PET) reactions. These excited (bacterio)chlorophylls transfer an electron to an acceptor molecule, resulting in a charge separated state between the reduced acceptor and the oxidized chlorophyll molecule. Structurally, a system which harvests lights and performs a charge-separation is called a photosystem (PS).

Figure 24. Schematic illustration of a photosynthetic system. (RC = reaction center, DA = donor acceptor complex, LHC = light harvesting complex).
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After the initial electron transfer event, a series of electron transfer reactions takes place that eventually stabilizes the stored energy in reduction equivalents and ATP. Higher plants have two different reaction center complexes that work together in sequence, with the reduced acceptors of one photoreaction (photosystem II) serving as the electron donor for photosystem I. Here, the ultimate electron donor is water, liberating molecular oxygen, and the final electron acceptor is carbon dioxide, which is reduced to carbohydrates. More simple and evolutionary older types of photosynthetic organisms contain only a single photosystem, either similar to photosystem II or photosystem I [176–179].

Following the initial photo-induced event, many different donor and acceptor molecules are employed in the transfer of an electron across a photosynthetic membrane. Finally, a quinone acceptor is reduced to a semiquinone and subsequently to a hydroquinone. This process is accompanied by the uptake of two protons from the cytoplasm. Hydroquinone migrates to a cytochrome bc complex where it becomes reoxidized. This complex is a proton pump and generates a transmembrane proton gradient by the translocation of protons across the membrane. The proton gradient is translated to chemical energy via the enzyme ATP synthase and is subsequently used to generate ATP. This highly organized, complex process is maintained by the specific location and arrangement of different structural components throughout the membrane (Figure 25).

Figure 25. Illustration of the photosynthetic apparatus in higher plants. Chl*/P680 = reaction center chlorophyll of PS II (excited state); PQ = plastoquinone; Cyt = cytochrome complex; PC = plastocyanin; Chl*/P700 = reaction center chlorophyll of PS I (excited state); FD = ferredoxin).
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Tetrapyrrole based pigments function mainly as electron donors and quinones as electron acceptors within natural photosynthetic processes. Donor-acceptor systems such as these are often employed in biomimetic systems that incorporate a range of variations to mimic these processes. Modulations in spatial arrangement, structural components—i.e., donor/acceptor, linker, and bridging groups—and changes in solvents and/or environmental factors are some of the few changes that can be made in efforts to optimize physicochemical properties of such systems. Countless systems have been developed in order to investigate photo-induced electron transfer (PET) interactions with many reviews being published on work in this area [18,19,180,181]. Porphyrins are often the main compound used in this area of study due to the wide scope of structural modulations that can be made to optimize and vary their function as donor-acceptor groups within electron transfer systems. Phthalocyanine compounds may be used; however, the lack of known synthetic routes for the development of unsymmetrically substituted derivatives and a low solubility makes them less desirable. However, interest regarding their function and development has recently been restored by applications involving solar energy conversion systems [182].



4.2. Oxygenic Photosynthesis

Oxygenic photosynthesis provides an abundant source of energy and essentially all of the oxygen on the planet. In obligate photoautotrophs (i.e., organisms that acquire energy from light capture to produce organic compounds) light energy is converted to energy (ATP) and reduction equivalents (NADPH) which then facilitate the chemical reduction of CO2 to carbohydrates. These in turn serve as a source for atoms for the chemical building blocks for the biosynthesis of other primary and secondary metabolites and constituent molecules [183]. Overall, oxygenic photosynthesis in plants, cyanobacteria and algae can be looked at as a means whereby electrons as reduction equivalents are generated via water splitting and release of hydrogen or oxygen from water and used for the reduction of carbon dioxide [184,185]. To facilitate this process and to make optimum use of the incident light this process is split into two different light reactions. One, now called photosystem II (PS II), catalyzes the oxidation of water [186], while the other (PS I) serves as an acceptor for the electrons such generated via transfer from plastocyanin to ferredoxin. The two photosystems are linked via an electron transfer chain containing cytochromes. The overall arrangement is typically illustrated through the Z-scheme (Figure 26) [187]. The Z-scheme highlights the two light-dependent reactions in photosynthetic systems of higher plants and exemplifies that two photosystems function in sequence to convert solar energy into chemical energy.

Figure 26. Z-scheme illustration of oxygenic photosynthesis. Abbreviations: Mn = manganese complex; Z = tyrosine; Chl P680 = photosynthetic reaction center chlorophyll in PS II; Chl P680* = excited P680; Pheo = pheophytin; QA and QB = plastoquinones; PQ = reduced plastoquinone; Fe–S = Rieske iron-sulfur protein; Cyt f = cytochrome f; Cyt b6 = cytochrome b6; Cyt b6f = cytochrome b6f complex; PC = plastocyanin; Chl P700 = photosynthetic reaction center chlorophyll in PS I; Chl P700* = excited P700; A0 = chlorophyll a; A1 = phylloquinone (vitamin K); FX, FB, FA = iron-sulfur centers; FD = ferredoxin; FNR = ferredoxin NADP oxidoreductase.
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4.3. Anoxygenic Photosynthesis

Anoxygenic photosynthesis is the evolutionary precursor to oxygenic photosynthesis and thus the photosynthetic apparatuses of both share many similarities [188]. The main difference are that the older systems utilize only one photosystem (either a PS I-type or PS II-type) and that, while performing CO2 fixation and generation of ATP, they do not utilize water and do not release oxygen. Instead the electron donor can be hydrogen or sulfur species. Chemically, another difference is the utilization of bacteriochlorophylls instead of chlorophylls, which allows the utilization of different light wavelengths. In microbiological terms the most important, and best understood, bacterial groups are the purple phototrophic bacteria, green sulfur bacteria, green filamentous bacteria, and the heliobacteria. While the situation has rapidly changed in the last decade, historically, most of our structural understanding was derived from the first class [189,190].

The overall photochemistry is rather similar in all systems. It involves absorption of light by pigments in the antenna complexes, resulting in photo-excitation of the accessory pigments (see Figure 24). This is followed by Förster resonance energy transfer (FRET) to the reaction center pigments and then charge-separation [9]. Subsequently, a varying series of electron transfer reactions is coupled with proton translocation to generate a transmembrane potential. In structural terms the bacterial photosystems consist of a reaction center complex (RC) and a light-harvesting complex (typically denoted LHC-I). Some species utilize additional antenna systems (LHC2, 3, …) for light harvesting. The RC-LHCI complex is associated with a cytochrome bc complex which transfers electrons between a hydroquinone (QH, which differs from species to species) and a soluble electron transfer protein carrier [191]. This allows for a cyclic electron flow in the photosystems (Figure 27).

Figure 27. Overview of electron transfer chains in different bacterial systems. (P870 = reaction center chlorophyll of purple bacterium; P840 = reaction center chlorophyll of green sulfur bacterium; P798 = reaction center chlorophyll of heliobacterium; BChl = bacteriochlorophyll; BPheo = bacteriopheophytin; Q, QA, QB = quinones; UQ = ubiquinone; Cyt bc1 complex = cytochrome bc1 complex; Cyt c2 = cytochrome c2; Cyt c553 = cytochrome c553 complex; FeS = iron-sulfur cluster; Fd = ferredoxin; [81]-OH-Chl a = chlorophyll a-like pigment).
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In the following we outline the involvement of the (bacterio)chlorophylls in these processes using selected examples from contemporary crystallographic analyses to illustrate the supramolecular character of the arrangements. The “picture” of photosynthesis is continuously showing more detail and has reached the state where complete arrangements of the whole photosynthetic apparatus and its dynamics in the membrane can be visualized [192,193].




5. Reaction Center Systems

The reaction centers are the primary sites of electron transfer reactions in photosynthesis. While different organisms have different reaction center components their overall structure and the arrangement of the photosynthetic pigments is strikingly similar. Likewise the sequence of electron transfer events differs more in the details of the cofactors than in overall strategy (Figure 27). This is related to the evolutionary development of photosynthesis, which must have started with one proto-photosystem [178]. Today we distinguish two reaction center systems, RC I and RC II. Both utilize a primary donor, a structurally closely packed dimer of two (bacterio)chlorophylls, the so-called “special pair” [194,195]. Electrons then pass through accessory tetrapyrroles to two different types of electron acceptors, an iron-sulfur type (RC I) and a pheophytin-quinone Type (RC II). Photosynthetic bacteria have only one of these, adapted to environmental conditions and optimized for different electron donors, while oxygenic photosynthetic organism use both reaction centers in sequence (see Z-scheme in Figure 26).


5.1. Reaction Center I and Photosystem I

Most of the initial structural detail on PS I was derived from the cyanobacterium Thermosynechococcus elongatus. The protein backbone is characterized by two main subunits (PsaA and PsaB), which are arranged in the photosystem core in an approximate two-fold symmetry. The core cofactors are chlorophyll and phylloquinone with two closely associated special pair pigments, one of which is believed to be Chl a′. Here the redox active [Fe4S4] clusters are involved in the electron transfer (Figure 28). Overall, the photosystem is more complex than, e.g., the reaction center of heliobacteria or green sulfur bacteria, with more than 90 chlorophylls and more than 20 carotenoids being part of the core structure in the former [196].

Figure 28. Schematic illustration of the cofactors in the reaction center of PS I from Thermosynechococcus elongates. FX = [4Fe–4S] cluster; A0, A = Chlorophyll a accessory pigments; (Chl a,a′)2 = chlorophyll a,a′ “special pair” (P700 reaction center).
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Significant advances have been made with the elucidation of the PS I structure from pea [197]. Like in other systems the core of PS I is highly similar to that of bacterial species. However, the PS I system consists of the core complex and a peripheral antenna complex (LHC I). The latter is more flexible in terms of function and composition and can vary from organism to organism and depends on the environmental conditions. The whole eukaryotic PS I system is complex and consists of 15 protein subunits, over 170 chlorophylls, 15 carotenes and two phylloquinones and three [Fe4S4] clusters.



5.2. Reaction Center II


5.2.1. Bacterial RC II

Historically most of our structural knowledge on the photosynthetic apparatus in general was derived from the first crystal structure of the reaction center from Rhodopseudomonas viridis, which is a RC II type [190]. At present the best high resolution structures are available for two species of purple photosynthetic bacteria Rhodobacter sphaeroides and Blastochloris viridis [198]. The bacteriochlorin cofactors of the electron transfer chain are bound by one of two reaction center proteins (L or M; synonymous with A and B, respectively), via numerous interactions including axial ligation by histidine residues in the case of the four bacteriochlorophylls, and are arranged in pairs of approximate C2 symmetry [190,199,200]. Each branch contains one of the primary donor BChls, a bacteriopheophytin, a BChl monomer and a quinone. There are a few different nomenclatures for the individual pigments in the electron transport chain and here we will distinguish the components of the special-pair dimer (P) by the addition of a subscript indicating the protein to which it is attached (i.e., DL and DM). This formality is continued for both the monomeric “accessory” BChls (BA and BB) and the BPheos (HA and HB) noting the distinction that in bacterial reaction centers it is conventional to describe the monomers of P using the L/M nomenclature and the accessories using the equivalent A/B labels. A close-up view of the chromophore arrangement in the Blastochloris reaction center is given in Figure 29.

Figure 29. Illustration of the chromophore arrangement in RC II from Blastochloris viridis. The image was created from the crystallographic coordinates found in PDB ID: 1PRC [201] using PyMol.



[image: Symmetry 06 00781f29 1024]





Once P is excited to P*, an electron is transferred to the primary acceptor bacteriopheophytin (BPheo) (HA) in ∼2 ps and ∼3–5 ps, for B. viridis and R. sphaeroides, respectively, the beginning of the formation of the cross-membrane electron gradient that drives photosynthesis [9,202]. This takes place through a scarcely detectable P+BL− intermediate that is formed rapidly after photo-excitation. Subsequent reduction of QA by HA− is followed by electron transfer from QA− to QB. After re-reduction of P+ either directly by cytochrome c2 in R. sphaeroides or by the RC-cyt in B. viridis a second ET cycle takes place culminating in the reduction of QB− to QB2−. At this point, the fully reduced and protonated QH2 dissociates from its binding site in the reaction center and is replaced by another oxidized quinone from the cytoplasmic pool [203]. A crucial feature of the RC is that electron transfer occurs only along the l-branch despite the apparent C2 symmetry [204].

There are two striking differences between the reaction centers from R. sphaeroides and B. viridis (Figure 30). Specifically, the RC from B. viridis utilizes BChl b and is in possession of a bound tetraheme cytochrome (see Figure 31) whilst that from R. sphaeroides contains BChl a and does not have a bound cytochrome [9]. Other differences include the identity of the carotenoid close to the ET inactive accessory BChl (BB) and of the quinones (1,2-dihydroneurosporene, menaquinone-9 (QA) and ubiquinone-9 (QB) in B. viridis and spheroidene and ubiquinone-10 in R. sphaeroides) as well as the detailed binding interactions of the pigments with the chromophores [9]. There are also significant differences in the static physical properties of the reaction centers (e.g., P960 in B. viridis vs. P865 in R. sphaeroides) as well as the kinetic parameters with respect to photo-induced charge-separation between the two species [9,202]. By now many effects have been identified where the subtle interplay of protein and cofactor determines the physicochemical properties of the latter in these systems [205].

Figure 30. Schematic illustration of the cofactors in the (a) RC (type II) from Rhodobacter sphaeroides (P865); (b) RC (type II) from Blastochloris viridis (P960. (BChl a)2 = bacteriochlorophyll a “special pair” (P865 reaction center); BChl a = bacteriochlorophyll a accessory pigments; BPheo = bacteriopheophytin; UQ = ubiquinone; Fe = non-heme iron; (BChl b)2 = bacteriochlorophyll b “special pair” (P960 reaction center); BChl b = BChl b accessory pigments; MQ = menaquinone; Car = carotenoid.
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Figure 31. Illustration of the RC II with bound tetraheme unit from Blastochloris viridis. The image was created from the crystallographic coordinates found in PDB ID: 1PRC [201] using PyMol.
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5.2.2. Photosystem II in Oxygenic Systems

The coupling of two separate reaction centers with specifically poised redox potentials so that one is capable of oxidizing water to oxygen (PS II) and the other of generating a strong reductant to produce NADPH (PS I) is the characteristic feature of oxygenic photosynthesis [206]. The Z-scheme shown above already outlined the energetic relationships between the electron transfer events in the light-reactions of photosynthesis that result overall in the reduction of NADP+ by H2O [207]. Immediately following photo-excitation of the primary donors, the initial charge-separated states are formed in both photosystems (P680+/Pheo− and P700+/A0−) producing the trapped energetic electrons that participate in the “downhill” reduction steps and, concurrently, the strong oxidant P680+ [208,209]. The relatively weak reductant produced by PS II is used to re-reduce P700+ through the interconnecting electron transport chain via the membrane mobile quinone that, after double protonation, affects electron transfer to the [2Fe–2S] cluster in cytochrome b6f. A subsequent electron transfer step within the cytochrome b6f complex sees the reduced [2Fe–2S] cluster pass its electron to oxidized plastocyanin (PC) via cytochrome f, which consequently reduces P700+, whilst the alternative electron transfer pathway mediated by the cytochrome b6 component is coupled to cyclic phosphorylation. After the accumulation of four oxidizing equivalents in the Mn-containing oxygen evolving complex (i.e., the S4-state is reached), water oxidation takes place and the fully reduced state (S0) of the oxygen evolving complex is recovered. Meanwhile, the electron transfer events downstream of PS II involve the reduction of a soluble ferredoxin that in-turn reduces the flavoprotein ferredoxin-NADP+ reductase [207].

Structural similarity of both PS I and II to the reaction centers is maintained in terms of the overall arrangement and number of cofactors present in the electron transfer chain although in both RCs BChls are substituted for Chl a and derivatives. Specifically, in PS II there are four Chl a pigments, the PD1/D2 dimer and the pair of accessories ChlD1/D2, and two pheophytin a (Figure 32) [210,211]. The symmetry of their arrangement and similarity to the bacterial center is evident in the crystal structure of the Thermosynechococcus vulcanus oxygen-evolving PS II (Figure 33). The symmetry of the cofactor arrangement is also maintained, as is the unidirectionality of the electron transfer [212]. Likewise the main protein subunits which are involved in the cofactor binding, D1 and D2, are symmetrically related around an approximate two-fold axis of symmetry similar to the bacterial species [196]. A detailed structural and biophysical comparison of RC II and PS II has been given by Allen and Williams [213].

Figure 32. Schematic illustration of the cofactors in the reaction center core of PSII from Thermosynechococcus elongates (P680). PQ = plastoquinone; Fe = non-heme iron; cyt b559 = cytochrome b559 (Chl a)2 = Chlorophyll a “special pair” (P680 reaction center); Chl a = Chl a accessory pigments; Car = carotenoid; Tyr = tyrosine; Mn4Ca = manganese-calcium cluster.
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Figure 33. Illustration of the PS II protein from Thermosynechococcus vulcanus. Special pair pigments are depicted in green and pheophytins in blue. The image was created from the crystallographic coordinates found in PDB ID: 3ARC [210] using PyMol.



[image: Symmetry 06 00781f33 1024]





In PS I the special-pair appears to be a heterodimer composed of Chl a and its C132 epimer Chl a′ and the four accessories and primary acceptors are all Chl a [214]. Further critical differences in the biophysical dynamics of these two reaction centers are apparent. Firstly, that the primary donors are believed to be “accessory” chlorophylls, specifically ChlD1 in PS II [215] and either Chl AA or -AB in PS I [216], contrary to the situation in reaction centers, even so, the photo-generated cation radicals are localized to the both P680 and P700 after initial charge-separation [217]. Additionally, as hinted by these identifications, electron transfer is not as asymmetric in PS I when compared to the reactions centers from the purple bacteria, although this feature is retained by PS II [217].





6. Light-Harvesting (Bacterio)chlorophyll Proteins

In order to make efficient use of the available light all photosynthetic organisms use light harvesting systems as “antennae” to optimize the supply of photons to the reaction center. This assures that requirement that P is photo-excited before it may serve as the primary donor in the electron transport chain so that it does not become a severely rate limiting step of charge-separation impinging on overall photosynthetic efficiency. The task of these dedicated light-harvesting complexes (LHCs) that typically consist of densely packed arrays of chromophores is the conversion of light into electronic excitations and their direction to the RCs. In contrast to RCs that bear comparatively close resemblances regardless of their origin, there is considerable architectural flexibility with respect to the structures of LHCs. Thus, as shown above, complete photosynthetic units consist of RC and LHC units. Depending on their location with regard to the RC “core” and “peripheral” antenna are distinguished. True to their light harvesting function often many antenna complexes are associated with one RC, with the exact ratio depending on the light conditions; oligomerization of photosystems can also occur.


6.1. Bacterial Antennae Systems


6.1.1. FMO Protein

The Fenna–Matthews–Olson (FMO) protein provided the first crystal structure of a chlorophyll-containing protein (Figure 34) [218]. The FMO complex serves as the excitation energy transfer (EET) intermediate between the chlorosome baseplate and the reaction center of the photosynthetic green sulfur bacteria [219]. The complex consists of seven BChl a pigments encapsulated between an oval-shaped β-sheet and a few α-helix stitches, in what has been referred to as the “taco shell protein”, and crystallizes as a trimer with (in some species) an eighth BChl situated at the interface of each monomeric unit. Specific pathways for the excitation energy transfer through the individual pigments have been suggested [220] and this system is probably the most widely investigated LHC in terms of single chromophore contributions.

Figure 34. Illustration of the Fenna–Matthews–Olson (FMO) protein from Prosthecochloris aestuarii monomeric asymmetric unit. From bottom left to center via an approximate “9”-shaped spiral: BChl 1 (pale blue), 2 (purple), 3 (yellow), 4 (pink), 5 (grey), 6 (blue) and 7 (orange). The image was created from the crystallographic coordinates found in PDB ID: 3BCL [221] using PyMol.
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There are two spectral classes of FMO protein that are differentiated by the relative intensities of their absorption maxima [222]. Type I complexes show a greater intensity of the second lowest-energy excitation and include the species Prosthecochloris aestuarii and Pelodictyon phaeum, whereas in type II species (e.g., Chlorobaculum tepidium) the intensity of this excitation is suppressed such that it is lower than the third lowest-energy optical transition. Speculation as to the factors that lead to the spectral classes has included citations of the differences in the macrocycle conformations of the pigments (including nonplanarity and C3-acetyl orientation) and alternatively differences in the binding of BChl 8, specifically its ligation state [223]. This latter suggestion has since been superseded on the basis that it has been recently suggested that the FMO from P. phaeum does not include BChl 8 after all [224]; although it is possible that this is a preparative issue as crystal structure determinations usually ascribe this cofactor a low-occupancy and it is considered to be the most labile cofactor.

The FMO protein is considered by many to be a useful model complex for studying photosynthetic energy transfer, Olson himself referred to the crystal structures as, “… a godsend for physicists and physical chemists interested in spectral properties, excited states, and energy transfer”. As a result, numerous studies of the site-energy distributions and exciton dynamics have been reported [222], and have included explicit investigations of the influence of variations in BChl conformation [64,65,104,225]. So far, the best agreement between structure-based ab initio calculations of the site-energies with those empirically determined by parametric fitting to the experimental spectra, have been obtained by consideration of the effect of the electrostatic environments of the BChl binding-sites on the relative stabilities of their ground- and excited-states [226,227].



6.1.2. LHC1 and 2 from Purple Bacteria

The antenna complexes of purple bacteria consist of the RC-associated light-harvesting complex I (LHC1; Figure 35), or B875, and the peripheral antenna light-harvesting complex II (LHC2; Figure 36), or B800/850 [228]. Both proteins contain numerous BChl a pigments held by the apoprotein in strictly defined circular arrangements. Specifically, LHC2 consists of two BChl rings denoted B800 and B850 containing 9 monomeric BChls and 9 pairs of BChl pseudo dimers, respectively, with Mg–Mg distances of ∼21 and 9 Å, also respectively [229–231]. The RC-LHC1 complex contains the B875 ring of 30 BChls composed of 15 BChl a dimers with similar Mg–Mg separations to B850 [232,233]. The energetic hierarchy of the bacterial light-harvesting complexes suggests excitation energy transfer occurs in a stepwise sequence: (LHC3 →) LHC2 → LHC1 → RC [234,235]. Interestingly, differences in the planarity of the BChl macrocycle conformations have been noted [236] and further insight is gained from advances in NMR spectroscopic studies of such systems [237].

Figure 35. Illustration of the RC-LHC1 monomeric assembly from Rhodopseudomonas palustris. Note, the dimeric form is believed to be present in vivo. The image was created from the crystallographic coordinates found in PDB ID: 1PYH [232] using PyMol.
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Figure 36. Illustrations of the LHC2 protein from Rhodopseudomonas acidophila (top and side views of the structure). Note the presence of the face-to-face B850 and edge-to-edge B800 rings. The image was created from the crystallographic coordinates found in PDB ID: 1KZU [245] using PyMol.
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Aside from differences in excitonic coupling arising from the various BChl packing-densities present in the B850 and B800 rings that contributes to their spectral differences [238,239], the detailed pigment-protein interactions experienced by each BChl may affect unique site-energies (uncoupled excitation energies) that influence the exciton dynamics. For instance, computational studies utilizing models based on crystallographic data have indicated that the protein environment red-shifts the exciton energies of the B800 ring to a greater extent than in B850 [240,241]. Moreover, direct calculation of the pigment site-energies has shown that differences caused by the pigment conformations alone echo those that are found when more of the protein environment is included. In detail, the isolated pigment models of the LHC2 chromophores yielded Qy energies of 1.59, 1.57 and 1.61 eV for the αB850, βB850 and B800 BChls, respectively, and the relative difference between the B850 BChls was maintained when the effects of neighboring BChls, axial-ligands or H-bonding residues were explicitly included [242,243] An earlier study found even greater variation, suggesting the nonplanar βB850 BChl’s site-energy to be ∼0.04 eV lower (i.e., red-shifted) than its planar αB850 counterpart [244].

In order to provide environmental adaptability, a modified form of LHC2 may be expressed by some species of purple bacteria under low-light conditions known-as LHC3 in which the absorbance maximum of the B850 ring is blue-shifted to 820 nm and hence is termed B820 [228]. Structural studies of LHC3 [246] have led to the suggestion that altered H-bonding to the C3-acetyl of BChl a in the B820 ring was responsible for the spectroscopic variation, an idea that has recently been extended to include the effect that this has on the excitonic coupling in the complex [247].

The highly ordered (and symmetric) arrangement of the pigments in LHCI and II illustrates one of several basic concepts used for light harvesting in nature. Here, a circular arrangement of chromophores results in rapid delocalization of the excitation energy which is then transferred between the various spectral species and funneled to P870. Such optimized geometrical arrangements not only allows an efficient functioning of photosynthesis but also prevents the formation of chlorophyll triplet states, which, through formation of singlet oxygen, could result in damage to the photosynthetic apparatus.




6.2. Antenna Systems in Oxygenic Photosynthesis

Alternative strategies for the pigment arrangements are used in the light harvesting systems of plants. Here, the arrangement of the chlorophylls is less “symmetric” and often different spectroscopic classes of pigments can be distinguished. The best known system is LHCII from pea [248]. Each of the subunits contains four xanthophylls (i.e., oxygen containing carotenoids), 8 Chl a, 6 Chl b and lipids in addition to the protein backbone [249]. More recently the structure of light harvesting complex b4 (LHCb4) revealed overall similar structural features to LHCII but different numbers, types and arrangements of the accessory pigment binding sites therein [250].

The light harvesting chlorophyll a/b complex of PS II, LHCII, is also an example for “global” chiral effects to play a regulatory role in photosynthesis. It has been implicated in controlling the assembly of chirally organized PSII macrodomains, which might help to separate the two photosystems. While the terms “global chirality” or “long-range chiral order” are normally used in physics for the description of spin distributions it is used here to describe macroscopic areas with distinct CD signals. Crystals of LHCII trimer also form aggregates with long range chiral order and this can be further modulated by individual components in the LHCII [251,252]. Such changes could also be induced in grana thylakoids by light [253]. Changes at the molecular level in PS II crystals were also described as the result of different light conditions [254] and this has given rise to the thermo-optical mechanism for the reorganization of the complex [255]. For the chiral macroaggregates left- and right-handed forms have been identified which differ in their thermal response [256].

LHCII is also an example for a photosynthetic system, where a clear structural requirement for specific carotenoid end groups, configurations and chiral centers for a correct assembly of the complex has been shown [257]. It should also not be forgotten, that, despite all the focus on structure and structure function relationships in the literature and in our work, the whole photosynthetic machinery, esp. in the thylakoids is flexible and adaptable [258]. In functional terms PS II is typically associated with two antenna systems, the major trimer-forming LHCII protein and a monomeric, minor LHCII protein. The latter comprises systems such as CP29, CP26, and CP24 [259]. In PS I the situation is even more complex and the composition of the associated LHC varies significantly from organism to organism [259].




7. Chlorosomes—the Case of Chlorophyll Self-Organization


7.1. Chlorosome Structure and Function

The chlorosomes are the main photosynthetic antenna complexes in green bacteria. In contrast to the protein-organized complexes described previously, chlorosomes contain very little protein and instead are comprised almost entirely of self-assembled chlorophyll aggregates; a small BChl a binding-protein is associated with the chlorosome may serve as an intermediate between the chlorosome and the RC apparatuses (including the FMO protein described above) and is referred to as the “baseplate” [260]. Depending on the particular species, Chlorobiaceae (green sulfur bacteria) contain one of either BChls c, d or e (the Chlorobium chlorophylls) and their corresponding homologues, which differ in the length of the alkyl substituents attached to C8 and C12 as well as the identity of the esterifying alcohol, whereas all Chloroflexaceae (green nonsulfur bacteria) usually contain the BChl c derivatives [260].

Chlorosomes represent the most efficient antenna in nature and their photosynthetic light-harvesting structures. Their efficiency can be largely attributed to the large size of the structure and large amount of pigment molecules inside. It remains the last known light-harvesting complex for which no high-resolution structural information is available. Chlorosomes from different species can be ellipsoidal, conical or irregular in shape—depending on the bacterial strain involved—and are attached to the inner side of the cytoplasmic membrane. Within the chlorosome, the light-harvesting BChls c, d and e, typically in the order of magnitude of 105, form aggregates, which arrange into tubular constructs and lamellar sheets that fill the interior, along with carotenoids, quinones, galactolipids and wax esters. The entire structure is surrounded by a monolipid-protein casing. Also within the chlorosome are small amounts of BChl a, and it is thought that these are located in paracrystalline layer or “baseplate” to which the chlorosomes are attached and provides their link to the plasma membrane. BChl a in the layer binds to the FMO protein (trimeric in nature and binds 7–8 BChl a molecules through H-bonding, hydrophobic interactions and ligand binding with Mg2+). This interaction mediates the excitation energy from the chlorosome to the reaction center embedded in the plasma membrane. Figure 37 shows a cartoon representation of the chlorosome structure [220,261].

Figure 37. (a) Cartoon representation of the general structure of chlorosomes and (b) aggregate forms of BChls within the chlorosome that have been proposed.
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The particular BChl substitution pattern (i.e., specific homologue) of the compounds isolated from chlorosomes in some species is governed by the light-conditions maintained during culture, with reduced light leading to increased methylation [109]. This is considered to affect altered spectral properties by modulating the in vitro aggregation properties of the chromophores. However, structural studies of the demetallated derivatives of the homologues [104] from Chlorobium vibrioforme indicate substantial alterations to the macrocycle conformation, which may contribute to the red-shift of the low-light chlorosomes, although analysis of the spectral properties of the isolated chromophores [262] did not show any systematic variation corresponding to the extent of methylation. Additionally, model compounds have indicated that the C20-methyl substituent induces local nonplanarity at this position, which may contribute to the 10 nm red shift of BChl c relative to BChl d (see Chapter 2.3) [46,96].



7.2. Chlorin Aggregation and Biomimetic Studies

Several models for the organization of BChl aggregates within chlorosomes have been proposed and the exact supramolecular organization of such has been the subject of debate for many decades. The absence of high-resolution structural information for the chlorosome is due to its heterogeneous nature restricting analysis via crystallographic means. A significant proportion of these BChl c, d and e pigments self-arrange without any assistance from peptides (contrary to the light-harvesting proteins in green plants) and it is this organization of pigments that modulates the overall optical properties of the BChls, resulting in extremely efficient energy transfer. It is largely accepted that within natural chlorosomes three structural features are required for self-assembly: (a) the central magnesium; (b) the peripheral 3′–OH group and (c) the 13–C=O group. Typically J-aggregation occurs due to coordination between the Mg and 3′–OH, H-bonding between the 3′–OH and the 13–C=O and π–π interactions between the macrocycles, in addition to electrostatic interactions (e.g., the polarized keto group and the Mg atom) and the partitioning of the long chain farnesyl groups into the hydrophobic parts of the construct. Through various spectroscopic and microscopic techniques, it has been shown that these aggregates form both rod-like elements and lamellar sheets within the chlorosome [263–266].

In the structures of BChl c, d and e, there is a chiral secondary alcohol at the 31 position. This alcohol plays an important role in the self-aggregation of these pigments. Both the 31R- and 31S-stereoisomers are found in natural chlorosomes and these stereoisomers are diastereotopic as both the 17- and 18-chiral centers have S-configuration. Self-aggregates of biomimetic compounds show that depending on the stereochemistry at this position, different supramolecular structures form, which in turn affects the optical properties of the aggregate. Although most chlorosomes are usually more populated with the R-stereoisomers of BChls, the exact ratio depending on the bacterial strain involved and its living conditions, the S-stereoisomer plays a critical role in the self-assembly process and co-aggregation of both stereoisomers is likely to exist in natural systems [263,264].

Many biomimetic aggregates of natural BChls have been prepared and provide extensive in vitro insight into the supramolecular structures of chlorosomal antennae systems. Isolated BChls c, d, e have been shown to readily self-assembly into J-aggregates, whereby their interaction was investigated using spectroscopic studies. Many conflicting models have been proposed based for these aggregates and up until recently these models could be generalized into two categories, based on the asymmetric repeating unit: (a) parallel chain model—where all the BChl molecules align in the same direction starting from a BChl monomer and (b) anti-parallel double-chain model, where the molecules have altering direction alignment and begin with a BChl dimer, i.e., the “piggy-back” arrangement as shown in Figure 37b or a “face-to-face” configuration [267]. Depending on the arrangement, the intermediate aggregates can have varying configurations leading to differences in the overall aggregation. The stepwise arrangement of these molecules is highly influenced by the 3′ stereochemistry and this has been demonstrated by Tamiaki and co-workers, amongst others, in vitro using epimerically-pure BChls. The 3′-R epimer gave primarily anti-parallel arrangements whilst the 3′-S epimer yielded the parallel derivative. In the presence of small amounts of the 3′-S epimer, the 3′-R aggregates changed from an anti-parallel arrangement and resulted in an overall bilayer tubular supramolecular structure, consistent with those observed in natural chlorosomes. The self-assembly of equal mixtures of the BChl epimers was hence shown to proceed more readily than with the isolated derivatives, further proving the hypothesis that a heterochiral environment for self-assembly is thermodynamically more favored than that of a homochiral one [263].

The above models are based on the rod-like arrangement of BChl aggregates within chlorosomes which have long been proposed using electron microscopy studies. Another proposed organization is that of lamellar sheets [265], whereby the BChl a molecules and proteins of the “baseplate” may serve as the nucleation site for lamellar assembly. Here it is proposed that linear chains of BChls (parallel or anti-parallel aggregates) can be organized into planar structures instead of rod-like elements, whereby the farnesyl tails protrude from the plane as a hydrophobic surface for this formation. It is now widely accepted that chlorosomes most likely contain both elements, i.e., lamellar and cylindrical structures. This hypothesis was further enhanced by the recent work by Ganapathy et al., although the aggregation model conflicts those described above [266,268]. Here, four aggregate models, namely the parallel monomer stack, “piggy-back dimer model, anti-parallel monomer model and syn-anti monomer stack (see Figure 37b for a schematic representation of all 4 models), were compared using 1H NMR ring current shift calculations. It was concluded that the syn-anti monomer stack was the only model which was consistent with their NMR calculations and observations. This syn-anti model consists of alternating molecular conformations of the 3′ side chain, with syn-anti referring to the orientation of the OH ligation with the Mg atom of neighboring BChl molecules (syn ligation on the same side as farnesyl chain, anti ligation on the opposite side). These syn-anti aggregates can self-assemble into co-axial cylinders to form tubular-shaped elements, in addition to sheet-like elements, both of which are likely coexisting in natural chlorosomes.




8. Outlook

A discussion such as this can only scratch the surface of our knowledge on the photosynthetic pigments. A focus of chlorophylls omits the photo-protective, structural and accessory role of carotenoids in photosynthesis [269,270] and the beautiful structures of the phycobilisomes [271] with their constituent allophycocyanins, phycocyanins, phycoerythrins or phycoerythrocyanins [272,273]. The latter contain phycobilins, linear tetrapyrroles (e.g., phycocyanobilin, phycoerythrobilin, and others) with photophysical and stereochemical properties which are highly susceptible to the protein environment [274]. For example, their highly efficient chromatic adaptation [275] warrants a closer look at the pigment-protein interplay. Similarly, phytochrome [276], while not photosynthetic, a photo-responsive system utilizing the porphyrin-derived phytochromobilin chromophore must be mentioned here [277].

The (bacterio)chlorophylls are clearly a versatile class of photosynthetic pigments. The question of “Why Chlorophyll?” has been the subject of two titled reviews [217,278]. In Mauzerall’s 1973 discussion the transition from the requirements of a prototypical photooxidizing chromophore toward those of a photoreductant are compared for uroporphyrin and the chlorophylls [278]. For Chls, the general properties conferred by the macrocycle’s excited states are said to be augmented by the inclusion of Mg, which substantially improves its abilities as a photoreductant, and the absorption characteristics enhanced by reduction to the chlorin and the presence of the cyclopentanone ring. The phytol chain is noted to improve lipid solubility whilst the additional peripheral substituents are considered a mixture of remnants from the biosynthetic pathway and to impart stability to potentially reactive β-positions. Bjorn et al.’s consideration is more specific, and considers why Chl a has been selected to perform the dual roles of light-harvesting and function as the photochemical cofactors in oxygenic photosynthesis, capable of acting as a powerful oxidant and reductant, over all other Chl derivatives that serve only as excitation energy capture and transfer agents [217]. The argument is largely phenomenological and is based on the fact that there are no RCs in oxygenic phototrophs that contain any other type of Chl (with the rare exception of Chl d) and the conclusion is similarly so in the suggestion that its dominance is the result of an earlier appearance than chlorophyll b. However, another well-known point raised is that despite the many chlorophylls present in photosynthetic proteins, only the few in the RCs are involved in the oxidation-reduction photochemistry. Thus, Bjorn emphasizes the prevailing view that the details of the architecture of the protein environment is responsible for determining the precise role of the individual chlorophylls and says that, “the major tasks of a protein may be to exclude or position functionally compatible electron donors or acceptors, depending upon whether the complex will act as an antenna or a reaction center” [217].

Likewise the evolutionary relationship of the various PS is understood in general terms, both in terms of structural analogy of the protein and cofactor arrangements and the genetics of the coding sequences. Less well known are regulatory and dynamic aspects of the adaptation of the complexes to environmental conditions in structural terms, despite the often very detailed photophysical and spectroscopic studies thereof. Thus, many areas for further studies remain.

More difficult, if not impossible to answer is the question suggested by a reviewer, “suppose chlorophyll was achiral—would photosynthesis actually be any different”? Photosynthetic systems as we know them today are remarkably tolerant to the exchange of individual pigments, albeit with a loss in efficiency. Likewise, the central metal of some pigments in the RC can be replaced with attendant impact on the axial ligation. Similarly, many artificial antenna systems have been prepared without chiral control. All this could be taken as an indication that “chiral” chlorophylls are not required for the construction of an efficient photosynthetic system. On the other hand, chlorophylls, as (bacterio)chlorin-type porphyrins, appear to have evolved in terms of efficient spectral use and reduction of the achiral protoporphyrin (as an example of a “achiral Chl”) would automatically generate chiral centers. For antenna systems “chirality” is not required. The C132 chiral center is clearly not necessary, as exemplified by the BChls c–e. Likewise, the porphyrin-type Chl c lack the chiral centers at C17 and C18. Thus, “achiral photosynthesis” should still work, but be very limited with regard to their photobiological ecological niche (in terms of using the sun spectrum).

Some suggestions—purely along the lines of personal preference of an organic chemist—focus more on the individual chromophores. For example, while the biosynthesis of the chlorophylls is now well understood chemically and most of the enzymes have been characterized much less is known about the role the chlorophyll cofactors play in the biosynthesis and correct folding of the apoproteins [279]. Crucial points for understanding the molecular properties of the cofactors in vivo are their ligation and protein interactions. More attention should be paid to the cofactor-protein interactions at an atomic level and to the macrocycle conformation of the tetrapyrrole cofactors. With the low resolution of protein crystal structures compared to small molecule ones, this requires a more statistical approach and the comparative analysis of many protein structures which might ultimately yield a unified picture of 3D-tetrapyrrole functions. The basic analytical tools, protein crystallography [196], normal-structural decomposition for chromophore conformational analysis [107], and multivariate statistical cluster analysis of different structures [280] are in hand. For the bacterial RC II this has already resulted in the unambiguous identification of “conserved” chlorophyll conformations for the different functional classes of cofactors [281] and a similar analysis of the bacterial LHC is warranted [282]. Another example is the diastereoselectivity of the axial ligand binding in chlorophylls, which has now been confirmed using data from PS II and LHCII [283].

In terms of “small molecule” chemistry, the area of chlorophyll chemistry is well established. Synthesis and functionalization methods are in hand or under development and their use in areas such as photodynamic cancer therapy (PDT) is quite advanced. On the other hand, due to their low stability they have not been used much in ET models or in solar energy conversion materials except for chlorophyllin [284]. This might be overcome with appropriate chemical manipulations taking into account “construction” principles from nature. For example, nonplanar chlorins with their significantly altered properties have not attracted much interest yet [285] and catalytic systems based on chlorophylls are in their infancy. Many synthetic examples of reaction center or light-harvesting mimics have been prepared over the years, but aspects of π–π interactions or chirality have often been ignored [286].
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