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Abstract: This review is a critical analysis of current freshwater and terrestrial research with an
emphasis on transport, behaviour, fate and subsequent ecological impacts that plastic pollution poses.
The current methods of extraction and evaluation of organic-rich samples are also explored for both
micro- and nanoplastics. Furthermore, micro- and nanoplastics are discussed with reference to their
environmental and health implications for biota. Regulations imposed on the manufacture and
distribution of plastics globally are also noted. Within the review, the current literature has been
presented and knowledge gaps identified. These include the characterization and quantification of
micro- and nanoplastics entering and forming within the freshwater and terrestrial environment,
the fate and behaviour of micro- and nanoplastics under varying conditions and the impacts of micro-
and nanoplastics on freshwater and terrestrial ecosystems.
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1. Introduction

Plastic has become one of the most ubiquitous materials since its inception in 1907 as
phenol-formaldehyde resin (i.e., Bakelite) [1]. The creation of plastic and its subsequent mass production
has resulted in the current throw-away culture, where a large proportion of plastics are single-use.
When plastic was originally introduced it was thought that its imperviousness to water and extreme
versatility made it a dream material. Although these attributes do make plastic a very useful material,
they also influence its impact on the Earth. An estimated 348 million tons of plastic were produced
globally in 2017 as compared to 1.5 million tons in 1950 [2]. The increased production rate, low
recycling rate and lack of plastic degradation has created a sizeable problem—plastics are accumulating
at alarming rates in the environment.

The majority of microplastic research has been conducted in marine environments, which has
identified a missing link: there is much more plastic discharged into the environment than marine
sampling methods are recording [3]. This gap has helped to emphasise the need for freshwater and
terrestrial micro- and nanoplastic research. Microplastics have infiltrated not only marine environments,
but also freshwater and land environments [4–13]. It may even be that the freshwater and terrestrial
sink of microplastics is larger than that of the oceans [11,12], with possibly from 4 to 23× the amount of
plastic [13]. The need to explore the freshwater and terrestrial sink for micro- and nanoplastics is critical
to develop an integrative mass-balance model of micro- and nanoplastics in the global environment.
The objective of this review is to evaluate the current understanding of micro- and nanoplastics in
freshwater and terrestrial environments and identify the knowledge gaps and key areas of focus for
future studies.
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2. Plastics and Their Additives

The ambiguity of the name ‘plastic’ can be misleading to the average consumer; there are
a plethora of materials that fall within this definition which have very different characteristics.
The International Union of Pure and Applied Chemistry (IUPAC) defines plastic as a “polymeric
material that may contain other substances to improve performance and reduce costs” [14].
However, a keyword that is missing from the definition is “synthetic”. There are many types of
polymer and each can be categorized as natural or synthetic. Natural polymers—silk, wool, starch,
cellulose, proteins and DNA—are often water-based and constitute the majority of living tissue
structures [3,15,16]. Synthetic polymers—polyethylene terephthalate (PET), high-density polyethylene
(HDPE), polyvinyl chloride (PVC), low-density polyethylene (LDPE), polypropylene (PP), polystyrene
(PS) and polyurethane (PUR)—are manufactured using raw materials such as coal, oil and natural
gas and are classified as plastic [3]. 90% of the total world plastic production consists of PET, HDPE,
PVC, LDPE, PP, PS and PUR [17]. Additionally, there are two other types of plastic that do not fall into
either the natural or synthetic category: biodegradable plastic and bioplastic. Biodegradable plastic
can originate from both petroleum-based resources or biomass-based resources and bioplastic from
only biomass-based resources [18]. Both of these types of plastic have been labelled as alternatives to
synthetic plastic, because they will biodegrade more readily, as their names suggest. However, there
is no concrete evidence that either biodegradable plastics or bioplastics will degrade in the natural
environment any better than synthetic plastics [19,20].

Plastics are classified into seven categories known as resin codes. Resin code number 1 is PET,
which is typically used in water bottles and juice and carbonated beverages containers, as well as in
polyester clothing. It has been deemed a safe plastic for food storage and is easily recycled; however,
if it is exposed to high temperatures it leaches the chemical antimony, which in various organic forms
can be a potential human carcinogen [21,22]. Resin code number 2 is HDPE, which is also used
for containers for liquids and beverages such as water, juice, milk, cleaning supplies and beauty
products. Similar to PET, when HDPE is exposed to high temperatures, boiling water and sunlight,
it can leach endocrine-disrupting agents (i.e., estrogenic chemicals or chemicals that have estrogenic
behaviours) [21,22]. Estrogenic chemicals are human-made compounds that mimic estrogen and can
severely impact the health and reproduction of exposed aquatic organisms. Resin code number 3
is PVC, which is most commonly employed in pipes for plumbing, but is also used for food wraps,
bath toys and jackets. PVC leaches endocrine-disrupting agents (i.e., phthalates and bisphenol A
(BPA)), which are considered “substances of very high concern” when in contact with water [21,22].
Resin code number 4 is LDPE, which is considered a low hazard plastic used for cling wrap, bread
packaging, milk cartons, take-out coffee cups, newspapers and dry cleaning. Resin code number 5
is PP, also considered a safe plastic, which is used for a variety of items such as yogurt and take-out
containers, medicines, cold weather clothing, carpets, automotive parts, lab equipment and paper
currency. Resin code number 6 is PS which is most commonly used as a packaging material or for
take-out food, but also extensively used in the construction/building industries and the fishing industry.
Styrene is considered to be an “anticipated human carcinogen” and will leach from PS when it is in
contact with hot liquids [21,22]. Lastly, resin code number 7 is an amalgamation of all the other types
of plastic resins or combinations of plastic resins. These plastics are typically used for large water
containers and packaging. BPA is a common additive in these types of plastics (i.e., Polycarbonate
(PC)) and has been known to cause hormone changes, reproductive problems, asthma and obesity in
humans [21,22]. Although BPA has been banned and phased out of plastic products in many countries,
alternative chemicals (i.e., Bisphenol S (BPS) and Bisphenol F (BPF)) have been proven to be just as
hormonally active as BPA, thus perpetuating the same health issues [23].

Plastic alone is an environmental contaminant, but its properties, when combined with other
additives, can be even more harmful. Many plastic products are altered or enhanced by adding
other organic compounds, sometimes making up 50% of the product [24,25]. BPA, phthalate acid
esters (PAEs), perfluoroalkyl substances (PFASs), nonylphenol (NP) and brominated flame retardants
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(BFRs) are all common plastic additives as well as being pollutants [26–34]. The difficulty with plastic
additives, otherwise known as plasticides, is that they are typically small in molecular size and are not
chemically bound to polymers, meaning they could easily dissociate from the polymer when exposed
to favourable conditions [3,35]. For example, compounds (e.g., phthalates), which are not lipophilic in
nature, can easily dissociate when exposed to water [12]. Once contaminants are free-floating, they can
also easily sorb to other polymeric substances allowing for long-range transport [3].

3. Plastic Degradation in the Environment

Plastics can be broken down into macroplastics (>25 mm), mesoplastics (5–25 mm), microplastics
(<5 mm) and nanoplastics (<0.1 µm) via a variety of pathways [4]. There are both abiotic and
biotic means of degradation that occur in the environment and they can happen simultaneously.
Abiotic degradation is the mechanical degradation of plastics through weather and climate changes
(e.g., freezing, thawing, pressure changes, water turbulence and damage by animal activities) [3].
However, the molecular bonds of the plastic are not impacted; only morphological changes occur.

The molecular bonds of plastic materials are most profoundly impacted by photo, thermal,
oxidative and hydrolytic degradation. However, of these, photodegradation causes the most damage
to plastics in the environment. UV (290–400 nm) and visible light spectra (400–700 nm) cause increased
electron activity within the polymeric bonds resulting in oxidation and eventual cleavage of the
bonds [36].

Thermal degradation is the breakdown of plastics in temperatures of 375 to 500 ◦C. Due to
the intense heat, bond scission of the main polymeric chains results in changes in tensile strength,
molecular weight, crystallinity and colour. Thermal degradation is not typically observed in microplastic
environments because temperatures will not reach the levels necessary for degradation. However,
it is important to note that some plastics are thermally treated during production and are more easily
biodegraded in the environment [37].

Oxidation is thermal or photo-induced and introduces oxygen to the polymer matrix leading to
carbonyl (CO) and hydroxyl (HO) group formations. The CO and HO groups then help to promote
biotic degradation. Oxidation by ozone in the environment is beneficial for the breakdown of plastics
because it can break the covalent bonds, yielding cross-linking and chain scission reactions producing
free radicals. Once free radicals are produced, the degradation of the plastic will accelerate [3,37].

Hydrolytic degradation can only occur if the polymer possesses covalent bond groups such as
ester and ether groups. Covalent bond groups are targeted by hydrolytic action resulting in changes in
the molecular weight and thus, the strength of the plastic [37].

Biotic degradation is degradation resulting from organism activity. Organisms will secrete enzymes
that cleave the plastic polymer chains by hydrolytic processes, resulting in a reduction of molecular
weight [3]. The loss of molecular weight then triggers further microbial degradation, enhanced
by water and oxygen exposure, leading to the continuing loss of molecule structure over time [37].
Biotic degradation of plastic finally results in water-soluble oligomers and monomers, which can then
mineralize and be assimilated as carbon and nitrogen sources by microorganisms [35]. Although the
bioassimilation of plastic is typically not complete, there have been studies that demonstrated up to
60–80% assimilation of plastics (such as PE) in composting conditions over 180 days [38]. Additionally,
preliminary research has shown that certain types of fungi have the ability to degrade PUR [39];
however, more analysis needs to be undergone to determine this potential application.

4. Microplastics: Size, Shape and Density

The size, shape, colour and density of microplastics all play a role in its bioavailability and
degradation. Microplastics are typically categorized as plastics <5 mm in size [40,41] or between
1 µm to 5 mm [13]; however, there have been studies that report them as <1 mm [42], <2 mm [43],
2–6 mm [44] and <10 mm [45].
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Fragments, pellets, filaments and fibres, broken edges, granules and irregularly shaped
microplastics are the most common forms microplastics take in the environment [17]. However,
synthetic fibres and microbeads are more commonly discussed due to their pervasiveness in daily
life. Textiles, such as clothing, result in the release of synthetic fibres through ordinary use and
laundering [7,46]. Similarly, microbeads are commonly found in everyday beauty and hygiene
products, as well as cleaning products, which are washed down drainage systems [6,35,47]. Once fibres
become airborne and, along with microbeads, are released into water, they are very difficult to retrieve
and can easily become deposited in freshwater and terrestrial environments.

Microplastic shapes are determined by three key factors: the original plastic form, degradation of
the plastic and residence time in the environment. The longer a plastic is in the environment, the more
rounded and smooth its edges will become [48]. Reactivity, different sizes and shapes, and the high
surface to volume ratio of microplastics make them extremely dynamic. The different properties of
each particle will alter or enhance its bioavailability within the environment, thus making sampling
and quantification difficult.

Typically, plastics with a specific gravity (SG) of <1 will sink when exposed to water and those with
an SG of >1 will float; however, the SG or density of plastics will vary depending on heteroaggregation
and microbial colonization. Biofouling and biofilm development, which occur as a result of microbial
activity, will then attract invertebrates and algae, further altering the specific gravity. This, along with
water currents and interaction with biota, means that microplastics have infiltrated the entire water
column in both marine and freshwater environments [3,49,50].

5. Nanoplastics: Size, Shape and Density

Nanoplastics, which are too small to be seen by the naked eye, are similar to microplastics in
that they have not been given a standard size definition. However, more frequently nanoplastics are
referred to as plastic particles that are <0.1 µm in size [4]. Nanoplastics are largely the result of the
breakdown of macro- and microplastics into micro- and nanometre sized particles—the smallest plastic
particles. Due to their size, nanoplastics have not been adequately researched and are thus difficult to
characterize. However, some commercial sources of nanoplastics include beauty and hygiene products,
specifically those with exfoliating properties, abrasive cleaning supplies, air-blasting mechanisms,
and plastic powders used to make larger plastics [42,51,52].

6. Sources, Pathways and Sinks

The sources of plastics entering the environment are extremely varied. Many everyday
activities contribute to innumerable quantities of micro- and nanoplastics in the environment [7].
Laundering clothing that contains synthetic materials, such as acrylic, fleece and polyester, contributes
to one million tons per year of synthetic fibres entering wastewater streams, 50% of which enters
the environment [7,46]. Another consistent producer of microplastics in wastewater streams are
exfoliants and toothpaste: per 1.6 g (the average toothpaste application) there can be upwards of 4000
microbeads [51]. Once micro- and nanoplastics enter wastewater it is difficult to remove them before
that water is either recycled or discharged to the environment [51,53–55]. Degradation of tires [56–58],
resulting in tire dust, can produce upwards of 1400 mg of microplastics per km and paint [7], such as
that used for road markings and house exteriors, accounts for 10% of the microplastic pollution entering
the environment [7].

Microplastics in the environment can be broken down into two categories: primary and
secondary [59]. The primary sources of microplastics are engineered as microbeads in hygiene
and beauty products (e.g. exfoliants), as industrial abrasives, as pellets for fabrication of larger plastic
products [6,35,47] and from 3D printer emissions [60]. Typically, primary sources have defined shapes,
sizes and densities. However, secondary sources come from the breakdown and fragmentation of
larger plastics already in the environment due to accidental release or littering. The degradation of
macroplastics (>25 mm), mesoplastics (5–25 mm) and microplastics leads to irregular microplastic
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shapes, sizes and densities and different chemical compositions [52]. It is difficult to identify primary
sources of microplastics in the environment due to the exposure to the elements that result in secondary
microplastics. Secondary microplastics are the most commonly seen in the environment due to
exposure to UV radiation and physical abrasion [61].

There are both direct and indirect ways that micro- and nanoplastics enter the environment.
Direct means of contamination is when plastic is purposefully applied or used, such as in plastic
mulch, greenhouse building materials and soil conditioners [4,12]. Many micro- and nanoplastics
are retained in wastewater even after it has been treated at a wastewater treatment plant (WWTP)
and those that are not retained end up in the sludge [51,53–55,62,63]. Two major indirect routes that
micro- and nanoplastics take are via the use of urban and industrial wastewater (treated or untreated)
irrigation and sludge land applications [52,64]. Additionally, WWTP and industrial effluents are
commonly released to surface waters or may even be directly injected into aquifers for managed
aquifer recharge (MAR), which provides another route of contamination of freshwater resources [65].
Other common indirect routes are accidental release, indiscriminate discards and inappropriate disposal
methods [48]. Heavily industrialised areas result in accidental release during manufacture, transport
and use, which contributes significantly to micro- and nanoplastic pollution [66].

Plastics from the oceans can also be categorized as an indirect source of plastics on land.
Ekman currents (the strong vortices in the oceans) maintain the build-up of plastics in specific oceanic
gyres/zones, and in combination with anthropogenic (human) activity plastics become prevalent along
coastlines [3]. The anthropogenic activities that emit plastics to the ocean from the land would be
considered an indirect source to the oceans; however, the build-up of microplastics in these zones along
with the ocean currents, results in the migration of microplastics to other land areas. Thus, coastal land
can become contaminated with microplastics from sources other than those in the immediate area due
to oceanic movements.

Lakes and fluvial networks (rivers and their tributaries) are a major sink for micro- and
nanoplastics [8,49,67]. Run-off occurs from surrounding urban and rural landscapes, as well as
discharge from WWTPs and stormwater drains, supply lakes, rivers and streams containing macro-,
micro- and nanoplastics. Rivers and their tributaries also transport macro-, micro- and nanoplastics to
larger bodies of freshwater (i.e., lakes, ponds and wetlands), as well as to the ocean. The movement of
plastics with the river currents can then result in indirect deposition of macro-, micro- and nanoplastics
on banks and shorelines far from the original source of contamination.

Once plastics are deposited on soils or sediments they can be remobilized by weather and climate
patterns in the region. Depending on storm events or planned irrigation, run-off will occur, resulting
in the movement of plastics into water streams. However, wind events can also cause movement of
plastics both to freshwater systems as well as to other terrestrial environments. Macro- and micro-plastic
litter can easily be moved by wind—studies have shown that microplastic fibres have been found in
significant concentrations in the atmosphere [68,69]. The deposition of macro- and microplastics is
therefore a likely source of contamination in the terrestrial and freshwater environments.

7. Freshwater Sampling and Monitoring Methods

Freshwater samples can be taken from the surface of the water, within the water column and
from sediments, each requiring different techniques. There are three general methods used: selective,
bulk or volume-reduced [70,71]. Selective samples are used when microplastics are visible on water
or sediment surfaces, only requiring a bottle or container to collect the sample (i.e., grab samples).
Volume reduced or bulk samples (such as core, trap, composite or pumped samples) are more intensive
and time-consuming, but more accurately represent the sampling area. Bulk samples do not filter out
any of the water or sediment, instead gathering the entirety of the sampling area/volume. Selective and
bulk sampling methods require pre-treatment (filtering or sieving) before analysis. Volume reducing
samples filter the majority of the water or sediment from the sample using nets, sieves, or filters with
varying levels of porosity.
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Mid-water column and benthic nets (41, 250 and 500 µm) [49], neuston nets (333 µm) [67,72,73],
manta trawls (100, 300 and 333 µm) [74–80], plankton nets (80 and 153 µm) [76,81] and sieves/filters
(10–400 µm and 1–5 mm) [51,80,82,83] are recording methods for freshwater sampling regimes at the
surface and at depth in the water. However, the large ranges of porosity and methods used make data
comparison very difficult between studies. Another concern is that smaller micro- and nanoplastics
are bypassing the catchment methods due to the larger size limitations of the nets or filters; however,
smaller porosities are impractical due to excessive clogging. Sampling methods need to be further
developed to account for smaller particle sizes and to allow for standardization of sampling practices.
Additionally, the ubiquity of microplastic fibres, both in the atmosphere and in equipment or clothing,
makes them difficult to accurately sample in freshwater environments. Direct deposition and the
consequent contamination of samples is highly probable, so methods of eradicating these biases also
need to be developed.

8. Complex and Organic-Rich Sample Pre-Treatment

Sampling procedures and pre-treatments for micro- and nanoplastics in organic-rich environments
are lacking. Organically rich samples can come from agricultural or urban land, WWTP effluents and
sludge, and other freshwater resources, all of which have very different properties and components.
The difficulty lies in the fact that microplastics that are less than 1 mm in size cannot be easily
quantified and characterized when left in environmental samples. In many instances, bulk removal
of the organic-rich matrices, and biogenic materials/biofilms adhering to the microplastics, is
an important step prior to quantification and characterization as they can interfere with many
quantification techniques (i.e., Infrared (IR) and Raman spectroscopy, pyrolysis gas chromatography
mass spectrometry (Py-GC-MS), thermal extraction desorption gas chromatography mass spectrometry
(TED-GC-MS), etc., or hinder the ability to distinguish characteristic features of the microplastics
through microscopic analyses. Thus, after samples are collected, pre-treatment steps to isolate the
plastic components may be required to fully investigate the micro- and nanoplastic pollution present.

Separating microplastics from natural organic matter (NOM) and other biogenic materials,
while preserving the plastic particles, is the largest obstacle when it comes to removing microplastics
from soil, WWTP effluents, sludge and other freshwater sources [46]. Treatment methods need
to preserve microplastic samples so that critical information, such as the size, shape, colour and
surface texture, can be retained to help determine the source, pathway and fate of the microplastics.
Physical separation techniques that do not alter the polymers, such as sieving and filtering, are not
an effective means of removing microplastics from an organic-rich matrix; only macroplastics can be
effectively removed with these techniques [84,85]. The densities of microplastics are within the same
range as many NOM particles (0.9–1.5 g/cm3) [12,86] and cannot be easily separated using density and
flotation separation [87–90]. Oxidation using hydrogen peroxide (H2O2) has thus become one of the
more common methods of separation [86]; however, studies have reported that only small fractions of
biogenic material are removed [91] and the NOM (along with the plastic particles) is often bleached
rather than removed [89]. Additionally, some polymers such as PE, PP and PS have been found to
degrade under these conditions [46,89].

Hurley et al. [86] tested H2O2 oxidation, Fenton’s reagent (H2O2 oxidation in the presence of a
catalyst Fe2+) and alkaline digestion using NaOH and KOH on soil and sludge samples to determine
which would best preserve the microplastics, while removing the most organic matter. The H2O2

oxidation results corroborated the findings from previous studies in that there was polymer degradation
despite the effective removal of organic matter from the samples (sludge: 80–86%, soil: 96–108%).
It was also found that NaOH alkaline digestion resulted in significant degradation of PET and PC
particles but removed 61%–67% of the organic matter from the sludge samples and 64%–68% from the
soil samples. KOH alkaline digestion had minimal impact on the plastic particles; however, it only
removed 57% of the organic matter from the sludge samples and 35% from the soil samples. Ultimately,
Fenton’s reagent was deemed the most effective method with no noticeable polymeric degradation and
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high organic matter removal (sludge: 87%, soil: 106%). Tagg et al. [92] and Lares et al. [63] also tested
Fenton’s reagent and found that it was an effective means of separating microplastics from NOM in
wastewater samples.

Rodrigues et al. [93] tested density separation methods in conjunction with organic matter
degradation methods to see which combination was the most optimal for microplastic (≥0.2 mm)
isolation in synthetic freshwater samples. Fenton’s reagent and Fenton’s reagent with enzymatic
digestion (consisting of proteases, lipases, amylases and cellulases) were each followed by 0.2 mm
sieving and zinc chloride (ZnCl2) density separation, which resulted in microplastic recoveries of
96% and 95%, respectively, as well as organic matter removals of 80% with no adverse effects on the
microplastic particles and fragments. However, enzymatic digestion (BIOATAK) followed by 0.2 mm
sieving and ZnCl2 density separation resulted in 96% microplastic recovery, but negligible organic
matter removal. When ZnCl2 density separation was tested separately without organic matter removal
or sieving, there was still a 97% microplastic recovery.

The types of plastic utilized by Rodrigues et al. [93] all had densities <1.5 g/L, with the majority
being approximately 1 g/L, which is why ZnCl2, with a density ranging from 1.5–1.6 g/L, was so
effective. In natural freshwaters some of the microplastic contamination may not be as easily separated
due to differing densities. Additionally, the size and structure of the organic materials present was
small enough to be filtered through 0.2 mm sieves, which could be problematic for natural freshwater
samples containing larger organic materials, organisms and biofilms. It was noted in the study that the
presence of the organic matter, despite its relatively miniscule size within the samples, was a hindrance
during microplastic analysis, so despite having a high microplastic recovery ZnCl2 density separation
alone was not the most ideal solution. Ultimately, Fenton’s reagent with ZnCl2 density separation was
the most simplistic and effective method.

Conversely, other studies demonstrated that enzymatic digestion was a viable method of
separating microplastics from organic matter and biogenic materials in marine and sediment samples.
Cole et al. [91] demonstrated that microplastics (fibres 6–175 µm in width and 250 µm–5 mm in
length and particles/fragments predominantly <250 µm) were separated from biofilm and biogenic
materials using enzymatic digestion (Proteinase-K), which digested over 97% of the biogenic material
without causing adverse effects to the microplastics present. Löder and Gerdts [94] also successfully
used enzymatic digestion using varying types of enzymes (lipase, amylase, proteinase, chitinase and
cellulase) to isolate and purify marine, sediment and biological tissue samples prior to quantification
and characterization.

Based on these studies, Fenton’s reagent is a viable method for the separation of microplastics
from organic-rich samples; however, its applicability for nanoplastic isolation has yet to be determined.
Similarly, enzymatic digestion is a promising separation method, but further analysis must be conducted
on micro- and nanoplastic particles to develop standardized procedures. It is also important to identify
specific types of enzymes or combinations of enzymes optimal for the varying types of environmental
samples, such as freshwater, sludge and soils. Very limited research has been conducted on its use in
freshwater and terrestrial samples.

As outlined by Rodrigues et al. [93], density separation can be useful when combined with organic
matter degradation (for those samples that require it), and by itself for sediment or freshwater samples
that do not contain significant quantities of organic matter. Minerals in environmental samples can
pose problems during quantification and analysis. Density separation of micro- and nanoplastics
from minerals is typically achieved using flotation. The most standard flotation method consists of
particles separating naturally based on their densities in a stagnant fluid. The other two methods are
slightly more involved: separation via froth flotation and hydrodynamic flotation. Froth flotation
utilizes air bubbles, which accelerates the particle separation by targeting the hydrophobic nature of
the polymers. Hydrodynamic flotation utilizes hydrodynamic flow to assist density separation of
the particles. There is also a multitude of different solutions that can be utilized in these methods:
distilled water, saturated NaCl, concentrated ZnCl2 and concentrated NaI [46]. However, flotation
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methods have yet to be proven effective for nanoplastics. Wang et al. [46] studied flotation separation
for small microplastics (<100 µm) and nanoplastics in sludge and soil samples using concentrated
ZnCl2 and determined that 100% separation of 0.05 µm particles would require a total time of 86,186 h.
Nevertheless, once the NOM and the remaining minerals are removed, quantification of the samples
becomes significantly easier.

It is important to note that not all quantification techniques will require such complex sample
pre-treatment or total removal of the organic-rich matrix or biofilms present. The required sample
pre-treatment will also vary depending on the objectives of the conducted study. However, if size
and distribution as well as surface characteristics of the microplastics are needed, more complex and
time-consuming sample pre-treatments are required, especially when analyzing microplastics less of
than 1 mm and/or nanoplastics in organic-rich matrices.

9. Quantification and Characterization of Microplastics

9.1. Visual Identification

A significant majority of characterization studies have used visual identification methods, such as
the naked eye or microscopic analyses [95]. Although simplistic and inexpensive, visual identification
methods do not allow for accurate identification below 500 µm [94]. Additionally, with visual
identification there is a much greater risk of misidentifying natural particles, such as aluminum
silicate (from coal ash) [77], quartz or calcium carbonate [96] and steric acid and castor oil [53],
as microplastics. Microplastic fragments and fibres are also often misidentified as cotton, rayon or
other organic materials [78,97]. Visual cues, such as the bright or unnatural colours and the shininess
or lustre that can typically be attributed to plastic materials, become increasingly diminished with
the decreasing size of the plastic and the duration of time that that plastic has been exposed to the
natural environment [97,98]. Many studies have demonstrated that visual identification methods are
extremely unreliable with significant over-estimation or under-estimation, resulting in identification
errors higher than 70% [13,71,78,96–98].

9.2. Infrared Spectroscopy (IR)

There are two different measurement systems for infrared (IR) spectroscopy: mid-infrared (MIR)
(400–4000 cm−1) and near-infrared (NIR) (4000–12,500 cm−1). MIR spectroscopy detects different
vibrational stretching and deformation (different energies) of polymeric bonds, thus distinguishing the
different types of polymers in a sample. Analogously, NIR spectroscopy typically detects combinations
of vibrational bands and, thus, polymers cannot be identified in that manner. Instead, polymers are
recognised by the shape of the vibrational bands, not the bands themselves. Both types of spectroscopy
can be effective at identifying different polymers within a sample; however, it is important to note that
NIR spectroscopy is not commonly used for the identification of microplastics [99].

MIR spectroscopy, also known as Fourier transform mid-infrared (FT-MIR) spectroscopy, can
be broken down into three types: conventional stationary FT-MIR spectroscopy, FT-MIR microscopy
and handheld FT-MIR. Conventional FT-MIR is the most commonly used method because it can
be adapted with a variety of accessories, has short measurement times and is ideal when dealing
with microplastics of 1 mm and larger, powders and thin films. FT-MIR microscopy differs in that
it is used for microplastics between 1 mm and 1 µm and requires more complex sample handling.
More interestingly, it can be used to research the ageing process because it can isolate and analyse
microplastic surfaces. Handheld FT-MIR is still in its infancy for microplastic analysis. Water (moisture)
can interfere with handheld FT-MIR, which is a fundamental problem considering microplastics are
most commonly found in wet or moist areas [99].
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9.3. Raman Spectroscopy

Raman spectroscopy is similar to IR spectroscopy in that it utilizes vibrational bands to detect
and characterize polymeric substances. However, the two types of spectroscopy differ in how those
vibrational bands are interpreted. Raman spectroscopy utilizes photon scattering and the subsequent
shifts between the inelastic and elastic scattering. The shift, otherwise known as the Raman shift,
which corresponds to the energy differences identified by IR spectroscopy, identifies the specific
polymers in a sample [100].

Raman spectroscopy can be altered for different purposes depending on the sample type and
research objective. Conventional Raman spectroscopy is a straightforward process that can be used
for routine microplastic sample analysis, but Coherent Anti-Stokes Raman Scattering (CARS) is a
much more complicated and specific process used for living organisms and tissue samples. CARS can
accurately locate and partially characterize microplastics in biological tissues without interference
from the biological matrices surrounding the plastic particles. However, this approach is a demanding
and expensive method that requires a more sophisticated analysis of the results. Raman microscopy,
on the other hand, is another straightforward application that can significantly influence the spatial
resolution and allow for nanoplastic analysis (i.e., plastic particles <0.1 µm in size) [100].

Raman spectroscopy, as compared to IR spectroscopy, has three main advantages: wider spectral
coverage, better resolution and lower water interference. Raman spectroscopy is not broken down
into two spectrums, and it can collect an entire vibrational range in one spectrum. The scattering
(vs. energy absorption) also provides more precise vibrational bands, allowing for increased chemical
information, because closely related bands can be more easily distinguished. Wet samples can also
be readily used in Raman spectroscopy because the water spectrum is weakly shown and does not
overtly interfere with the other vibrational bands (not the case with IR spectroscopy, where the water
spectrum is relatively large and can obscure other vibrational bands). However, there are two inherent
disadvantages with Raman spectroscopy: the fluorescence effect, which causes overexcitation of a
sample and its impurities, and laser degradation of the sample. Although there are approaches that
can overcome the fluorescence effect, many of them induce photo or thermal degradation of the
sample [100].

Although there are distinct advantages and disadvantages to using either IR or Raman spectroscopy,
vibrational spectroscopy as a whole is oftentimes preferred due to its non-destructive analytical methods.
However, even though IR and Raman spectroscopy are the most common practices for microplastic
analysis [100], other destructive methods, such as pyrolysis gas chromatography mass spectrometry
(Py-GC-MS) and thermal extraction desorption gas chromatography mass spectrometry (TED-GC-MS),
may be more desirable due to their more expediated processes.

9.4. Pyrolysis Gas Chromatography Mass Spectrometry (Py-GC-MS)

The objective of pyrolysis gas chromatography mass spectrometry (Py-GC-MS) is to identify the
chemical characteristics of polymers based on their mass spectra (pyrogram). Py-GC-MS thermally
decomposes polymeric substances under elevated temperatures (500–1400 ◦C) and in the presence of
an inert gas, typically helium. Polymer-specific, gaseous thermal degradation products are produced
and then chromatographically separated and analyzed via mass spectrometry. The resultant mass
spectra or pyrogram for the tested polymer can then be compared to a library of pyrograms of known
polymers and additives. Py-GC-MS is a fast method of identification that allows for the polymer type
and additives used to be identified simultaneously and does not require any pre-treatment of the
plastic [101–103].

The difficulty with Py-GC-MS is that it is a destructive method of analysis, meaning that the
polymer samples are destroyed in the process of identification. Analysis of the size and distribution
of the microplastics has to be done prior to Py-GC-MS analysis. Additionally, Py-GC-MS requires
the isolation of one microplastic particle or small fragment 2–500 µg in weight, meaning that only
small sample sizes can be identified at a time [94,101]. Environmental samples that contain NOM
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would require sample pre-treatment to isolate the microplastics within the sample, and then each
microplastic particle or fragment would need to be tested individually, limiting its ability to be used
for the identification of microplastics in large environmental samples.

Other drawbacks are the limitations of the apparatus if the pyrolizer is mounted externally to the
GC-MS. The transition zone from the pyrolizer to the GC-MS is commonly a heated capillary,
which has a small internal diameter (approximately 1 mm) and maximum temperatures from
250–400 ◦C [104,105]. Contamination or blockages of the capillary can occur due to condensation
of polymeric degradation products with high molecular weights and boiling points higher than the
maximum transfer capillary temperature. In-line or non-discriminatory Py-GC-MS apparatuses are
required to help mitigate these issues but cannot always prevent the discrimination of certain polymeric
degradation compounds [103,106].

9.5. Thermal Extraction Desorption Gas Chrometogrpahy Mass Spectrometry (TED-GC-MS)

Thermal extraction desorption gas chromatography mass spectrometry (TED-GC-MS) is a newly
established two-step method for microplastic analysis in environmental samples. Thermal extraction
and adsorption are first achieved by thermally decomposing the sample in a thermogravimetric
analyzer (TGA), where the sample is heated from room temperature to 600 ◦C at a constant rate
and under constant conditions (with air or inert gases (nitrogen or argon) as purge gases). Once the
sample is pyrolyzed, the polymer-specific, gaseous degradation products are trapped on a solid-phase
adsorber. The trapped degradation products can then be chromatographically separated and analyzed
using thermal desorption gas chromatography mass spectrometry (TDS-GC-MS) [104,105,107].

TED-GC-MS is a fast identification method that does not require plastic pre-treatment and allows
for larger sample sizes upwards of 100 mg to be tested. It is also more advantageous than many
Py-GC-MS techniques due to the eradication of the transition zone issues. TED-GC-MS allows for the
degradation products to be captured by the TGA and manually or automatically (depending on the
apparatus) moved to the GC-MS [104,105,107]. However, similarly to Py-GC-MS, it is a destructive
analytical method, so the size and distribution of the microplastics must be analysed beforehand.
Additionally, environmental samples may require pre-treatment methods, especially if there is a
significant portion of NOM present, to isolate the microplastic particles and fragments.

10. Microplastic Discharges from WWTPs

Wastewater is one of the primary sources for micro- and nanoplastics; therefore, studying the fate
of micro- and nanoplastics in WWTPs is an important step in determining their behaviour and means
of transport within the different treatment stages. It is critical to determine the fractions of microplastics
leaving via the treated effluent versus the sludge, as well as where they may be accumulating in
different parts of the treatment train. Carr et al. [51] demonstrated that mixed liquor samples spiked
with polyethylene microplastics (10–300 µm) resulted in almost complete buoyancy of the microplastics
at the lab-scale. However, when microplastics (53–63 µm) were used to spike synthetic, high solid
influents, the partitioning of the microplastics from the mixture was only 40%. The majority of the
microplastics got caught in the toilet paper floc and were unable to float to the surface of the influent.
These results would indicate that in high solid influents microplastics could easily move from the
primary stage to the secondary stages of treatment.

Carr et al. [51] also tested a gravity bed filter at the lab-scale, and it was observed that > 95% of
the microplastics (10–300 µm) were retained. At full-scale, Carr et al. [51] tested secondary and tertiary
effluent quality at seven different WWTPs. A total volume of 5.68 × 103 L unfiltered secondary effluent
was filtered using two sieves (400 and 180 µm) resulting in one microplastic particle being identified.
The return activated sludge (RAS) was also sampled and was determined to include approximately
one microplastic particle per 20 mL. A total of 1.89 × 105 L of tertiary effluent was analysed using
three sieves (400, 180 and 45 µm). Tertiary treatment steps using gravity bed filters are effective at
removing microplastics from 10+ µm at the lab-scale and 45+ µm at full-scale. However, the higher



Water 2020, 12, 2633 11 of 29

accumulation of microbial communities and vegetation at full-scale prevented further filtration due to
clogging. The difficulty with only using physical means of removal is that NOM can interfere and
prevent complete removal of microplastics <45 µm, which is critical because microplastics can be
significantly smaller (i.e., 1 µm) and nanoplastics even smaller (<0.1 µm). Micro- and nanoplastics can
still be present in large concentrations below the 45 µm threshold and WWTPs are possibly discharging
these plastic fibres and particles directly to the environment despite undergoing tertiary treatment.

Similarly, it was reported by Van Cauwenberghe et al. [108] that only 20% of microplastics were
removed in primary treatment, indicating that the secondary treatment was exposed to the majority
of the microplastic contaminants. Talvitie et al. [109] also related similar results with approximately
30% removal during primary treatment, with the majority of polymeric fibres being removed, but
only a limited number of microplastic particles. Although a large proportion of the microplastics
were removed in the subsequent secondary treatment, on average there were still 4.9 fibres and
8.6 particles per litre of final effluent (smallest filter size of 20 µm). Lares et al. [63], who studied
sludge and wastewater samples from a WWTP in Finland, corroborated the findings that there was
minimal removal in the primary stage; however, they found that there was a higher prevalence of
microplastic fibres as opposed to particles in the secondary effluent, which differs from the findings of
Talvitie et al. [109]. Magnusson et al. [110] also found that there was negligible removal in the primary
treatment stages of six WWTPs located in Sweden, Finland and Iceland. The Swedish WWTPs were
found to have 4–68 particles/m3, the Finnish WWTPs had 29–32 particles/m3 and the Icelandic WWTPs
had 1130–2490 particles/m3 in final effluent (smallest filter size of 300 µm). Kalcikova et al. [55] used the
removal percentages of Van Cauwenberghe et al. [108], Talvitie et al. [109] and Magnusson et al. [110] to
approximate a primary microbead removal of 25% and then proceeded to model secondary treatment
at the lab scale with wastewater from Ljubljana, Slovenia. They found that 13.9 mg of microbeads/m3

of final effluent remained (smallest microbead size of 60 µm).
Although these studies reported that there were efficient capture and removal of microplastics in

liquid streams by the secondary and tertiary stages of the WWTPs, they were limited by the size of
microplastics that were investigated, as well as the methods used to isolate them. Physical removal
does not give the full picture of microplastics in a WWTP or its subsequent effluents. It also does not
address the sub-microplastic (<1 µm) and nanoplastic (<0.1 µm) particles that are produced or remain
in the WWTP effluents. Most significantly, the subsequent capture of the plastic particles results in
their accumulation in the sludge stream, with some studies reporting that 99% of the microplastics in
wastewater are retained in WWTP sludge [84]. Additionally, although the studies discussed herein all
use particles per volume as a measurement, the lack of standardized procedures and reporting units
makes comparison of other studies difficult. Further emphasis needs to be placed on standardization
of units of measurement.

The WWTP solids obtained from primary and secondary sedimentation are collectively known
as sludge. In addition to microplastics and various other contaminants, sludge contains organic
matter and nutrients and is seen as a valuable resource for agricultural applications in many countries.
However, in most countries raw sludge must undergo treatment before being used or disposed,
which typically includes thickening, conditioning, stabilization, dewatering, drying and disinfection.
Sludge treatment processes do not remove micro- and nanoplastics, and as a result, microplastics have
been applied to agricultural soils for decades. Microplastic abundance in sludge has been investigated
by multiple studies revealing that sludge can contain anywhere from 1500–41,000 particles/kg dw
depending on the WWTP facility, location and sludge treatment methods, with the majority being
microplastic fibres [85,111–113].

It has been estimated through sludge and other microplastic agricultural applications that
between 63,000–430,000 tons of microplastics are applied to European soils and 44,000–300,000 to
North American soils per year [114]. The large range is due to the varying sludge application rates in
different countries, which can range from 0% to 91% of the total sludge production with an average
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between 43–50% [86,114]. It is critical to be able to remove these plastic particles from sludge to limit
the terrestrial exposure to micro- and nanoplastics or find alternative final disposal options for sludge.

11. Freshwater and Terrestrial Microplastic Occurrence

11.1. Surface Water

Microplastic occurrence in marine water bodies has been extensively researched, but more
information needs to be acquired for freshwater bodies. In Canada and the United States, the Great
Lakes basin has been the site of many surface water microplastic surveys all of which have
utilized manta trawls or neuston nets (333 µm). Hendrickson et al. [80] sampled western Lake
Superior and found estuary and harbour samples ranged from 21,000–110,000 particles/km2 with the
highest average abundance of 54,000 ± 39,000 particles/km2, followed by open water samples with
25,000–54,000 particles/km2 (avg: 38,000 ± 15,000 particles/km2) and then nearshore samples with
0–76,000 particles/km2 (avg: 28,000 ± 21,000 particles/km2). Fibres (39%) were the most abundant
microplastic observed, followed by fragments (34%) and films (21%). The open water sites had higher
abundances on average than the nearshore sites, which suggests that wave and wind currents have
a significant impact on the movement and congregation of microplastic particles in surface waters.
Additionally, the authors speculated that the increased potential for microplastic scavenging in the
nearshore sites could accelerate the movement of microplastics to the benthos and sediment zones,
again contributing to the difference in open water and nearshore abundances.

Eriksen et al. [77] investigated the surface water microplastic contamination of Lake Erie, Huron
and eastern Superior. Lake Erie proved to have the most concentrated microplastic contamination,
from 6056–466,305 particles/km2 (avg: 105,503 particles/km2), followed by eastern Lake Superior
with 1277–12,645 particles/km2 (avg: 5391 particles/km2) and Lake Huron with 0–6541 particles/km2

(avg: 2780 particles/km2). Microplastics 0.355–0.999 mm in size accounted for 81% of the captured
microplastics with pellets (48%) and fragments (42%) being the most abundant. The captured pellets
were compared to the microbeads of common beauty products and found to be similar in all aspects
(i.e., size, shape, texture and composition). Conversely, Hendrickson et al. [80] who surveyed western
Lake Superior, found significantly greater microplastic abundances in nearshore and offshore sites
than Eriksen et al. [77], and they were predominantly made up of microplastic fibres and fragments
with very minimal pellets and beads. The differences in abundance between the western and eastern
studies of Lake Superior could be due to the fact that the western side contains the Twin Ports and
thus, significantly heavier anthropogenic activity than the eastern side; however, that does not explain
why fibres (and fragments) would be most abundant in the west and pellets/beads (and fragments) in
the east.

A possible cause for the stratification of fibres and pellets/beads in Lake Superior could be the
wind and wave patterns of the region and lake (significant cyclonic gyres are present in eastern Lake
Superior as opposed to western Lake Superior [115]), as well as the movement of fibres through the
water column. Although both fibres and pellets/beads are typically composed of the same types of
low-density plastics (i.e., PE 0.91–0.96 g/cm3 and PP 0.91 g/cm3) [77], enabling them to float in water,
fibres have been documented as being less abundant in surface waters and more abundant in benthic
zones of the same water body, whereas pellets/beads and fragments did not have that same trend [73].
It is possible that fibres, due to their long lengths and varying sizes, could become entrapped in
particulate and organic matter, as well as aggregate with other fibres, resulting in faster movement
through the water column as compared to pellets/beads. The pellets/beads could therefore be more
easily transported and maintained in the eastern convergence zones of Lake Superior. However,
further research of surface and sediment samples in the western and eastern parts of Lake Superior,
as well as the spatiotemporal trends of fibres and pellets/beads in freshwater, needs to be conducted to
conclusively determine the reason for the surface water stratification.
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Mason et al. [116] conducted an intensive (59 sample) survey of the surface waters of Lake
Michigan resulting in microplastic contamination of 1407–100,016 particles/km2 with an average of
17,276 particles/km2. Similarly to the finding of Eriksen et al. [77], the majority of the microplastic
particles were 0.355–0.999 mm in size; however, fragments (79%) were the most abundant followed by
fibres (14%), with marginal quantities of pellets/beads. Baldwin et al. [72] also focused their efforts on
the Great Lakes basin investigating 29 tributaries comprising 22% of the total tributary contribution
to the Great Lakes and found similar results to Mason et al. [116] and Eriksen et al. [77] with the
majority of the collected microplastics falling between 0.355–0.999 mm in size. However, the tributaries
were different from the Great Lakes, with microplastic fibres (71%) comprising a large majority of the
microplastics found, followed by fragments (17%).

There is significant variability in the abundance and types of microplastics present in the Great
Lakes, which can be partially attributed to the varying population densities clustered within the
basin, as well as the proximity of the industrial sectors to the shorelines. Equally, the variability may
be caused by the differing hydraulic residence times within each lake. Lake Huron, Michigan and
Superior have hydraulic residence times of 22, 62 and 186 years [117], respectively, which correspond
to increasingly larger average microplastic abundances. However, Lake Erie, which has the smallest
hydraulic residence time of 2.7 years, was found to have the largest abundance of microplastics. So,
although hydraulic residency may be a factor, proximity to industrial areas and densely populated
areas also plays a major role, especially if the accumulation of pollution exceeds the rate of turnover.

Freshwater surfaces in Europe have also shown extensive microplastic contamination.
Mani et al. [118] categorized the microplastic contamination within the surface water of the
Rhine River in Europe by sampling 11 sites along an 820 km stretch from Basel, Switzerland to
Rotterdam, The Netherlands. Every sample collected contained microplastic contamination resulting in
52,364–3,931,062 particles/km2 with an average abundance of 892,777 particles/km2. The microplastic
abundance increased substantially at sampling points downstream, such as within the Rhine-Ruhr
metropolitan area, which were heavily impacted by anthropogenic activities (domestic and industrial
wastewater discharges and plastic factories). The Rhine River basin is one of the largest European
river catchments, which partially or wholly encompasses nine countries (Austria, Belgium, France,
Germany, Italy, Liechtenstein, Luxembourg, The Netherlands and Switzerland) [119]. Although the
Great Lakes and the Rhine River are both fundamental waterways in North American and Europe,
respectively, the population within the Rhine River basin is almost double that of the Great Lakes
basin, with over 58 million people [119] compared to 30 million people [120], respectively. This larger
population likely accounts for the significantly larger microplastic contamination discovered.

Microplastic contamination in surface waters worldwide is a common phenomenon, especially
in areas with higher population densities; however, even areas with minimal anthropogenic contact
are accumulating microplastics in their surface waters. Free et al. [79] investigated Lake Hovsgol
located in the northern mountains of Mongolia, which has been a part of a National Park since 1992
and is very isolated from anthropogenic activity (only being close to two villages with a combined
population of 5440 people). The surveyed surface waters revealed microplastic abundances ranging
from 997–44,435 particles/km2 with an average abundance of 20,264 particles/km2, and fragments
(40%), films (38%) and fibres (21%) comprised the majority of the microplastics collected. The average
abundance for Lake Hovsgol exceeds the abundances found for Lakes Huron, Michigan and eastern
Superior, which are surrounded by heavily urbanized areas. These results suggest that microplastics
are ubiquitous freshwater contaminants.

11.2. Groundwater

Although there are a very limited number of studies conducted on groundwater microplastic
contamination, there have been a few documented cases. Panno et al. [9] studied springs and wells
(<65 m) from two karst aquifers in Illinois, USA and found that 16 of the 17 samples taken were
contaminated with microplastic fibres (>0.45 µm). On average there were 6.4 particles/L, with a
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maximum concentration of 15.2 particles/L. Due to the more open nature of karst systems (crevices,
conduits, sinkholes, caves, etc.), it is suspected that septic releases and run-off were the main sources of
the microplastics.

Mintenig et al. [121] investigated groundwater microplastic contamination in Holdorf, Germany
from three wells 30 m deep. Sample sizes of 1000 L were taken from each of the wells and
analyzed, resulting in very minimal microplastic concentrations of 0–0.007 particles/L with an average
concentration of 0.0007 particles/L. Most of the microplastic present was in the form of fragments
50–150 µm in size.

A scoping study in the North West of South Africa by Bouwman et al. [122] examined microplastic
concentrations in four groundwater boreholes and found on average that there were 0.0417 fragments/L
and 0.1250 fibres/L. The fragments were all <600 µm; however, the fibres ranged from 20 µm to >1.5 mm
with an increasing trend towards larger sizes.

Currently, the limited number of studies conducted on microplastics in groundwater does not
allow for comparisons or conclusions to be drawn, highlighting the fact that groundwater microplastic
contamination has yet to be targeted as an issue. Two billion people depend on groundwater resources
worldwide for domestic, drinking, agricultural and industrial practices [65] making groundwater a
critical resource. Micro- and nanoplastics are introduced into the terrestrial and freshwater environments
via direct and indirect routes (see Section 6), which may then enter global aquifers (see Sections 6 and 12).
Although there is limited information on the impacts of microplastics in the human body, it is only a
matter of time before adverse effects are recognized either through micro- and nanoplastics themselves
or through the adsorbed pollutants on these plastics. Significantly more research needs to be done in this
area, especially with the inevitability of micro- and nanoplastics being transported into aquifer systems.

11.3. Sediments

The Great Lakes region has been the site of many microplastic surveys due to its proximity to
heavily populated areas and the vastness of the Great Lakes basin, which includes Lake Ontario,
Erie, Huron, Superior and Michigan. Corcoran et al. [123] analyzed two sections of beach sediments
from the Humber Bay area of Lake Ontario and found on average of 15.5 microplastic pellets/m2.
Notably, a significant number of microplastic fragments (<1 cm) were also collected from the beach
samples, but due to the size designation were not included in the microplastic abundance counts.
Corcoran et al. [123] also analysed two Lake Ontario bottom sediment core samples which resulted in
241 microplastic pieces/kg dw composed of primarily PE and PP; however, microplastics were only
found up to a depth of 8 cm correlating to 38 years of accumulation. Ballent et al. [96] also surveyed
the same region of Lake Ontario and found on average that beach, nearshore and tributary sediments
had 20–470 particles/kg dw (avg: 140 particles/kg dw), 40–4270 particles/kg dw (avg: 980 particles/kg
dw) and 40–27,830 particles/kg dw (avg: 610 particles/kg dw), respectively. Fragments and fibres were
the most abundant microplastic <2 mm, but fragments and beads were the most abundant microplastic
>2 mm. The nearshore sediment core samples had the highest abundance of fibres and were found to
contain microplastics up to a depth of 15 cm.

The difference in microplastic abundance between the two studies could be due to the fact that
Ballent et al. [96] used a more thorough sampling regime, which included a greater number of samples
(10 beach, 33 nearshore and 7 tributary at a variety of different locations in the Lake Ontario region) as
well as bulk sampling methods (i.e., core, grab and trap). Corcoran et al. [123] selectively sampled
two beach areas (25 m by 4 m and 10 m by 2.5 m to a depth of 5 cm), only collecting microplastics
visible to the naked eye, resulting in a potential underestimation of the actual microplastics present.
Additionally, Corcoran et al. [123] did not differentiate fragments that were <5 mm from fragments
<1 cm, which also influenced the reported microplastic abundance. However, it is important to note
that there was significant microplastic variation between the types of sampling techniques employed
by Ballent et al. [96] for nearshore sediment samples. Nearshore samples collected with gravity cores
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(2130 particles/kg dw) had higher microplastic abundances than trap (1070 particles/kg dw) and grab
(730 particles/kg dw) samples.

Seven popular beaches along the shoreline of Lake Huron were surveyed by Zbyszewski and
Corcoran [124]. Only four had microplastic present, and Sarnia beach accounted for 94% of the
microplastic abundance with 408 microplastic pellets/m2. Lake Erie and Lake St. Clair were also
surveyed by Zbyszewski et al. [125], which revealed significant microplastic pellet abundance.
The majority of the pellets identified in the sediments of Lake Huron, Erie and St. Clair were located at
beaches that were in close proximity to industrial facilities in Canada and the United States specializing
in plastic production, indicating a correlation between the abundance of microplastic pellets and the
proximity to the industrial sectors.

Dean et al. [126] examined beach, nearshore and tributary sediments of the northern shorelines
of Lake Erie and found that there were 50–146 particles/kg dw, 0–391 particles/kg dw and
10–462 particles/kg dw, respectively. The majority of the microplastics present in beach and nearshore
sediments were made up of fibres (63% and 64%, respectively) followed by fragments (37% and 36%,
respectively). Tributary samples differed in that fragments were the most abundant (62%), followed by
fibres (37%) and beads (1%). The major difference between Dean et al. [126] and Zbyszewski et al. [125]
were sampling techniques and locations along the shorelines of Lake Erie. Zbyszewski et al. [125]
found the highest abundance of pellets on the Southern shoreline, which Dean et al. [126] did not
sample. Additionally, Dean et al. [126] did not use a grid sampling technique, but rather grab and
trap sampling.

Microplastic pollution has also been identified in freshwater sediments and shorelines worldwide.
The beaches surrounding Lake Garda in Northern Italy, which is an in-land subalpine lake used as
a drinking water source and tourist attraction, were analyzed for microplastic contamination [127].
The northern shoreline had an average of 1108 ± 983 microplastic particles/m2 and the southern
shoreline had 108 ± 55 microplastic particles/m2, predominantly comprising fragments, with some
fibres from fishing gear. Conversely, Lakes Bolsena and Chiusi in Central Italy were analyzed and found
to have more fibres than fragments [78]. Lake Bolsena had on average 638 ± 323 fragments/m2 and
1284 ± 421 fibres/m2, and Lake Chiusi 625 ± 310 fragments/m2 and 1492 ± 542 fibres/m2. The difference
could be due to the location of the lakes and the proximity to populated areas, where more fibres will be
present due to clothing and other material items. However, similar to the description of Lake Huron by
Zbyszewski and Corcoran [124], one of the surveyed beaches of Lake Garda accounted for the majority
of the microplastic contamination. Differing from Zbyszewski and Corcoran [124] is the location of the
lake, which is isolated from industrial sectors, suggesting that another source, such as the wave and
wind currents within the lake and surrounding region, could be accountable for differing abundances.

Other areas such as South America and China have also documented significant microplastic
pollution in freshwater sediments. Blettler et al. [128] looked at the beach sediments of a floodplain
lake (Setúbal Lake) along the Paraná River in Central South America using a grid sampling approach.
Fragments, fibres and foam microplastics proved to be the most abundant with an average of
704 particles/m2. Zhang et al. [129] analyzed lakeshore sediments from some of the isolated Tibetan
Plateau lakes, specifically Geren Co, Wuru Co, Siling Co and Mujiu Co, and found on average
42 ± 47 particles/m2, 117 ± 126 particles/m2, 563 ± 1219 particles/m2 and 17 ± 20 particles/m2,
respectively. The majority of the microplastic particles collected were fragments with some fibres
relating to fishing gear, similar to the study of Lake Garda, suggesting that fibres are more predominant
in areas where there is a higher population density due to the vast quantity of clothing and materials
present. Due to the remoteness of the locations and lack of anthropogenic activity, it was speculated
that the lakes were contaminated via river flow as well as atmospheric deposition or fallout.

Differences in microplastic types as well as differences in abundance in freshwater locations
are characteristic of the river and lake flow patterns, as well as the wind patterns in the area.
The proximity of industrial sectors and densely populated areas or the popularity of the freshwater
site also play a significant role in the deposition and movement of microplastic in sediments.
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However, the different sampling procedures and lack of standardization of the same sampling
techniques make study comparisons very difficult and, therefore, inhibit the ability to make concrete
conclusions. Standardizing sediment sampling and mitigating microplastic contamination is of the
utmost importance. Some attempts at standardizing have been made, such as the case study by
Imhof et al. [130] that analyzed microplastic abundances in different zones of the Lake Garda beach
sediments. It was found that the water line and high-water line showed variability, sometimes
containing microplastics and other times having none, whereas the drift line, which is between the
water line and high-water line, always contained microplastic contamination. The suggestion by
Imhof et al. [130] was to centralize beach sediment sampling on drift lines to help ensure consistency
between studies. Of course, this would only be a standardization of the location and not the sampling
techniques used, additionally, and more lakes would need to be analyzed to confirm that drift lines are
more representative than other sediment zones.

11.4. Soil

Soil has not been as heavily investigated as sediment samples despite the known usage of macro-
and microplastics within agricultural practices. Only a few studies have looked at the abundance of
microplastics within agricultural fields that have utilized plastics in some form. Liu et al. [131] looked
into microplastic contamination (20 µm–5 mm) of farmland soils from the suburbs of Shanghai that
utilized mulching film (two fields 1–5 years, twelve fields 5–9 years and five fields >10 years continuous
use) and contained large amounts of discarded macroplastics. They found 78.0 ± 12.9 particles/kg
dw in shallow soil (0–3 cm) and 62.5 ± 13.0 particles/kg dw in deeper soil (3–6 cm). Fibres (53%) and
fragments (38%) were the most abundant, followed by films (7%) and pellets (2%), with microplastics
<1 mm significantly more abundant in the deeper soils. The lack of mulching film microplastics, despite
the known usage, may indicate that mulching film contaminates soils far less than fibres and fragments.
Additionally, the incidence of smaller microplastics in the deeper levels of soils indicates that small
microplastics (<1 mm) and nanoplastics (<0.1 µm) may infiltrate soils at a faster rate. The proximity
of the farmlands to the densely populated city of Shanghai and the possible use of irrigation water
contaminated with fibres could be the cause of the abundance of microplastic fibres in the soil. It is also
possible that the farmlands may have utilized sludge application for fertilizer; however, the authors
did not fully know the practices of the farmers.

Huang et al. [132] also investigated the abundance of microplastics due to the continuous
application of film mulching, but over 5-, 15- and 24-year periods in cotton fields in Shihezi, Xinjiang
Uygur Autonomous Region, China. The 5-year fields were sampled from 0–5, 5–20 and 20–40 cm
resulting in average abundances of 61.9 ± 20.6, 102.9 ± 69.4, and 68.0 ± 41.4 pieces/kg dw, respectively,
and no significant differences at depth. In the 5-, 15- and 24-year periods there was an average
abundance of 80.3 ± 49.3, 308 ± 138.1 and 1075.6 ± 346.8 pieces/kg dw, respectively, indicating that the
continuous application of film mulching over time results in accumulated microplastic abundance
in the soils. Huang et al. [132] was able to determine that the microplastics’ chemical composition
matched the plastic film mulching chemical composition, suggesting that they did originate from the
plastic film; however the types of microplastics (i.e., fibre, fragment, film, etc.) were not identified.
Sample comparison between Liu et al. [131] and Huang et al. [132] is difficult due to the fact that
sampling depths and film mulching time periods differ between the two studies; however, the 5-year
fields from 0–5 cm are comparable to the results obtained by Liu et al. [131].

Zhang and Liu [111] surveyed croplands at the upstream and estuary of the Chai River in China,
as well as a converted cropland to woodland buffer zone in the estuary. The croplands, Dunshang,
Shangusan, Dagoujian and Anle, had experienced intensive agricultural practices consisting of high
crop intensity and exposure to greenhouses with plastic film shedding enclosures; however, irrigation
practices and sewage sludge application rates differed. Dagoujian and Anle were irrigated with the
effluent from the decentralized domestic wastewater treatment systems (DDWTS) of the surrounding
villages, and Dunshang and Shangusan with the surface water of the Chai River. All four croplands
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used sewage sludge as fertilizer; however, Dagoujian and Anle were reported to have a higher frequency
of use. Dagoujian and Anle had 13,470–42,960 particles/kg dw (avg: 26,760 particles/kg dw), whereas
Dunshang and Shangusan had 7100–26,630 particles/kg dw (avg: 12,960 particles/kg dw). The buffer
zone, which was located closest to Dagoujian, had 8180–18,100 particles/kg dw (avg: 14,360 particles/kg
dw). Ultimately, all results suggest that the higher the exposure to microplastic applications, the higher
the microplastic abundance in the soil. Fibres comprised 92% of the microplastics collected and
95% of the collected microplastics were <1 mm, with the majority between 0.05–0.25 mm. Similarly,
Corradini et al. [112] investigated 30 agricultural fields in Mellipilla, Chile that had documented
sludge application rates. They found that the higher the number of sludge applications, the higher
the abundance of microplastics (<2 mm) present in the soils, with fibres comprising 97% of the
microplastics quantified.

Other studies have quantified microplastic contamination in farmlands and soils that have not
been subjected to intentional microplastic and plastic applications. Piehl et al. [133] investigated
farmland in Germany which was only exposed to conventional agricultural practices, meaning
that the farmland was never exposed to microplastic-containing fertilizers, such as biosolids and
organic fertilizers, or agricultural plastic applications, such as greenhouses, nets and mulching films.
In addition, the farmland was only rainfed, so potential contamination from other irrigation practices
(such as the use of WWTP effluent or surface waters) was also avoided. The abundance of microplastics
from the top 5 cm of soil ranged from 0–1.25 particles/kg dw with an average of 0.34 particles/kg dw.
Microplastic fragments and films were the most abundant, with only two fibres being found within the
samples, and the most abundant polymer type was PE followed by PP and PS. The vast differences in
microplastic abundance between farmlands applying microplastics and plastics versus those that do
not is significant. Intensive agricultural practices are a primary method of introducing vast quantities
of microplastics (and nanoplastics) into the terrestrial environment.

Scheurer and Bigalke [134] also focused on areas without intentional application of microplastics
or plastics in the Swiss floodplains. Twenty-nine nature reserve sites across Switzerland were
studied and it was found that 90% of the sites contained microplastic contamination with upwards
of 593 particles/kg dw. Eighty-five percent of the microplastics found ranged between 125–500 µm,
and 88% of the microplastics were composed of PE. The obvious source of contamination for the
floodplains were the surrounding rivers and tributaries, demonstrating that tributaries are a primary
source of microplastic transportation from freshwater to terrestrial environments.

12. Fate and Behaviour of Micro- and Nanoplastics and Their Ecological Implications

Research on the fate and behaviour of micro- and nanoplastics in soil and sediment environments
is scarce. The limited studies that have been published have predominantly focused on the role of
sedimentary organisms in the movement of micro- and nanoplastics in soils. Sedimentary organisms
play a critical role in the movement and transport of microplastics to deeper soil depths. Yu et al. [135]
studied the movement of LDPE microplastics (1 mm–250 µm, 250–150 µm, <150 µm) in sandy
soils (94.40% sand, 3.20% silt and 2.40% clay) due to earthworm (Lumbricus terrestris) burrowing.
LDPE microbeads were added to the surface of the soil with dry litter (Populusnigra) resulting in a
microplastic concentration of 7% w/w. They found that the movement and burrowing of earthworms
resulted in significant movement of LDPE particles from the surface of the sample to the bottom of the
sample (50 cm vertical movement) in 14 days. The earthworms greatly increased the concentration
of microplastics at depth. However, the earthworms showed a tendency to move smaller particles
(<250 µm) resulting in a gradient of microplastics with depth. Rillig et al. [136] had similar results when
analyzing earthworms (Lumbricus terrestris) in soils (73.6% sand, 18.8% silt and 7.6% clay) collected
from fields in Berlin when they added LDPE microbeads (710–850 µm, 1180–1400 µm, 1700–2000 µm
and 2360–2800 µm) and dry litter (Populusnigra) to the surface of the sample resulting in a microplastic
concentration of 15% w/w. The earthworms had a positive effect on the movement of LDPE microbeads
from the surface to the bottom of the sample, with preferential movement of smaller LDPE microbeads
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to the lowest depths. Interestingly, Rillig et al. [136] noticed that the transport of microplastics was not
only from ingestion and subsequent egestion, but also via adherence to the exterior of the earthworms.
The study of Maaß et al. [137], although conducted with collembolan species (Folsomia candida and
Proisotoma minuta), which are a type of micro-arthropod, also found that soil-dwelling organisms have
a significant impact on the movement of microplastics (<200 µm). The significance of these studies is
that they imply a more significant problem: contamination of soil and groundwater sources through
soil-dwelling organism transport. Critically these studies were only able to quantify the transport of
microplastics, which leaves many questions regarding the fate of nanoplastics in soils. It could be that
the preference for smaller particles would mean that nanoplastics will, if they are not already, pervade
the deepest depths of soils and enter groundwater sources.

Weather patterns and the influence of water on soils, as well as the physio-chemical properties
of soils, have also been investigated as a means of accelerated vertical movement of microplastics.
O’Connor et al. [138] studied the impact of wet-dry cycles on sediment contaminated with PE and
PP microbeads (21–535 µm) and discovered there was a direct correlation between the number of
wet-dry cycles and the depth of microplastics penetration—an increase in wet-dry cycles increased
the penetration depth. It was also noted that the smaller the microplastic particles the deeper the
penetration. These findings suggest that not only do sedimentary organisms accelerate the vertical
migration of microplastics, but so too does water infiltration. Rainfall events may be working in
tandem with sedimentary organisms to transport micro- and nanoplastics through the vadose zone to
groundwater sources. These results may also be extrapolated and applied to beach sediments, which are
continually exposed to wet-dry cycles due to their proximity to waterbodies and the subsequent change
of water levels and tides.

Wu et al. [139] investigated the movement of polystyrene nanoplastics (100 nm) in desert (pH 9.75;
iron (Fe) 2.69% and aluminum (Al) 12.6%), black (pH 6.57; Fe 4.04% and Al 15.9%) and red (pH 4.97;
Fe 6.57% and Al 26.9%) soils and determined that the soil mineral content (specifically relating to Fe/Al
oxides) and pH levels were critical to the movement of polystyrene nanoplastics. The higher the pH and
the lower the Fe/Al oxide content, the higher the movement of the nanoplastics in the soil. Although this
study focused explicitly on polystyrene nanoplastics, which are not representative of other polymeric
substances or particle sizes, it demonstrates the complexity of plastic retention and movement through
soil matrices. There are a multitude of factors that have the power to aid or impede the movement
of micro- and nanoplastics depending on the interactions of the soil and the plastic. Therefore, it is
imperative that the physio-chemical properties of soils are further analysed to understand how they
interact with micro- and nanoplastics of differing characteristics and compositions.

Another issue relating to the presence of micro- and nanoplastics in the environment is that
they can also alter the physio-chemical properties of sediments. Microplastics cause an increase in
sediment permeability as well as a decrease in maximal temperature. The heat absorbency of sediments
contaminated with microplastics decreases, which can have extreme effects on biota. Soil temperature
determines the sex of many animals’ eggs (i.e., turtles and alligators) and many sediment-dwelling
biota may dry out due to the excess permeability [59]. These types of changes can have drastic impacts
to food webs and cause significant legacy affects.

The fate and behaviour of micro- and nanoplastics in freshwater and terrestrial environments
need to be more fully explored, but the current literature indicates that there are complex ecological
interactions that govern the movement, accumulation and impacts of micro- and nanoplastics in
sediments and soils. Soil-dwelling organisms, water infiltration and soil physio-chemical characteristics
all play a critical part in the fate and behaviour of micro- and nanoplastics. However, further research
needs to be conducted on the differing polymeric compositions and types of micro- and nanoplastics in
these environments. Understanding how all types of plastic interact with the environment is critical to
understanding their fate and behaviours, as well as influencing how and when certain types of plastic
may be utilised in agricultural or other anthropogenic activities.
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13. Health Impacts

13.1. Microplastics

The majority of the microplastics found in organisms are fibres or fragments [95], resulting in
many environmental and health implications. Any biota that consumes microplastics can suffer from
gastrointestinal tract issues and obstruction, potentially leading to false satiety, starvation and death [3].
However, this only considers the physical implications of the microplastic and does not take into
account the chemical effects. Plasticides can easily migrate away from plastics and cause deleterious
consequences to biota. Many of the additives are lipophilic and can penetrate cell membranes and
interfere with biochemical reactions occurring in the cells, resulting in behavioural and reproductive
issues [37]. PVC, PS and PC have toxic monomers that can cause reproductive abnormalities and
potentially cancer [21,22]. Once the microplastic is in the gastrointestinal tract it can leach plastic
additives, as well as any toxin that it may have adsorbed when discharged to the environment
(i.e., persistent organic pollutants (POPs)). Many of these additives and POPs are toxic to biota and can
cause abnormalities [3], which in turn, could lead to potential death of the organism.

The majority of the studies conducted on microplastic health impacts have focused on marine
life; however, there have been some studies regarding the impacts on freshwater and terrestrial
life. Browne et al. [140] studied the impact on lugworms (Arenicola marina) exposed to sediment
contaminated with 5% w/w PVC particles (230 µm) pre-sorbed with pollutants (nonylphenol and
phenanthrene) and typical industrial additives triclosan (0–5%) and flame retardant polybrominated
diphenyl ether (PBDE)-47 (5–30%), and found that the pollutants and additives desorbed from the
PVC and entered the tissues of the lugworms. The exposure to these additives and pollutants resulted
in decreased functionality within sediments, higher susceptibility to pathogens, increased oxidative
stress and a 55% increase in mortality. In contrast, Rodriguez-Seijo et al. [141] studied the impacts of
LDPE pellets (250–1000 µm) on earthworms (Eisenia andrei) in sediment up to 0.1% w/w and found that
there were no adverse effects on reproduction, survival and growth; however, there was evidence of
epithelial damage and inflammation within the gastrointestinal tract, as well as a triggered immune
response. The difference in microplastic concentrations could be the reason why there was less of an
impact in the study conducted by Rodriguez-Seijo et al. [141], but the different type of plastic, lack
of chemical additives and pre-sorbed pollutants, and the differing lugworm species, could also play
a critical role. However, based on these two studies, we can see the adverse effects on lugworms
when exposed to microplastics and their additives. Additionally, in both of these studies, there
was no documented evidence of microplastic accumulation within the earthworms. The reason for
this may be due to the size of the microplastics tested. Larger microplastics when ingested could
effectively block, and accumulate within, the gastrointestinal tract of sedimentary organisms, but more
research is required in this area. Bioaccumulation effects due to microplastics entering food networks
(i.e., accumulating in bottom feeders such as sedimentary organisms), and building from one level to
the next is a possibility, but has also yet to be fully explored for freshwater and terrestrial life.

Multiple studies have been published that look at the ingestion of microplastics by birds in
the terrestrial environment [142–144]; however, none investigated the toxicity, stress, or response
of the birds to the microplastic ingestion. Conversely, mammals, such as mice [145], rats [146] and
dogs [147], were investigated for toxicity of small microplastics, and serious implications were found.
PS microbeads (5 µm and 20 µm) were mixed in the drinking water of 70 mice and were found to
accumulate in the liver, kidney and gut. The accumulations resulted in inflammation and damage to
the organs, which negatively impacted their functionality; however, it did not result in death within
the 4-week testing period. Similarly, latex particles (2 µm) in water were administered to rats revealing
significant intestinal uptake of the particles. Dogs that were administered microplastics (15–75 µm) also
showed evidence of particles being transported by the lymphatic system and the portal system of the
intestines. It is significant that the plastic particles were found in the hepatic portal vein because this
vein carries blood from the gastro-intestinal tract, gallbladder, pancreas and spleen directly to the liver.
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Once there is intestinal uptake of microplastics, the reality is that the particles can then be transported
throughout the body and accumulate in organs and tissues. Alarmingly, microplastics are not normally
discussed as being capable of penetrating the gastro-intestinal tract; however, these studies have found
that microplastics <75 µm are very capable of accumulating within the body. These early findings
suggest that there is a potential threat to human health, but more research needs to be conducted to
shrink the knowledge gap.

13.2. Nanoplastics

Nanoplastics pose a more significant threat to biota than microplastics due to their increasingly
small size. It is well known that plasticides are capable of penetrating cell membranes [37] and
nanoplastics are also capable of this. Both nanoplastics and plasticides have the potential to enter and
accumulate in every part of any organism. Recent studies have shown that small latex particles (<50 nm)
can accumulate in Japanese rice fish (testes, liver, blood and brain) [148], as well as cause decreased
survival rates to their embryos [149]. Most alarmingly, the blood-brain barrier was breached in Japanese
rice fish, and such a breaching poses extreme health risks to all animals and humans. Other studies
have found that nanoplastics can cause behavioural, physiological and metabolic shifts in fish such as
crucian carp (Carassius carassius) [150,151], severe developmental defects in sea urchin (Paracentrotus
lividus) embryos [152], growth inhibition in green algae (Chlorella sp. and Scenedesmus sp.) [153,154]
and decreased fertility and reproduction rates in crustaceans Daphnia magna [154] and Tigriopus
japonicus [155]. Although all of these studies have focused on marine biota, it is anticipated that
all terrestrial life forms living in or close to water sources will experience similar issues as marine
organisms when exposed to nanoplastics.

The health of any environment or ecosystem is highly dependent on the biota that lives within it,
so the health impacts associated with micro- and nanoplastics will cause ecosystems to suffer along with
organisms. The critical food chains and networks may suffer, and deterioration of the organisms will
induce the deterioration of the ecosystem. Furthermore, although microplastics cannot penetrate plant
cell walls and have minimal impacts on flora, nanoplastics have been shown to penetrate plant cell
walls [4]. The difference with flora as compared to fauna is that each plant’s uptake varies depending
on a multitude of factors: root volume, density and surface area, xylem volume, surface area and
sap pH, transpiration, growth rate, water and lipid fractions and sorption potential, plasmalemma
(bio-membrane) potential, tonoplast potential, pH of the cytoplasm and vacuoles [156]. The vast
differences between plants make it difficult to pinpoint the impacts that nanoplastics may cause;
however, some studies using engineered carbonaceous nanoparticles, similar in size, shape and surface
functional groups to microplastics, have been documented in whole plants (i.e., rice (Oryza sativa) [157],
maize (Zea mays), soybean (Glycine max) and thale cress (Arabidopsis thaliana) [158]) and thought to have
entered by one of the following pathways: endocytosis through the plasmodesmata, ion transport
channels, carrier proteins or aquaporins, and soil carbon or root exudate mediation [4]. However, very
few studies have been conducted on the toxicity, stress and response of plants to nanoplastics.

14. Regulations

The European Union (EU) has long been at the forefront of environmental sustainability and
reducing plastic pollution. A circular economy model was implemented in the EU in 2018 which
stipulates that all plastic products will be designed for longer durability, reuse and effective recycling and
that all packaging materials within the EU market will be reusable and/or recyclable by 2030 [159,160].
The European Commission has required that industries involved in plastic production or recycling
must come forward with an “ambitious and concrete set of voluntary commitments to back the strategy
and its vision for 2030” [160]. In other words, the onus is on the designers and manufacturers to
produce reusable and recyclable plastic products for consumers and to eliminate their current business
model of single-use plastics.
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European countries, such as Belgium, France, Ireland, Italy, Sweden and the United Kingdom
(UK), as well as Canada, New Zealand, South Korea and the United States of American (USA) are
among the countries to implement restrictions on the intentional use of microplastics in cosmetics and
personal hygiene products in the last five years [161]. As of 22 August 2019, the European Chemicals
Agency (ECHA) has proposed an extensive restriction and ban on the intentional use of microplastics
in the EU. The proposal targets products that are made of or mixed with microplastics, including, but
not limited to, fertilizers and their additives, plant protection products and coated seeds, cosmetic
products, detergents and cleaning supplies, waxes and polishes, paints and coatings, construction
products, medical devices, medicinal products and food supplements [161].

In addition, several international organizations such as G7, G20, the United Nations, and the Arctic
Council are taking steps to advance policy to reduce or prevent plastic pollution in the environment.
Some of these initiatives include the G7 Ocean Plastics Charter, the Arctic Council Desktop Study on
Marine Litter including Microplastics in the Arctic, the G20 Implementation Framework for Actions on
Marine Plastic Litter, the United Nations Global Partnership on Marine Litter, and the United Nations
Sustainable Development Goals.

15. Solutions to Plastic Waste

Based on the findings of the extensive literature review presented above, it is clear that plastic
waste has a wide range of adverse impacts on freshwater and terrestrial ecosystems as well as on
humans, and we cannot continue current practices of plastics production, use and disposal in a
throw-away culture. International organizations, governments, businesses and civil society need to
come together to agree on and implement a long-term and sustainable plastic waste management
strategy. It will be necessary to adopt a life cycle approach that includes recovery, reuse, recycling
and end-of-life disposal and management options. Collection and recovery of used plastics from
waste streams and the environment, and their reprocessing for new uses, will help to decrease
greenhouse gases and save energy and resources. Research and innovation will play a critical role in
prevention of plastic waste (i.e., increasing durability, developing biodegradable plastics), monitoring
(i.e., sensors and instruments), and reprocessing and repurposing (i.e., new technologies, energy
recovery) of plastic waste. Finally, education of the public and increasing awareness will help to
minimize the use of single-use and disposable plastic products, replacing them with reusable, recyclable,
and compostable products.

16. Conclusions

Plastic has become one of the most prevalent and deleterious environmental contaminants,
pervading all aquatic and terrestrial environments. Its many forms and additives, as well as its varying
sources, pathways and sinks, have made it difficult to evaluate and quantify. Among the limited
research studies available on plastic pollution, the marine environment has been the primary focus to
date and there is a need to fill the knowledge gap regarding the quantities, fate, transport and impact
of micro-and nanoplastics in freshwater and terrestrial ecosystems.

The increasingly smaller size of plastics in the natural environment pose many issues for accurate
sampling and analysis, which limits the ability to mitigate harmful impacts associated with their
presence. An emphasis on small micro- and nanoplastics in future research is imperative to be able to
develop precise sampling and quantification techniques. The standardization of micro- and nanoplastic
sampling and analysis, including units of measurement, is critical for building an accurate database of
information and understanding the health implications for both ecosystems and humans.
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