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Abstract: Soil aquifer treatment (SAT) is an established and sustainable wastewater treatment
approach for water reuse that has been gaining increased attention in various countries around the
world. Increasing volumes of domestic wastewater and escalating real estate prices around urban
areas emphasize the urgent need to maximize the treatment efficiency by revisiting the SAT setup.
In this study, a novel approach was examined to increase biodegradation rates and improve the quality
of SAT topsoil effluent. Experiments with midscale, custom-made columns were carried out with sand
collected from an operational SAT and a highly permeable natural material with high internal porosity,
tuff, which was maturated (i.e., buried in the SAT infiltration basin) for 3 months. The filtration
efficiency, biodegradation rates of organic material, microbial diversity, and outflow quality were
compared between the operational SAT sand and the tuff using state-of-the-art approaches. The results
of this study indicate that biodegradation rates (9.2 µg C g−1d−1) and filtration efficiency were up to
2.5-fold higher within the tuff than the SAT sand. Furthermore, the biofilm community was markedly
different between the two media, giving additional insights into the bacterial phyla responsible for
biodegradation. The results highlight the advantage of using highly porous material to enhance the
SAT filtration efficiency without extending the topsoil volume. Hence, infusing a permeable medium,
comprising highly porous material, into the SAT topsoil could offer a simple approach to upgrade an
already advantageous SAT in both developed and developing countries.
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1. Introduction

The increasing demand for freshwater and over-withdrawal of groundwater to accommodate
the growing population, as well as modern consumption patterns, demonstrate the urgent need
for significant water reuse [1,2]. Wastewater (WW) recycling for agricultural irrigation is applied
worldwide as a sustainable freshwater alternative, since it reduces the pressure on potable water
sources [3]. Soil aquifer treatment (SAT) is a type of managed aquifer recharge approach that has been
gaining increased attention as a sustainable technology for WW reuse in various countries around the
world [4,5]. SAT is typically designed to remove residual contaminants from treated WW, producing
the high quality effluent [6]. Ultimately, the reclaimed water is used for a variety of applications,
including groundwater recharge, agricultural and landscape irrigation, and recreation (e.g., rivers and
lakes), as well as for aquacultural and industrial purposes [7]. Compared to other WW purification
technologies, SAT has several significant advantages, including: (1) A robust filter for most municipal
contaminants; (2) a low-tech approach; (3) minimal energy requirements; and (4) a sustainable reservoir
of freshwater with minimal evaporation losses [4].
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In a conventional SAT setup, the effluent from the WW treatment plant is intermittently discharged
for additional filtration through designated infiltration basins [8]. Flooding and drying cycles are
crucial to the SAT operation as they enable the top soil aeration, thus maintaining steady infiltration
rates. During this treatment process, the effluent percolates through the vadose zone while organic
and inorganic contaminants are removed, mainly via filtration, biodegradation, and adsorption [9,10].
These processes are most effective in the upper layer of the vadose zone, which contains higher
concentrations of the oxygen used for bacterial metabolism [11]. Biodegradation occurs mainly within
the top meter of the SAT system, by bacterial biofilms attached to the media [12,13], as well as through
bacterivores and grazers that can be found in the pore water [14,15]. Processes and parameters
that govern biodegradation efficiency include residence time, hydraulic loading rate, and microbial
activity, which is linked to the soil redox potential [4,16]. The SAT effluent is then drawn, via recovery
wells, after a residence time that ranges from a few months to a year in the unsaturated zone and
the aquifer [5,17].

Over the past 30 years, Israel has been using SAT technology as a tertiary WW treatment.
The Shafdan WW treatment plant (https://www.igudan.org.il/home-en/about-us/) reclaims about
140 million m3 of municipal WW per year for unrestricted agricultural irrigation [18–20]. In the Shafdan
SAT, the secondary WW effluent infiltrates into the coastal aquifer through a 25–35-m sandy unsaturated
system [21]. However, increasing WW volumes and escalating real estate prices around urban areas
highlight the need to re-engineer the SAT process and maximize the recharge capacity without
sacrificing the effluent quality [22]. Therefore, efforts are being made to maximize the percolation flux
by: (1) Studying the spatiotemporal infiltration dynamics across the ponds using hydro-geophysical
tools [23]; (2) releasing air which is entrapped below the wetting front [24]; (3) improving tillage
technologies to effectively break the biocrust and maintain high infiltration rates in the ponds [25];
and (4) improving the SAT management by optimizing the length of the wetting and drying cycles.

However, one of the greatest challenges is to retain or even improve water quality,
while increasing the percolation flux (thus, attaining a shorter residence time for microbial activity).
Enhancing biodegradation rates was previously achieved using various porous materials for different
applications, such as biofilters and bio-reactors [26], as well as storm water infiltration systems [27]
and small constructed wetlands [28]. Yet, there is currently no information on the applications and
implications of using highly porous material to enhance the SAT biodegradation efficiency, which has
distinct operating conditions and inflow chemistry.

Experiments were carried out here to test the implications of replacing the SAT sandy topsoil
with a highly porous natural material to substantially enhance the biodegradation rates and removal
efficiency of an operational SAT. The research was done in intermediate scale columns by comparing
the tuff, a porous medium produced naturally during volcanic eruptions, to sandy soil often found in
SAT infiltration basins. The results and insights of this research point to the potential benefit of using
porous tuff to substantially increase SAT biodegradation rates and filtration efficiency.

2. Materials and Methods

2.1. Experimental Design and Sediment Collection

Medium to coarse (3–5 mm) volcanic tuff (TuffMerom Golan Co.) was placed in mesh bags and
buried in the SAT infiltration pond (Shafdan, Israel) for 3 months to mature, namely to establish a
natural microbial community on the media prior to the initiation of each experiment (Figure 1A).
During the maturation period, the infiltration pond was routinely operated, namely undergoing
12–24-h cycles of flooding to a water level of 35–60 cm with an average infiltration flux of 1 m3 m−2

d−1. The wetting cycles were followed by 24–72-h drying periods before the next wetting cycle.
The buried bags containing tuff and SAT-sand (silica) were collected from the same area and depth in
the infiltration pond 24 h before the commencement of each column experiment.

https://www.igudan.org.il/home-en/about-us/
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Figure 1. Experimental microcosm schematics. Maturated media samples (tuff or sand) were excavated
(30 cm deep) from an infiltration pond (A) and placed in transparent Perspex® columns. Concurrently,
the secondary effluent was collected from an adjacent infiltration pond (B) and added to the columns.
The content overview and respective amounts of the media placed in each column are depicted in the
enlarged column (C). Quadruplicates of maturated tuff (D) and sand (E) were tested after 48 h (Table 1)
of sterile secondary WW inflow at a flux similar to that measured in the Shafdan Soil aquifer treatment
(SAT) (1 m3 m−2 d−1). The outflow following media filtration (50 mL) was collected and analyzed to
determine the overall water quality (F). A summary of the experimental design that highlights the
different analyses performed at each stage is provided in (G). The various analytical methods and
where the samples were taken from are also depicted.

Table 1. Microbial and organic analysis of sand and tuff media. Numbers are shown as averages
(with corresponding standard deviations, STDV) of each quadruplicate set.

Method and Medium Units May August November

BP sand µg C g−1 d−1 0.4 ± 0.2 0.01 ± <0.001 0.01 ± <0.001
BP tuff µg C g−1 d−1 2.1 ± 0.4 0.6 ± 0.1 0.1 ± 0.04
BR sand µg C g−1 d−1 2.93 ± 0.2 3.67 ± 0.2 3.45 ± 0.6
BR tuff µg C g−1 d−1 5.30 ± 1.7 8.17 ± 0.5 9.51 ± 0.5
BCD sand µg C g−1 d−1 3.30 ± 0.1 3.67 ± 0.2 3.46 ± 0.6
BCD tuff µg C g−1 d−1 7.41 ± 0.8 8.73 ± 0.5 9.61 ± 0.5
BA attached to sand Het. × 108 Bac g−1 36 ± 5.5 2.0 1.9 ± 0.5
BA attached to tuff Het. × 108 Bac g−1 35 ±3.1 3.7 ± 0.3 0.5 ± 0.2
TOC sand µg C g−1 33.8 ± 16.3 31.6 ± 17.1 22.8 ± 10.7
TOC tuff µg C g−1 16.8 ± 7.8 11.6 ± 0.1 45.5 ± 18.3
TN sand µg N g−1 19.2 ± 13.7 3.2 ± 1.1 18.6 ± 16.4
TN tuff µg N g−1 10.4 ± 8.9 3.5 ± 0.2 10.3 ± 1.9

All the experiments were performed with ~300 L of secondary effluent WW taken from the same
pond where the media (tuff and sand) were collected from. Prior to each experiment, the effluent
was sterilized (autoclaved at 121 ◦C for 30 min) and used as inflow for all the columns (Table 2).
Bacterial abundance (BA) was measured from the sterilized effluent by flow cytometry before the
addition to the columns to ensure that no microbes were added with the inflow, thus ensuring that only
the biodegradation efficiency of the bacteria attached to the sand was tested. Four column replicates
(for each medium) were performed in May, August, and November 2018. The secondary effluent
temperatures during May, August, and November were 25, 30.2, and 23.4 ◦C, respectively, while pH
ranged from 7.2–7.6 for all sampling times. Details on the biochemical characteristics of the media
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and WW secondary effluent, which was used as inflow for the experiments, are provided in Tables 1
and 2, respectively.

Table 2. Water quality results of the secondary effluent wastewater (WW) inflow and the outflow after
48 h of percolation through the columns of media. Numbers are shown as averages (with STDV) of
each quadruplicate set.

Organic Material Units May November

TOC in the inflow mg L−1 14.6 ± 0 14.0 ± 0
TOC in sand effluent mg L−1 12.2 ± 0.2 11.6 ± 0.91
TOC in tuff effluent mg L−1 8.68 ± 1.5 9.86 ± 0.13
TN in the inflow mg L−1 7.50 ± 0 6.80 ± 0
TN in sand effluent mg L−1 6.47 ± 0.31 6.10 ± 0.33
TN in tuff effluent mg L−1 2.87 ± 0.98 5.92 ± 0.16
BA in the inflow Het. Bac × 109 L−1 3.2 ± 0.13 2.1 ± 0
BA in sand effluent Het. Bac × 109 L−1 3.6 ± 0.23 1.8 ± 0.68
BA in tuff effluent Het. Bac × 109 L−1 1.9 ± 0.65 1.3 ± 0.24

Tuff and SAT-sand (1600 cm3) were packed in Perspex® columns (40 cm in length and 10 cm in
diameter) over 2 cm of sterile silica-sand to minimize clogging of the effluent port. The perimeter of
every column was covered with aluminum foil to minimize the photosynthetic activity (Figure S1).
The secondary effluent WW flux through the columns was set to 1 m3 m−2 d−1 for 48 h, according to the
operation of the Shafdan SAT, using a set of peristaltic pumps (Masterflex, Call-Parmer). The outflow
sub-samples (100 mL) from each column replicate were collected at the end of each experiment for BA,
total organic carbon (TOC), and total nitrogen (TN). Media samples were collected concomitantly from
the center of each column (~10 cm deep) for bacterial production (BP), bacterial respiration (BR), BA,
TOC/TN, scanning electron microscopy (SEM), and bacterial diversity. The same analyses, as described
above for the outflow, were also performed on the TWW taken from the SAT basin (inflow solution).
The above analyses were done at the commencement of each experiment (T0) and after 48 h (Tfinal).
Details on each analytical method are provided below.

2.2. Analytical Methods

2.2.1. Bacterial Production Rates (BP)

These production rates (i.e., carbon assimilation rates) were measured using the [4,5-3H]-leucine
(Perkin Elmer USA, specific activity 123.8 Ci mmol−1) incorporation method as previously described
by [29], followed by centrifugation. Further details are provided in the Supporting Information.

2.2.2. Bacterial Respiration Rates (BR)

Media were collected (~24 g) and overflowed with sterile secondary effluent in 50-mL falcon tubes.
Dissolved oxygen (DO) concentrations were measured immediately (T0) (YSI ProODO, OH, USA).
At the end of the incubation (T12h), DO was measured for T12. Finally, the samples were dried in an
oven (105 ◦C) for 24 h and weighed to normalize the resulting values to a gram of the medium. BR in
the outflow was measured in a similar way to the above without the addition of media or secondary
effluent. The BR rate was calculated according to the following Equation (1):

BR =
DO (T0) −DO (T12)

∆T
(1)

Oxygen respiration levels were converted into carbon consumption, assuming a respiratory
quotient (RQ) of 1 [30] and further expressed as µg C g−1d−1.



Water 2020, 12, 3593 5 of 15

2.2.3. Bacterial Carbon Demand (BCD)

BCD represents the overall carbon utilization taking place within the respective effluent and
medium [31]. BCD was calculated as the sum of BP and BR according to [32].

2.2.4. Bacterial Abundance (BA)

Microbes associated with the media were suspended in sterile secondary effluent and removed via
probe-sonication (Q Sonica Sonicator). The removed supernatant was then fixed with glutaraldehyde
(50% in H2O, specially purified, Si Aldrich), incubated at room temperature for 10 min, and stored at
−80 ◦C. Prior to the analysis with an Attune NxT acoustic focusing flow cytometer (Life technologies),
samples were thawed in a 37 ◦C water bath and diluted with phosphate buffered saline (PBS).
Further details on the staining technique and flow cytometry method are provided in the Supporting
Information (Figure S2).

2.2.5. Scanning Electron Microscopy (SEM) Imaging

A few grains of each medium (~1 g) were collected from the center of the column, placed in sterile
Eppendorf tubes, immediately covered with 2.5% glutaraldehyde in a wash buffer (0.1 M Cacodylate,
0.1% CaCl2, pH 7.2), and stored at 4 ◦C overnight until SEM preparation. Samples were stained
and dehydrated for SEM according to [33]. Briefly, fixed samples were washed three times with a
wash buffer, and then, bacterial cells were stained with osmium tetroxide (1% OsO4, 1.5% KFeCN in
double distilled water (DDW)) for 4 h. After three rinses with DDW, the samples were dehydrated
with sequential 10-min immersions in increasing concentrations of acetone (50 to 100%). When dry,
the samples were coated with 20 nm of gold. Sand and tuff grains were examined with a FEI Verios
400 L high resolution SEM.

2.2.6. Total Organic Carbon (TOC) and Total Nitrogen (TN) Concentrations

Media were first collected (~3 g), supplemented with 10 mL of sterile secondary effluent in a
sterile 15-mL falcon tube, and probe-sonicated for 60 s (CL-188 QSonica). The supernatant (5 mL)
was transferred to another sterile 15-mL falcon tube, spiked with HCl (20 µL), and stored at 4 ◦C.
The media were dried in an oven (105 ◦C) and weighed to allow normalization to the gram. Prior to
the analysis, the supernatant (1 mL) was diluted with sterile water (9 mL). Five mL were placed
in a glass vial and analyzed with a Certipur TOC standard solution (Analytikjena multi N/C 2100S
analyzer). The standard curve profiles are provided in the Supporting Information. A similar analysis
was performed on the TWW inflow.

2.2.7. Surface Area Analysis

Media samples (~0.1 g) were collected and dried at 121 ◦C to remove any contaminants from the
grain pores. The dried samples were then analyzed using a NOVAtouch LX gas sorption analyzer
(Quantachrome Instruments) for the BET surface area and pore size analysis of both the silica sand
and tuff.

2.2.8. DNA Extraction and Community Analysis

Media samples (~1 g) were probe-sonicated (CL-188, QSONICA) for 1 min within a 1-mL lysis
buffer (EDTA 0.5 M pH 8, sucrose, and Tris-HCl pH 8) and incubated with lysozyme (4.8 mg mL−1)
for 30 min at 37 ◦C. Next, the samples were incubated for 1 h at 55 ◦C with sodium dodecyl sulfate
(SDS, 1%) and proteinase K (2 mg mL−1). The samples were then purified with phenol pH 8 and then
with phenol: Chloroform: IAA according to [34]. The DNA was kept at −80 ◦C for further analysis in
RNAase DNAase free water.

DNA samples were sequenced by the Illumina MiSeq platform (Hy Laboratories Ltd., Israel).
Briefly, sequence libraries were generated by amplifying the V4 region of the 16S rRNA gene by 515F
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and 806R (Earth Microbiome Project), followed by Fluidigm Access Array Primers for Illumina index
sequences. PCR products were cleaned by AMPure beads. The new libraries were quantified by
Qubit, while the size was determined by the Tapestation analysis. Libraries were then sequenced on
an Illumina Miseq with the V2 kit for 500 cycles (250 × 2, paired end reads). The data analysis was
performed using the CLC Bio Genomics Workbench and Microbial Module.

2.3. Statistical Analysis

All measurements from each experiment and between the experiments were compared using an
analysis of variance (ANOVA) followed by Tukey and Fisher LSD post hoc tests (p < 0.05). Prior to
analyses, the normality of distribution and homogeneity of variance were tested with the Shapiro Wilk
test. All analyses were performed using the Microsoft XLSTAT software.

3. Results and Discussion

3.1. Improving SAT Biodegradation Efficiency Using Tuff as a Natural Bacterial Carrier

The topsoil profile of the Shafdan infiltration ponds mainly includes quartz-rich silica sand
grains (diameter of ~1 mm), which have a limited surface area (~0.5 m2 g−1) for biofilm development
(Figure 2A). In contrast, the tuff used here is highly porous with a surface area of ~8 m2 g−1 and cavity
diameters ranging from 20 to 300 µm (Figure 2B). In addition, following a three-month maturation
period in the infiltration pond, the buried tuff was found to be heavily colonized by diverse microbial
phyla (details are provided below). Compared to the SAT-sand, the tuff from the same depth within
that infiltration pond was found to be extensively covered (on and within the pores) by microbial
biofilms (Figure 2B).

Figure 2. Scanning electron microscope images showing the biofilm presence on a sand grain surface
(A) and within the canals of a tuff grain (B). All images were taken prior to any sonication.

The large surface area and material porosity (internal porosity relative to the volume of ~30%)
enabled the tuff to harbor a greater microbial biomass (compared to SAT-sand), while the large grain
size (3–5 mm) may have provided a higher water permeability. Additionally, previous studies have
suggested that the iron-rich tuff (due to its volcanic origin) enhances the adhesion of negatively charged
organic material (including bacteria) due to a net positive charge [35]. The tuff’s high internal porosity
may also increase the nutrient adsorption compared to the sand [36,37], thus supporting bacterial
growth. It was previously reported that bacteria colonized the tuff almost immediately after natural
water passed through the media [35]. However, it should be stressed that it may take several months to
establish a mature and diverse microbial community on the tuff grains. Therefore, a maturation period
in an operational infiltration pond is critical to allow the development of a native biofilm community,
before testing the biodegradation efficiency of any new medium, including the tuff.
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3.2. Biodegradation Related to the Tuff or Sand: From Bacterial Activity to Cell Abundance

The biodegradation and adsorption that occur in the SAT topsoil are mostly related (directly and
indirectly) to bacterial abundance and microbial activity of cells, which are often in a biofilm state [38].
Compared to the SAT sand, carbon assimilation rates (measured as BP) were significantly higher
(7.5-fold) for bacteria associated with the maturated tuff (Figure 3A) during all of the experimental
campaigns (Table 1). Although a higher BP was detected from the tuff media compared to the SAT sand,
rates were seasonally varied (Table 1). In this study, BP was measured to estimate the biodegradation
rates of organic matter by bacterial biofilms associated with the sand and tuff [39–41]. Differently than
the redox potential [42,43], BP focuses specifically on the breakdown and anabolic assimilation of
organic carbon into cell structures. The average assimilation rates measured from the bacteria associated
with the tuff, compared to the sand, were most likely due to the enhanced buildup of bacterial biomass
on and within the porous structure of the tuff, as previously shown for other biofilters [35,44,45].
The highest BP rates were measured from the bacteria associated with both the tuff and sand during
May (2.11 and 0.37 µg C g−1d−1, respectively). However, the greatest difference in BP rates between
the two media was found to be in August (Table 1). Previous reports indicated that soil and water
temperatures impact the microbial activity, as well as the redox conditions in the SAT topsoil [46,47].
Higher temperatures, as well as longer daylight hours, were shown to increase the redox potential
within the microbial consortia in the infiltration basin topsoil [19]. Here, it was demonstrated that the
highest microbial activity (measured as BP rates) of the biofilms associated with the tuff and sand was
during the spring (May), when the water temperature was mild (~25◦ C). Differently than November,
the high bacterial numbers attached to the media and the mild temperatures in the spring likely led
to the high bacterial activity, since the chemical characteristics of the inflow were not significantly
different (Table 1).

Figure 3. Average values of (A) bacterial production (BP), (B) bacterial respiration (BR), (C) bacterial
carbon demand (BCD), and (D) the mass of total bacteria, which were measured from three independent
column experiments conducted in May, August, and November 2018. Asterisks indicate a statistically
significant difference between measurements from the sand and the maturated tuff (p < 0.01, n = 12). It is
surmised that the large standard deviations were due to the large differences in values per experiment
due to seasonal changes.
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BR was also found to be significantly higher (2-fold) for bacteria associated with the tuff than with
the sand (Figure 3B). BR represents the catabolic process in which molecules are broken down into their
subunits, oxidized (under aerobic conditions), and released in the form of energy-rich compounds [30].
BR rates, similarly, to BP, varied between the experiments conducted in May, August, and November
(Table 1). The highest BR rates were measured in tuff-associated bacteria in November (9.5 µg C g−1d−1)
and sand-associated bacteria in August (3.7 µg C g−1d−1). Nonetheless, in those growing on the
secondary effluent that infiltrated through the media, the overall BR trend was relatively consistent
between the sand and tuff in May (2-fold), August (2-fold), and November (3-fold).

Combining both anabolic (BP) and catabolic (BR) reactions provides insights into the total organic
carbon that was utilized by the bacterial community, which is often expressed as bacterial carbon
demand (BCD) [29]. The bacterial consortium associated with the tuff had a significantly higher BCD
(2.5-fold) than that associated with the sand (Figure 3C, Table 1). These results indicate that the organic
consumption by the biofilm that colonized the tuff was substantially higher than that in the sand.
Therefore, it can be assumed that less media volume (i.e., smaller areal footprint for the SAT infiltration
basin) will be needed to biodegrade the organic material found in the secondary WW effluent inflow.

In contrast to the results for BP, those for BA indicated that the heterotrophic biomass values in
the sand and maturated tuff were similar (Figure 3D). Therefore, it is surmised that the similarities
in BA between the tuff and the sand were due to differences in the cell extraction process from the
two media. Bacterial removal from the tuff and sand was performed via physicochemical processes
(i.e., Ca+2 chelator and a short probe-sonication) to breakdown the extracellular matrix of the biofilm,
and agitate and remove the attached cells from the grain surfaces [29,48]. Nonetheless, SEM imaging
indicated that after 20 s of probe-sonication, the sand grains appeared almost bare, namely that all of
the bacteria were removed from the surface (Figure S3A,B). In contrast, the deep pores and crevices of
the tuff grains were extensively covered with bacterial biomass, after only 60 s of probe-sonication
(Figure S3C,D). Removing and counting bacteria from solid surfaces using different physicochemical
methods is challenging since the cells must be removed without damaging their structural integrity [49].
Hence, long durations of sonication or any other aggressive extraction methods cannot be used. Yet,
according to the SEM images, it is clear that far more bacteria, as well as organic material, were attached
to the tuff surface than to the sand (Figure S3).

The TOC concentration that was extracted from the maturated tuff was lower (up to 60%) than
that from the sand in May and August, yet it was 50% higher in November (Table 1). The extracted
TOC from the sand was highest in May (33.8 µg C g−1), while the highest TOC extracted from the tuff

was detected in November (45.5 µg C g−1). Similarly, TN extracted from the tuff was lower (up to 47%)
than that from the sand in May and August. However, for both media, the lowest TN concentrations
were measured in mid-summer (August, ~3 µg N g−1). Although higher biodegradation rates are
expected for the tuff-associated biofilm (according to the BCD), it can be surmised that the lower TOC
and TN values from the tuff were the result of extraction efficiency from the porous media (Figure S3).
These results indicate the strong attachment of cells (as part of the TOC) within the tuff pore structure
and the difficulties in biomass removal, compared to the sand.

3.3. Bacterial Diversity Associated with the Sand and Maturated Tuff

The phyla that were most abundant (1% of the total operational taxonomic units, OTU) in each
sample are presented to highlight the main differences in the community composition attached to the
different samples (Figure 4). The results of this study demonstrate the different bacterial communities
associated with the same medium during the three sampling periods (Figure 4A–C and Figure 4D–F).
Similarly to other reports [50–52], the microbial diversity associated with the SAT media changed
throughout the year due to different abiotic variables (e.g., temperature, salinity, pH). Interestingly,
the bacterial community associated with the silica sand was markedly different than that attached to
the tuff media, regardless of the abiotic conditions in the immediate environment (Figure 4A–C vs.
Figure 4D–F).
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Figure 4. Community structures of the six most abundant phyla that constituted the biofilms associated
with the sand and the tuff grains, during the three sampling periods. Analysis in community structure
during the different sampling months collected from the sand (A–C) and tuff (D–F). All the numbers
represent the percent operational taxonomic units (OTU) out of the total abundance.

Proteobacteria was found to prevail on the tuff in all of the experiments (Figure 4).
These four Proteobacterial classes (Alpha, Beta, Delta, and Gamma) were included in this phylum.
Alphaproteobacteria constituted an average of 44% of the Proteobacterial population throughout all
of these samples. Some of the species were related to phototrophic bacteria, which are known to
survive in anoxic environments while also being able to undergo nitrification, an important step in the
WW treatment. In contrast, heterotrophic Gamma- and Betaproteobacteria obtain their energy via the
oxidization of various chemical bonds of organic compounds [53] and are known to act as primary
ammonia-oxidizing bacteria under aerobic conditions [54]. Gamma- and Betaproteobacteria made
up an additional ~25% of the Proteobacterial population since the SAT infiltration ponds were often
saturated with organic matter in the uppermost meter of the soil profile. Although highly abundant,
it is unlikely that Proteobacteria were responsible for the differences in biodegradation rates between
the tuff and sand, as the OTU percentage of this phylum was similar in both media.

Apart from Proteobacteria, studies have reported that the most abundant phyla often found in
the soil of wetlands that treat wastewater are Firmicutes, Actinobacteria, Bacteroidetes, Chloroflexi,
and Cyanobacteria [15,55–58]. This bacterial diversity is highly similar to the biofilm communities
found in the SAT sand and tuff (Figure 4A–C). However, one variation between the sand and tuff

was that Actinobacteria, Chloroflexi, and Acidobacteria were either minimally present or completely
absent in the tuff throughout the three experiments. In contrast, Bacteroidetes were solely found
within the tuff throughout the different experiments. Bacteroidetes contain microbes that inhabit a
variety of ecosystems, ranging from strictly aerobic to anaerobic, and are generally not one of the
most abundant bacterial phyla found in soils [59]. Flavobacteriaceae, a prominent aerobic class of
Bacteroidetes, was abundant in the tuff. Their maximum growth rate occurs at temperatures between
20 and 30 ◦C, and they specialize in degrading organic matter [60]. It is likely that the conditions found
in the uppermost meter of the infiltration pond and the high organic matter content that was present
within the tuff pores support maximal growth rates for Bacteroidetes.

Cyanobacteria, in addition to Proteobacteria, were found to be highly abundant (9–19% of OTU)
on the tuff samples compared to the sand (not found on the sand except for November, 17%). The most
identified species of Cyanobacteria was related to Rivularia sp., accounting for 13% of the entire phylum.
Former studies have indicated that Cyanobacteria can be used as a bio-indicator for water quality [61].
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According to Mateo et al., the identification of Rivularia sp. indicated low phosphorous concentrations
and better water quality [62]. Similarly, it is suggested that the WW effluent percolating through
the tuff possibly contained lower phosphorous concentrations and had better water quality than the
SAT sand.

Based on the above-mentioned data, we stress that despite being exposed to similar operational
conditions (i.e., similar hydraulic loading rate/municipal secondary effluent) and taken from similar
depths of the same infiltration pond, the community structures of the tuff and the sand were clearly
different. These differences are attributed to the properties of the porous material, which caused
distinct bacterial community structures to grow, likely due to the different water quality levels after
percolation through the respective medium. Although site-specific, these results suggest that the tuff

bolsters the growth of distinct bacterial communities with potentially better biodegradation rates than
the SAT sand.

3.4. Water Quality of Sand and Tuff Filtrate

BA, TOC, and TN concentrations were measured from the column outflow as a proxy for water
quality. The average bacterial concentrations following tuff filtration were ~25% lower than in the sand
outflow. Similarly, the average TOC and TN concentrations were 20 and 24% lower, respectively, in the
tuff outflow than in the sand outflow (see Table 2). In addition, the filtration efficiency of BA, TOC,
and TN was calculated according to the following equation:

Filtration efficiency (%) =
X(T0) −X(TF)

X(T0)
× 100 (2)

where X(T0) refers to the BA, TOC, and TN concentrations in the secondary effluent WW sampled from
the SAT pond, which served as the feed solution (inflow) to the overall experiment. Concurrently,
X(TF) refers to the BA, TOC, and TN concentrations of the collected outflow after percolation at an
inflow flux of 1 m3 m−2 d−1 (values are shown in Table 2). The removal of total bacteria (∆BA) from
the WW feedwater was 2.5-fold greater after percolation through the tuff than the sand (Figure 5A).
Moreover, it has been found that bacterial numbers were often higher in the sand effluent than the
feedwater, leading to a negative ∆BA. These data indicate that the tuff not only settled more bacteria,
but also had less bacterial detachment, leading to lower BA values in the outflow. This is in accordance
with previous studies showing that biofilms in infiltration systems enhance the biomass removal
by providing additional adsorption sites for both pathogens and other organic matter [12,35,63,64].
Differently, the higher BA measured in the sand outflow was likely due to the greater bacterial
detachment rates from the sand than from the tuff (Figure 2). In contrast to the rough, the furrowed
surface of the tuff (Figure 2), the shear forces of percolating feedwater lead to a higher detachment of
cells from biofilms that grow on the SAT sand.

Figure 5. Overall average removal of (A) bacterial abundance (BA), (B) total organic carbon (TOC),
and (C) total nitrogen (TN) found within the secondary effluent inflow and after undergoing percolation
(∆) through ~30 cm of SAT sand and maturated tuff, respectively. Data are shown as the difference of
T0–T48 (h) and exclude the August experiment. Asterisks indicate a statistically significant difference
between measurements from the sand and the maturated tuff (p < 0.01, n = 12).
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The TOC filtration efficiency (∆TOC) was found to be significantly greater (1.5-fold) following
percolation through the tuff than the sand (Figure 5B). Similarly, the TN removal (∆TN) was 44%
greater following percolation through the tuff than the sand yet did not statistically differ between
the two media (Figure 5C). Previous studies have shown that the SAT TOC removal efficiency may
reach up to 90%, with an average retention time of a few months to a year while percolating through
25–40 m of sand dunes and further horizontal flow within the aquifer [17,19,20,65]. It was found that
the TOC removal through a 20-cm sand column with a retention time of ~70 min was about 16.5%.
It should be stressed that under similar hydraulic conditions, the tuff columns removed an average of
35%. Since the main mechanism of TOC removal in the SAT topsoil is biodegradation [8,12], the TOC
removal efficiency in the tuff was linked to the high measured bacterial activity (i.e., BP and BR rates)
(shown in Table 1).

The results of this study also indicate that the SAT sand removed between 10 and 13% of TN,
while the tuff removed 13% in November and 61% in May (no data was available for the August
experiment). Regardless of the different nitrogen species (no information is available), the residual
nitrogen in the outflow provides an additional indication of water quality. It is suggested that the
lower TN concentrations in the outflow were directly related to the greater activity of bacterial biofilms
associated with the tuff than with the sand. More research is needed to quantitatively compare the
tuff and SAT sand with regard to the residual concentrations and related removal efficiencies of the
different nitrogen species.

4. Conclusions

Increasing volumes of domestic WW, high demand for land, and escalating real estate prices in
urban areas highlight the need to maximize the recharge capacity of SAT systems, without extending
their physical footprint or harming the water quality. The tuff medium that was matured in the SAT
infiltration basin harbored more bacterial biomass, which was subsequently more active (BCD of
2.5-fold), than the silica sand currently used in the SAT infiltration basins. The enhanced activity in the
tuff leads to a higher (1.5-fold) filtration efficiency without sacrificing the outflow quality compared
to the natural SAT sand. The results of this study suggest that replacing and/or amending the SAT
topsoil with a highly permeable medium comprising a super-porous material, such as tuff, significantly
improves the biodegradation efficiency of organic material found in the secondary effluent WW that
infiltrates through SAT. Nonetheless, future research should address alternative approaches to enhance
the percolation fluxes and utilize the higher biodegradation rates using tuff media.

Considering all of the above, this research indicates that using tuff can significantly improve the
treatment of municipal WW with high organic matter concentrations. The trends reported here indicate
that using tuff as SAT topsoil could provide an eminent upgrade to the already advantageous SAT
system or other managed aquifer recharge (MAR) approaches for developed and developing countries.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4441/12/12/3593/s1.
Here, we include the details on the column experiments’ design and setup (Figure S1). Further information on
bacterial production (BP) and bacterial abundance (BA) analyses, i.e., flow cytometry and SEM (Figures S2 and
S3), is also provided.
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