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Abstract

:

Nanofluidics, a discipline of science and engineering of fluids confined to structures at the 1–1000 nm scale, has experienced significant growth over the past decade. Nanofluidics have offered fascinating platforms for chemical and biological analyses by exploiting the unique characteristics of liquids and molecules confined in nanospaces; however, the difficulty to detect molecules in extremely small spaces hampers the practical applications of nanofluidic devices. Laser-induced fluorescence microscopy with single-molecule sensitivity has been so far a major detection method in nanofluidics, but issues arising from labeling and photobleaching limit its application. Recently, numerous label-free detection methods have been developed to identify and determine the number of molecules, as well as provide chemical, conformational, and kinetic information of molecules. This review focuses on label-free detection techniques designed for nanofluidics; these techniques are divided into two groups: optical and electrical/electrochemical detection methods. In this review, we discuss on the developed nanofluidic device architectures, elucidate the mechanisms by which the utilization of nanofluidics in manipulating molecules and controlling light–matter interactions enhances the capabilities of biological and chemical analyses, and highlight new research directions in the field of detections in nanofluidics.
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1. Introduction


Over the past three decades, microfluidics and the integrated micro chemical systems on a chip have had a great impact on chemical analysis, synthesis, biosciences, and technologies [1,2,3]. Nanofluidics, the study of the behavior, manipulation, and control of fluids typically confined in structures of 1–1000 nm scale, currently attracts considerable attention for the development of new functionalities and applications. In nanofluidics, certain effects are expected to become significantly dominant due to the size reduction, such as laminar flow, diffusion, surface area to volume ratio, or surface tension. Nanofluidics is much more than the scaling down of microfluidics, because fluids on this size scale exhibit specific characteristics that are not observed on the microscale or in bulk. For example, water confined in nanospaces has unusual structural and dynamical properties such as higher viscosity, lower dielectric constant and refractive index, or higher proton mobility, compared to those in bulk [4]. Other confinement-induced effects are observed in terms of hydrodynamic flow, conductivity, and ionic transport. Furthermore, several ion transport phenomena that are absent or negligible in large microchannels become dominant in nanochannels, such as the localized enhancement of the electric field, the overlap of the electric double layer (EDL) that results in the ion selectivity [5].



Advances in nanofabrication and fluidic control techniques have stimulated the emergence of nanofluidic devices in bioanalyses. Various nanofluidic device configurations, including nanocavities, nanogaps, nanopores, nanopipettes, and nanoporous membranes, have been developed for bioanalysis purposes. For example, the physical confinement and denaturation of DNA molecules in nanofluidic channels has enabled the engineering of single DNA molecules [6]. Optical mapping of specific regions of interest was realized by exploiting the elongation of DNA molecules in nanofluidic channels [7,8,9]. Compared to conventional methods such as restriction mapping, optical mapping offers high-throughput analysis without enzymatic processing. The separation of DNA and large biomolecules using nanofluidics is also a topic of interest. A periodic structure of deep microfluidic and shallow nanofluidic channels was fabricated to create entropic traps for the size-dependent separation of DNA molecules [10], while an array of nanopillars was also used to separate long DNA molecules [11]. Utilizing the extremely large surface-to-volume ratio of the nanochannels, chromatographic separation was also implemented [12]. In addition, electrokinetic trapping at a micro/nanofluidic junction was conducted for the million-fold preconcentration of proteins and peptides [13]. Besides the novel functions originated from unique properties of fluids on nanoscale, confinement and localization of molecules in nanochannel also facilitate high-throughput single-molecule analyses as well as droplet and microwell techniques. For example, interactions and reactions of numerous biomolecules can be monitored without using confocal or total internal reflection microscopy [14].



The major obstacle that restricts the applications of nanofluidic devices in analyses is the difficulty in detection [15,16,17,18,19]. In general, the number of detected molecules in a nanofluidic channel is extremely limited. For example, when the concentration of an analyte is 1 μM, the number of analyte molecules in a 100 nm cube is 0.6 molecules. So far, the detection in nanofluidics mainly relies on the laser-induced fluorescence microscopy that offers single-molecule sensitivity. However, fluorescence involves a labeling process that causes various disadvantages including separation of unbound dyes, alteration of binding affinity or change in electrophoretic mobility, photobleaching or interference of fluorescence signals, and loss of quantitative response [20]. Moreover, the low labeling efficiency significantly impedes the detection of a single molecule or countable number of molecules in nanofluidic channels. Thus, there is an increasing demand for the development of label-free detections. Although the whole field of label-free detections is wide, beyond the scope of this review, state-of-the-art methods applicable or targeted to nanofluidics are summarized herein; these detection methods are mainly categorized into optical and electrical/electrochemical methods. The focus of this review is on the detection methods that not only enable in-situ and quantitative detection of molecules with high throughput, but also provide either chemical, conformational, or kinetic information of molecules. The nanofluidics-based manipulation of molecules and control of light–matter interactions to enhance the overall detection performance are particularly emphasized, and potential advances of label-free detections in nanofluidics toward biological and chemical analyses are discussed.




2. Optical Detection


In general, the detection of molecules in nanofluidic devices using conventional optical techniques is challenging, owning to their extremely short optical path lengths. For instance, the optical path length in a nanochannel is typically one millionth of that in a typical optical cell used in conventional absorbance measurements. One approach to detect the optical signals from a limited number of molecules in a nanofluidic channel is to realize background-free detection, in which no photon is detected by a photodetector or camera during the measurement of a blank sample. The background-free measurement is usually achieved by employing diffraction/scattering or differential interference contrast (DIC) techniques. Other major strategies involve the enhancement of light–matter interactions, which can be either temporal or spatial interactions, by using plasmonic and photonic structures.



2.1. Diffraction-Based Detection


Before the emergence of nanofluidics, many researchers have used nanochannel arrays as diffraction gratings. In particular, nanoimprinting lithography was widely conducted to develop polymer-based gratings, although most of the nanochannels in such gratings were not covered with top substrates. A nanofluidic grating, which is a sealed nanochannel array, was first reported in 2006 by Dumond et al. [21]. Later, Yasui et al. used the nanofluidic grating for determining the change in refractive index and for real-time monitoring of DNA amplification [22]. In their study, the diffraction efficiency for the diffracted light of the first order was monitored to detect the effective refractive index inside the nanochannels. Purr et al. prepared a device with asymmetric interdigitating arrangement of detection and reference nanochannels to directly calculate the refractive index [23]. This nanofluidic device could also be integrated into a smartphone-based biosensing system [24].




2.2. Scattering-Based Detection


Dark-field microscopy allows background-free sensitive detection of scattered photons from small particles [25]. Recently, interferometric detection of scattered light was reported and conducted for the single-molecule detection of non-labeled protein molecules [26]. This type of scattering-based label-free detection was also performed in nanochannels. For example, Mitra et al. used a heterodyne interferometer to detect viruses flowing through a nanochannel [27]. In addition, Faez et al. utilized a hollow-core optical fiber as a waveguide to introduce an incident beam, and photons scattered by metallic nanoparticles were detected in the dark field [28].




2.3. Plasmonic and Photonic Structure-Based Detection


Enhancement of light–matter interactions is a sophisticated technique to compensate for the reduced optical path lengths in nanofluidic devices. The spatial interaction between molecules and light, which apparently increases the optical path length, is improved in the total internal reflection or multiple reflection systems in wave-guided structures, cavities, photonic crystals, etc., while one can manipulate the temporal interactions of molecules and photons via plasmonic coupling in a plasmon resonant system. Plasmonics refers to a field in photonics involving the surface plasmon polaritons, which are the light-coupled coherent oscillations of free electrons at the interfaces of metals and dielectric materials. A plasmonic system can benefit from the inherent accumulation of optical field and energy, resulting in a significant enhancement of temporal interactions between light and molecules at a specific nanoscale space called the hot-spot [29,30]. The integration of plasmonic or photonic structures into a micro/nanofluidic channel to improve the detection performance has led to the emergence of optofluidics. The capacities of optofluidic devices have been further extended as combined with pretreatment processes such as chromatography and electrophoresis [31,32,33,34]. Optofluidic devices also enable novel optical functionalities such as optical forces to trap and manipulate particles or molecules [35,36].



Initially, plasmonic or photonic structures were typically embedded in microfluidic devices made of dimethylpolysiloxane (PDMS) and the microfluidic part was merely an additional accessory to introduce analyte molecules onto the sensing surfaces; this configuration was also referred to as “flow-over” apparatus. In such devices, the detection limits are often determined by the analyte (mass) transport limitations, rather than the detection capabilities of sensing structures. As a consequence, detection speed or the response time at low sample concentrations decreases significantly. Moreover, those “flow-over” devices suffer from the “dead sample volume” problem, because the detected volume, which is equivalent to the hot-spot volume, is much lower than the entire volume of microfluidic channel. Recently, the “flow-over” apparatus was replaced with a “flow-through” one by integrating plasmonic and photonic structures into physico-chemically well-controlled nanofluidic channels (i.e., optonanofluidic structure). In such systems, the nanofluidic channels represent the dielectric components of the photonic structures, thus maximizing the light–matter interactions while simultaneously leveraging the mass transport and overcoming the dead volume issue.



2.3.1. Refractive Index Sensing


Refractive index (RI) sensors detect a subtle change in RI due to the homogeneous presence of analytes or their adsorption onto the sensing surface. Because the signal scales with the analyte bulk concentration or surface density rather than with the total number of molecules, RI sensing is less affected by the reduction of detection volumes in nanofluidic devices. Various nanofluidic device configurations using photonic structures, including nanohole-array-based photonic crystals (PhCs), plasmonic nanoholes as well as Fabry–Pérot (FP) cavities that exploit the simultaneous confinement of photon energy and molecules within a nanochannel, were found to be applicable for RI sensing and related practical applications. For example, Altug et al. employed a suspended membrane of PhC nanoholes (~102 nm in diameter) integrated in a fluidic device for RI sensing purpose, as shown in Figure 1a [37]. The arrangement of inlets and outlets generates a convective flow through the PhC nanoholes, which directly introduces analytes into the active sensing sites of PhC to overcome the mass transport limitations. The same approach was demonstrated by employing plasmonic nanohole structures [38,39,40]. These configurations enable the rapid transport of target molecules to the hot-spots that significantly improves the analysis time, as shown in the sensor responses of the “flow-through” and “flow-over” schemes in Figure 1b. At least one order of magnitude improvement in mass transport and a detection limit of 10−7 RIU or pg mm−2 was confirmed. These devices were used in applications such as biorecognition binding and detection of a wide range of analytes—from protein molecules of several nanometers to viral particles of hundreds of nanometers. They are also promising for monitoring entire sample volume to enable “whole body” detection, which is particularly essential for single-cell analysis [41].



Another approach is utilizing the FP cavity to enhance the spatial light–matter interaction [42,43]. As illustrated in Figure 1c, a device consists of a micrometer-scale capillary with many built-in nanoholes (101–102 nm in diameter) placed between two reflectors, forming a FP cavity. The analytes binding to the internal surface of nanoholes are detected as a function of changes in the resonant wavelengths of the FP cavity. Note that the observed resonance cannot be attributed to the photonic bandgap effect resulting from the orderly arranged nanoholes but arises due to the intrinsic resonance of the cavity. The device exhibits a very high Q-factor and its “flow-through” configuration has contributed to the improvement of detection limit, compared to conventional FP cavity.




2.3.2. Vibrational Spectroscopy


Vibrational spectroscopies, including IR absorption and Raman spectroscopies, are one of the most effective biochemical analysis methods, as they provide essential information on the chemical bonds and molecular structures in a label-free and non-invasive fashion. They are also useful in tracing subtle changes in the conformational structures of biomolecules in response to the surrounding environment or probing the kinetics of a chemical event. Raman and IR absorption spectroscopies are sensitive to different types of vibrational modes and provide complementary information about molecules. The former is sensitive to vibrations that alter polarizability, while the latter is sensitive to the ones that alter dipole moment. Even in a microfluidic device, the detection by Raman and IR absorption spectroscopies is challenging compared to UV/vis absorption or fluorescence emission spectroscopy, because Raman scattering and IR absorption are extremely weak processes. For example, only one in 10 million photons is Raman scattered [44]. Plasmon resonance on a thin film or nanoparticles and nanostructures of noble metals can significantly enhance the Raman signals (surface-enhanced Raman spectroscopy, SERS) of molecules by several orders of magnitude (1010 to 1014) through electromagnetic field enhancements [45]. Similar effects were also observed in IR absorption (surface-enhanced infrared absorption spectroscopy, SEIRA) [46,47]. These effects, however, are only observed when molecules are located in the vicinity of the hot-spots of the plasmon resonators; thus, positioning of target molecules exactly at the hot-spots is crucial to effectively utilize the plasmonic–molecular coupling. Despite recent efforts in this field, most of the studies focused on either engineering or tailoring the plasmonic structures, while molecules were randomly adsorbed or flowed over the sensing surfaces. In such cases, the small spatial overlapping of hot spots and molecules reduces sensitivity and reproducibility, thereby impeding the quantitative analysis.



Surface-Enhanced Raman Spectroscopy (SERS)


The efficiency of “flow-though” nanofluidic devices in improving the mass transport were confirmed for SERS. Oh et al. demonstrated a “flow-through SERS” device by using a suspended plasmonic nanohole array; they obtained a signal 50 times stronger compared to that achieved by using the “flow-over” device [48]. Similar “flow-through” configurations employing porous anodic aluminum oxide (AAO) [49] or opal photonic crystal capillaries decorated with metallic nanoparticles are also promising platforms for performing “flow-through SERS” [50].



Another strategy to overcome the low sensitivity and low reproducibility of SERS is to employ a micro/nanochannel interface to exclusively preconcentrate the target molecules. Figure 2a shows a pinched and step microchannel–nanochannel junction that enables size-dependent trapping of gold colloid particles, creating gold nanoparticle clusters of high density. In a similar fashion, the capillary flow delivers the target molecules through the interstices among the clusters, increasing the concentration of the target molecule at the SERS hot-spots. This device configuration was implemented in various applications including diagnosis and understanding of Alzheimer’s disease by tracing the conformational transition of β-amyloid peptide [51,52]. In another attempt to decrease the “dead volume”, colloidal nanoparticles of ~100 nm in diameter were linearly arranged in the nanochannels by a self-assembly process. This configuration not only ensures that all analyte molecules flow through the hot spots of the nanoparticles but also enables a significant Raman enhancement by matching the polarization direction of the incident light to the alignment direction of particles [53].



In the “flow-through” SERS, molecules pass the detection point so rapidly that the collected SERS signals are not sufficient for single-molecule analysis. By employing a single nanopore [54] or nanoslit [55] that allows the electrokinetic capture (i.e., electroplasmonic trapping effect) to increase the residual time of target molecules within the hot-spots, as illustrated in Figure 2b, it is possible to trace the spectroscopic fingerprinting of a single DNA molecule. The device has also been applied in detection of all four DNA bases in a single DNA molecule, as well as in identification of single nucleobases in a single oligonucleotide. The above-mentioned results indicate the capability of nanofluidics in manipulating single molecules, as well as the light–matter interactions for single-molecule detection [54,55].



The enhancement factor in SERS can also be improved by coupling plasmon resonances with whispering-gallery resonances. Y. Mei and coworkers prepared a specific nanofluidic channel created by a strain-engineered self-rolling process [56]. Rolling and self-assembly of Ag NPs were achieved by a thermal annealing process that releases a strained SiO/TiO2/Ag thin films from a sacrificial polymer layer to form a rolled-up nanotube while simultaneously triggering the self-assembly of the Ag NPs, as described in Figure 2c. The sample was introduced into the nanocavity by capillary force. The cavity supports the coupling of plasmon and whispering-gallery resonances, which results in an additional enhancement of Raman scattering signals on the order of 105, compared to that achieved by non-resonant flat SERS substrates.




Surface-Enhanced Infrared Absorption Spectroscopy (SEIRA)


Similar to SERS, SEIRA involves the coupling of photon and vibrational modes of molecules when they are located in the hot-spots of a propagating or localized surface plasmon polariton. The emergence of metamaterials, which are artificial materials composed of metallodielectric nanostructures, has allowed a new degree of freedom to engineer hot-spots in order to improve the enhancement factor in SEIRA. Many micro/nanofluidic devices integrated with metamaterials were demonstrated for in-situ probing of biomolecule interactions through SEIRA [57,58,59]. SEIRA provides spectroscopic information complementary to SERS, and its signals are usually stronger than those in SERS; however, the difficulty in fabricating IR-compatible device limits its application in micro/nanofluidics. For IR measurement, the device should transmit IR light, or at least possess an IR transparent window. In addition, the device should achieve a good transmission signal of the probed species regardless of the solvent absorption, especially water. Thus, instead of commonly used substrate materials such as SiO2 or PDMS, materials transparent to IR light, including calcium fluoride (CaF2), sapphire, zinc selenide, or silicon should be considered. In such a case, issues related to sealing and bonding still exist.



By developing a robust bonding technique for SiO2–SiO2 or SiO2–CaF2 at room temperature, Le et al. realized a sophisticated nanofluidic device integrated with metamaterials (i.e., plasmonics–nanofluidics hybrid device) and used it for conducting SEIRA [60]. As shown in Figure 3a, the device comprises an Au mirror and an array of periodic Au nanostructures separated by a nanofluidic channel. The nanogap g between the Au nanostructures and Au mirror is controlled at several tens of nanometers (10–100 nm). The device exhibits a strong plasmon resonant mode in the mid-IR regime, which originates from the antiparallel currents excited on Au nanostructure and Au mirror, forming a quadrupole mode. This quadrupole mode is non-radiative one, thus very small amount of light is reflected back. Since the mirror layer blocks all the transmitted light, the combination of nearly-zero reflectance (R) and transmittance (T) results in a perfect absorption of light. This structure is well-known as metal-insulator-metal (MIM) or perfect absorber metamaterial. The numerical calculation reveals that at resonance, hot-spots accumulate within the nanogaps, as shown in electric field profile in Figure 3b. This unique configuration enables a “flow-through” apparatus, in which target analytes are introduced into the hot-spots of metamaterials by fluidic operation. It is in contrast with the “adsorb-on” scheme in previous reports using MIM metamaterial, where target molecules were adsorbed on-top of MIM structures. When molecules whose vibrational absorption overlaps with the resonant mode of the plasmonic structure are introduced into the gap, their vibrational modes couple with this plasmon resonance, resulting in the destruction of the above-mentioned quadrupole mode. The molecular vibrational modes are consequently observed as peaks in the reflectance dip of the original plasmon mode. For example, Figure 3c shows the spectrum of device when it is filled with C18H38 solution (in CCl4), and three stretching modes of C–H are clearly observed. This device recorded a sensitivity enhancement of up to two orders of magnitude compared to the state-of-the-art MIM metamaterial-based SEIRA. This result verified that the controllable delivery of molecules into hot-spots facilitated the plasmonic–molecular coupling, and thus increased the sensitivity. This device not only considerably improves sensitivity but also addresses some critical issues in SEIRA including those related to quantitative measurement and measurement in absorptive solvents such as water.



The spatial localization of plasmon fields within the gap as explained in Figure 3b suggests that it is promising to use this device to characterize the molecular structures of water confined in the nanogap. Le et al. has modified the device to measure the IR absorption spectra and elucidated the molecular structures of water confined in 10–100 nm gap [61]. The device was purposefully designed so that its plasmon resonance spectrally overlapped with the O–H stretching band of H2O at 3000–3600 cm−1. The absorption spectrum of water confined in a ~10 nm gap shown in Figure 3d reveals a large ratio of the low-wavenumber components (∼3200 cm−1) (i.e., network water) with respect to the component at ∼3400 cm−1 (i.e., liquid-water), indicating the presence of a stronger H-bond network in nanoconfined water compared to that in bulk water. They also tuned the sizes and the interfacial properties of nanogaps by physical and chemical modifications to further elucidate this effect. The results revealed subtle differences in the spectra with decreasing gap sizes, revealing the scaling behavior of confined water in 10–100 nm gaps. It should be noticed from their results that these properties are not impacted by the interactions with the interfaces, but the constrained geometry itself promotes the intermolecular interactions of water and strengthens the H-bond network.



Further exploiting the unique characteristics of the hot-spots in their devices, they also measured the out-of-plane refractive index (   n ⊥   ; i.e., the direction perpendicular to the confining walls) of water confined in 10–100 nm gaps, as the plasmon resonant wavelength shifts [62]. The results in Figure 3e clearly show a statistically significant difference in    n ⊥    values in devices of different gap sizes and interfacial properties. In hydrophilic gaps,    n ⊥    gradually decreases with small gap g; it reaches an intermediate value between that of bulk water and hexagonal ice in a gap of ~10 nm, while it recovers the bulk value in a gap of close to 80 nm. In a 10 nm cavity of hydrophobic interfaces, RI exhibits an anomalously low value. Not only is it much lower than that of hydrophilic interfaces of the same gap, but even lower than that of hexagonal ice. Employing RI as a sensing probe, they also observed the anomalous stability of water structures over a wide range of temperature, which is also explained by the strengthened H-bonds. These plasmonics–nanofluidics hybrid devices pave a new methodology of using plasmon resonance to characterize nanoconfined molecules and nanoconfined chemical reactions, and thus provide fundamental insight into the confinement effects.






2.4. Photothermal Detection


Photothermal detection is one of the methods to sensitively measure the absorbance of an analyte. The detection method was originally reported as thermal lens calorimetry [63] and developed as thermal lens microscopy for microfluidic chips [64]. The principle of photothermal detection is based on optical absorption and subsequent nonradiative (thermal) relaxation process of analyte molecules. The photothermal conversion of energy is mainly detected through a change in refractive index of the medium. Refractive indices of most liquids decrease with rising temperature. Therefore, when an excitation beam, which is absorbed by the analyte molecules, is a focused Gaussian beam, the distribution of refractive index is equivalent to a concave lens. This is called as a thermal lens effect and refraction or deflection by the thermal lens is detected by using a probe beam.



Nevertheless, the principle based on refraction by the thermal lens was difficult to apply to nanochannels because the thermal lens induced in the nanochannel is smaller than the wavelength of light. Hence, a novel principle which is different from geometrical optics such as refraction and deflection is required. Photothermal detection in nanochannels was first realized by introducing the principle of DIC by Shimizu et al. [65]. In the principle of photothermal optical phase shift (POPS) detection, as shown in Figure 4a, a probe beam is separated into two beams and interferes in the detection of the photothermal phase contrast induced by an excitation beam. Here, the intensity of the probe beam is zero when no photothermal effect is induced in the nanochannel, which enables background-free detection. Moreover, the principle is based on interference which can be effective in a nanospace smaller than the wavelength. Thus, both background-free detection and wave optics are significant advantages in detection in nanochannel. The targets of POPS detection are all molecules which have optical absorption in UV/vis range. For example, ~30 protein molecules were detected by the UV-POPS detector as shown in Figure 3b [66].



However, the dissipation of thermal energy from the liquid sample to the nanochannel wall decreases the photothermal sensitivity in nanochannels. In some cases, the cancellation of the changes in refractive indices becomes another problem because the temperature-gradients of refractive indices (dn/dT) of water and silica are −9.1 × 10−5 and 9.8 × 10−6 K−1, respectively (at 20 °C). Therefore, the sensitive measurement using POPS in less than 500 nm deep channel was difficult. Le et al. tried to solve these problems by modifying the nanochannel wall with TiO2 which have a negative dn/dT [67]. Because the dn/dT of TiO2 in the rutile phase is −3.0 to −1.8 × 10−4 K−1, the temperature increase of TiO2 enhances the POPS signal. The enhancement of the POPS signal in 50 nm deep TiO2 channel was considerably effective, while the POPS signal was not detected in the SiO2 channel with the same depth. Another approach to the smaller nanochannel using photothermal optical diffraction (POD) was conducted by Tsuyama et al. [68]. In the POD experiment, the probe beam was irradiated to a single nanochannel to observe a diffracted light. Here, the intensity of the diffracted light depends on the difference of refractive indices of the sample solution and silica. Next, when the excitation beam was irradiated to the same nanochannel to induce the photothermal effect, the difference of refractive indices increases because the dn/dT of water and silica are negative and positive, respectively. Then, the intensity change of the diffracted light is observed as a POD signal. The POD detection showed higher sensitivities for ~300 nm deep channels.



As well as scattering-based and plasmonic detection, the use of hollow-core optical fiber is an effective approach for photothermal spectroscopy to deliver and couple light and molecules. Although liquid-phase photothermal measurements were not implemented in hollow-core optical fibers as far as the authors know, Zhao et al. reported ultrasensitive gas sensing based on the mode-phase difference [69].





3. Electrical/Electrochemical Detection


Electrical detection methods are also effective for label-free detection. However, considering the small size of a nanochannel, electrical detection will be difficult because of the large impedance of the liquid in the nanochannel (GΩ~TΩ). In addition, extremely small current signals (at the picoampere-to-femtoampere scale) will be required to detect molecules with countable molecule levels confined in nanochannels. In this section, the detection of the liquid itself in the nanochannel and the detection of molecules with countable molecule levels were presented.



3.1. Detection Based on Conductivity Measurement


The most famous method for conductivity-based detection is resistive pulse sensing using nanopores. In this method, conductivity change when a molecule flow through the nanopore is detected by a change of electric current. Regarding this method, numerous papers were reported and summarized in the previous reviews in these 15 years [70,71,72,73,74,75,76]. In this section, some prominent works are selected from the recent reports and introduced briefly. Waduge et al. detected a protein using a nanopore with a diameter of 4.5 nm and discriminated different structures of a protein due to its conformational change [77]. Lin et al. detected a lysozyme using a nanopore with a diameter of 21 ± 4 nm [78]. In this report, the conductivity change of DNA aptamer-functionalized Au nanoparticles (NPs) due to binding of lysozymes was detected. Ohshiro et al. performed single DNA sequencing using gold electrodes which have a 0.75 nm gap [79]. In this report, sequencing of DNAs including two types of base sequences was realized by conductance measurements of a single DNA molecule and their abundance ratio in the solution was determined by counting the number of the molecules. Heerema et al. detected translocation of a DNA using a nanopore with a diameter of 5 nm located in the center of a 30 nm × 30 nm graphene nanoribbon [80]. In this report, the nanopore on the graphene nanoribbon allowed a measurement of resistive modulations using the in-plane current due to the DNA translocation. Giamblanco et al. detected aggregated proteins using a nanopore with a diameter of 20.7 ± 0.7 nm [81]. In this report, the current signal was detected when the aggregated proteins transited the nanopore with preventing aggregation on the nanopore surface and nanopore clogging.



As well as the nanopores, the development of the fabrication technologies of nanochannels also realized conductivity-based sensing in a nanochannel. Utilizing top-down fabrication techniques such as lithography, sputtering, etching, and bonding, complicated channel shapes were fabricated and even nanoelectrodes were integrated into the nanochannels. The electrical conductivity of liquid in nanochannels (width: 50 μm and depth: 70, 180, 380, 590, and 1015 nm) was measured for the first time by Stein et al. [82]. The conductivity of liquid in nanogaps (width: 56–815 nm and depth: 100 nm) and nanopores (diameter: 140, 160, 250, 430, and 520 nm) were also measured by other groups [83,84]. In their results, the measured conductivity corresponded to the conductivity of bulk liquid in the mM concentration area; however, in the μM concentration area, the effect of the surface charge on the nanochannel was revealed. In addition, in such a surface-governed space, the effect of the electric double layer (EDL) near the nanochannel surface on the nanoscale space is not negligible. The thickness of the EDL is given by a Debye length which depends on the ionic strength of the liquid phase. The Debye length for the mM concentration is 1–10 nm, while the Debye length for the μM concentration is 10–300 nm. In the μM concentration area in their experimental conditions, the thickness of EDL exceeded the channel/pore size, which is called an EDL overlap. Because conductivity of the EDL is usually larger than that of the bulk liquid, the conductivities measured in the nanochannels and nanopores were larger than that of bulk liquid. Using the surface-governed property, surface sensors for the nanochannels were developed. For example, Karnik et al. (width: 10 μm and depth: 30 nm) and Schoch et al. (width: 5.5 μm and depth: 50 nm) measured the conductivity change due to the biotin–streptavidin reaction on the nanochannel surfaces [85,86]. Using the same principle, Durand et al. detected protein adsorption on the nanochannel surface [87]. They measured the conductivity change in the nanochannel (width: 2.5 mm and depth: 50 nm) due to the adsorption of bovine serum albumin. Hsueh et al. detected a biomarker with the range from 100 pg/mL to 10 μg/mL using a nanogap [88]. They measured the capacitance change of the nanogap (width: 200 nm and depth: 20 nm) due to the binding of cardiac troponin T (cTnT) on the surface. Liao et al. detected a microRNA with the range from 1 fM to 1 nM on the nanochannel surface [89]. Using a conical nanochannel which has diameters of 1.1 μm and 51 nm, the conductivity change due to hybridization of microRNAs on the nanochannel surface was measured. Duan et al. detected an enzyme reaction on the nanochannel surface as shown in Figure 5a [90]. They used a nanochannel (width: 2 μm and depth: 52 nm) and measured the conductivity change owing to enzymatic reaction by Trypsin with the range from 5 ng/mL to 50 μg/mL. For applications using an overlapped electric double layer in nanochannels, ion concentration effects induced by nanochannels that functioned as ion-selective channels were reported. Kim et al. (depth: 40 nm) [91], Chang et al. (width: 100 μm and depth: 60 nm) [92], Huang et al. (width: 100 μm and depth: 100 nm) [93], and Ahmed et al. (diameter: 70 nm) [94] determined the concentration of typical ions. Furthermore, expanding the principle of the ion concentration, ion rectification devices were developed by combining patterning of different surface charges in a nanochannel (width: 4 μm and depth: 30 nm) [95], nanopore (diameter: 10–30 nm at the small opening and 250–300 nm at the large opening) [96], or nanofunnel (width: 80 nm and depth: 120 nm at the small opening and width: 1 μm and depth: 120 nm at the large opening) [97]. Applying in-situ voltage to electrodes fabricated in a nanochannel (width: 22 and 33 μm and depth: 20 nm), Guan et al. also developed an ionic diode device [98]. Eberle et al. controlled the macromolecular motion in a nanochannel (width: 500 nm and depth: 200 nm) by the valve of electric potentials [99]. Another approach to detect conductivity changes is to vary the micro/nanochannel interface shape, whereas Lin et al. detected differences in electrical resistance before and after connecting a living single cell and a nanochannel (width: 900 nm and depth: 900 nm) by lipid fusion which is well known as patch clump method [100,101]. The number of molecules were detected by determining the changes in conductivity as the analyte passes through the nanochannel. Peng et al. (width: 1.1 μm and depth: 920 nm) detected DNA [102], Harms et al. (width: 50 nm and depth: 50 nm) [103] and Kondylis et al. (width: 100 nm and depth: 100 nm) [104] detected viruses in nanochannels, and Yasaki et al. (width: 2.2 μm and depth: 3.7 μm) detected bacterial cells in a microchannel [105]. In their methods, advanced analyses were achieved by integrating the pore structures in micro/nanochannels which were fabricated by top-down methods. These approaches may accelerate the integration of detection based on resistive pulse sensing with other analytical procedures such as pretreatment and separation in an advanced micro/nanochannel network.




3.2. Detection Based on Electrokinetic Phenomena


In a charged nanochannel, an EDL is formed near the surface. When an electric potential is applied to the nanochannel, liquid flow is induced because of an osmosis of ions. This flow is called electro-osmotic flow (EOF) and is mainly detected by monitoring fluorescent probes [106,107]. In the recent reports by Li’s group (width: 183 ± 11 nm and depth: 42 ± 6 nm), EOF was detected by monitoring current, which is considered as a label-free method [108]. They also detected EOF in a DNA-modified nanochannel (width: 87 nm and depth: 50 nm, width: 265 nm and depth: 104 nm, width: 865 nm and depth: 650 nm, and width: 2.5 μm and depth: 2.5 μm, respectively) [109]. In contrast to EOF, when a pressure is applied to liquid in a nanochannel, the pressure-driven flow of ions induces an electric potential/current; this is called a streaming potential/current. In this method, electric signals depend on the flow rate of the liquid and zeta potential of the nanochannel surface. van der Heyden et al. measured the streaming potential/current in a nanochannel (width: 50 μm and depth: 70 nm, 140 nm, 279 nm, 563 nm, and 1047 nm) and the charge density of the nanochannel surface and energy conversion efficiency were determined [110,111,112]. Morikawa et al. measured the streaming potentials/currents in square nanochannels (width: 380 nm and depth: 350 nm, width: 610 nm and depth: 560 nm, width: 1200 nm and depth: 950 nm, and width: 1580 nm and depth: 1730 nm, respectively) [113]. The detected steaming current signal was pico-ampere order due to the extremely low flow rate (pico-liter per minute order) in the square nanochannels. In addition, they reported unique liquid properties in the nanospaces such as enhanced disassociation of chemical surface groups and lower dielectric constants compared to bulk liquid [114,115]. Xu et al. also detected streaming currents in a nanochannel (width: 724 nm and depth: 292 nm) using nano-electrodes integrated in a nanofluidic device [116]. Siria et al. measured the streaming and osmotic currents in single nanotubes (diameter: 15 nm, 22 nm, 29 nm, 49 nm) and discussed the osmotic energy conversions [117]. In this way, liquid motion and its properties can be detected using electrokinetic phenomena.




3.3. Electrochemical Detection


One of the major issues in detecting electrochemical reactions in nanochannels is the integration of electrodes into the nanochannels. Particularly, the precise fabrication of the nanochannel and nano-electrode is required as well as their precise arrangement. Lemay’s group detected redox-active molecules at pM level in a nanochannel (width: 1.5 μm and depth: 70 nm) by measuring femtoampere-scale current signals [118,119]. Their method was also applied to a bionanofluidic sensor using a nanochannel (width: 3 μm and depth: 200 nm) in a different reaction scheme [120]. In addition, the time of flight between two electrochemical reactions in each electrode was measured, and their method further applied to a flow meter with picoliter-per-minute level in a nanochannel (width: 5 μm and depth: 130 nm) [121]. Among other groups, Sanghavi et al. performed immunoassays in the nanochannel (width: 30 μm and depth: 200 nm) and determined the electrochemical reaction [122]. Although reports of electrochemical detection in nanochannels are limited because of the challenging fabrication requirements, more effective label-free detection tools can be developed by improving the fabrication methods.





4. Outlook


Advances in nanofabrication and bonding techniques over the past decade have triggered the development of nanofluidics, and nanofluidic devices have been widely applied in various chemical and biological analyses. Detection techniques, particularly the label-free ones have contributed much to this growth, but they are still facing considerable challenges. Table 1 summarizes and categorizes all detection methods mentioned in this review in terms of target molecules and device configurations. In the next decade, analytical tools based on nanofluidics will surely advance in biochemical and biomedical research. Nanofluidic devices also provide a new platform for diagnosis and sensing that will be potentially commercialized and accepted by end users. Several research directions regarding label-free detections in nanofluidics can be envisioned; those could either facilitate the discovery of novel functionalities of nanofluidic analytical device or explore fundamental phenomena in nanofluidics.



4.1. Exploring Fundamental Phenomena in Nanofluidics


Many fundamental phenomena in nanofluidics, such as flow dynamics, slipping, and electrokinetic effects still need to be investigated [123]. The challenges to understand these phenomena include difficulty in imaging or visualizing fluidic flow at nanometer-scale spatial resolution. Several imaging techniques with excellent resolution using nanoparticles as tracers have been developed [124,125]; yet the observed results do not purely reflect the flow dynamics because of the large electrokinetic and entropic effects of nanoparticles. Developing new techniques such as imaging without tracers or conducting comprehensive studies using imaging and electrochemical methods are required to discover the dynamics of a nanofluidic flow. Despite extensive studies on distinctive properties of liquids confined in nanospaces, the underlying mechanism and the significance of the length-scale involved in the confinement effects are still subjects of controversy. In this light, spectroscopic methods are highly desired for in-situ probing the molecular structures and the kinetics of nanoconfined molecules or nanoconfined chemical reactions in their intact condition. The knowledge achieved will provide valuable insights into nanoconfinement effects, as well as promote the implementation of those effects into nanofluidic analytical devices.




4.2. Single Cell Analysis and Single-Cell Omics


Single-cell analysis, and single-cell omics in particular, increasingly gained attention due to the recognition of cell heterogeneity in cell biology [126,127]. Nanofluidic devices offer fascinating platforms to analyze complex biological systems at the single-cell level, because they allow the processing of sample volumes at the scale from attoliters to femtoliters, which is much smaller than the volume of a single cell (picoliters). In the near future, the integration of entire analytical processes including sample separation, purification, preconcentration, and multiple detection methods into a single nanofluidic device will enable a new single-cell molecular profiling system. Especially, a multimodal profiling platform is highly desired to build a comprehensive molecular perspective of the cell. Aside from detections, many techniques such as fluidic control, integration and functionalization of nanofluidic systems must be realized in order to achieve the goal of single-cell omics; nevertheless, nanofluidics would undoubtedly be an important direction in single-cell analysis.




4.3. Fully Integrated Diagnosis and Sensing Systems


The adaptation and integration of sample separation, purification, and preconcentration techniques such as of chromatography, electrophoresis, or photophoresis into a nanofluidic chip will significantly enhance the performance and broaden the capabilities of nanofluidics-based analytical devices [128]. Such automated and high-throughput analytical devices have the potential to replace conventional bulky, expensive, and manpower- and time-consuming ones. Furthermore, in the near future, the miniaturization of light sources, detectors, and signal read-out components may facilitate a comprehensive integration of entire analytical processes to provide a compact and portable analytical device for use in remote or resource-limited locations [129].
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Figure 1. Nanofluidic devices using photonic structures for RI sensing: (a) nanohole array with “flow-through” scheme (adapted with permission from [37]. Copyright 2009 Optical Society of America), (b) the response time of sensors using plasmonic nanohole arrays with “flow-through” (green markers) and “flow-over” (blue markers) schemes showing a significant improvement in the response time of sensors in “flow-through” devices (adapted with permission from [38]. Copyright 2009 American Chemical Society), and (c) nanohole arrays integrated in a Fabry–Pérot (FP) cavity (adapted with permission from [42]. Copyright 2011 American Institute of Physics). 
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Figure 2. Nanofluidic devices for SERS: (a) device exploiting the localization of nanoparticles and preconcentration of target molecules at micro/nanochannel junction (adapted with permission from [51]. Copyright 2011 American Chemical Society), (b) electrokinetic capture of a single molecule at a nanopore to increase its residual time (adapted with permission from [55]. Copyright 2019 Springer Nature), and (c) self-rolled nanotube integrated with Ag NPs supporting the coupling of whispering-gallery resonances and surface plasmon generated on Ag NPs that improves the enhancement factor in SERS. The scale bar in the right image is 3 μm (adapted with permission from [56]. Copyright 2015 Springer Nature). 
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Figure 3. (a) Plasmonics-nanofluidics hybrid device consisting of an Au mirror and an array of periodic Au nanostructures separated by a nanofluidic channel, (b) the numerical calculation result of electric field profile |E| indicating the accumulation of light energy inside the nanogap as hot-spots, (c) vibrational modes of target molecules detected as peaks in the reflectance dip of the original plasmon resonance (adapted with permission from [60]. Copyright 2017 American Chemical Society), (d) vibrational absorption of water confined in a 10 nm gap (adapted with permission from [61]. Copyright 2018 American Chemical Society), and (e) Out-of-plane refractive index    n ⊥    of water confined in 10–100 nm gaps (adapted with permission from [62]. Copyright 2020 The Royal Society of Chemistry). 
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Figure 4. (a) Principle of photothermal optical phase shift (POPS). A probe beam (red) is separated by a differential interference contrast (DIC) prism and integrated by another DIC prism. An excitation beam (blue) is not separated and induces a photothermal effect (heat followed by a change in refractive index). The photothermal effect produces a phase shift for one of the probe beams and the phase shift is detected through an interference. (b) Detection of non-labeled bovine serum albumin by POPS. The limit of detection was 50 nM (30 molecules) (adapted with permission from [66]. Copyright 2020 The Royal Society of Chemistry). 
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Figure 5. Nanofluidic devices for electrical/electrochemical detection, (a) detection of conductivity on nanochannel surfaces during chemical reaction (adapted with permission from [90]. Copyright 2016 American Chemical Society), (b) detection of streaming current/potential induced by pressure-driven flow in a nanochannel (adapted with permission from [115]. Copyright 2015 American Chemical Society), and (c) detection of electrochemical reaction using electrodes integrated in a nanochannel. (adapted with permission from [120]. Copyright 2014 American Chemical Society). 
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Table 1. Summary of label-free detection methods applicable to nanofluidics.
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Targets

	
Liquid

	
Ion

	
Small Molecules

	
Large Molecules (DNA, Proteins, Peptides, etc.)

	
Nano-Particle

	
Virus

	
Bacteria




	
Methods

	






	
Optical

	
Diffraction

	

	

	

	
[22,23,24]

	

	

	




	
Scattering

	

	

	

	

	
[27]

	
[28]

	




	
Plasmonics

	
RI

	
[37]

	

	
[40]

	
[38,39,40,42]

	

	

	
[39]




	
SERS

	

	

	

	
[48,54,55]

	

	

	

	




	

	
[50,53]

	
[56]

	
[49,51,52]




	
SEIRA

	
[61,62]

	

	
[60]

	

	

	

	




	
Photothermal

	

	

	
[65,67,68]

	
[66]

	

	

	




	
Electrical

	
Conductivity

	

	
[84,96]

	

	
[77,78,79,80,81,89]

	

	
[103,104]

	
[105]




	
[82,83,91,92,93,94,95]

	
[85,86,87,88,90,99]




	
[97,98,100,101]

	
[102]




	
Electrokinetic

	
[108,109,110,111,112,113,114,115,116]

	
[117]

	

	

	

	

	

	

	




	
Electrochemical

	

	

	
[118,119,120,121]

	
[122]
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